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„ If you can’t explain it simply, you don’t understand it well enough “  
A. Einstein 



Summary 
Marine primary production accounts for half of the Earth’s carbon fixation and 
therefore has a significant impact on the global carbon cycle. However, although 
marine primary producers fix such a significant fraction of carbon, their biomass 
makes up only a small fraction of the total organic carbon pool. This is due to the 
extremely high turnover of phytoplankton and phytoplankton-derived organic matter 
within the oceans. This turnover is mediated by marine heterotrophic microorganisms 
(Bacteria and Archaea). Marine microorganisms therefore significantly affect the global 
carbon cycle.  
The objectives of this thesis were to investigate how the taxonomic and functional 
diversity of marine microorganisms affects the bacterially mediated carbon turnover in 
the Atlantic Ocean.  
In chapter 1 and 2 I developed methods which enable a shipboard high-throughput 
analysis of microbial diversity and abundance. These methods were developed to 
overcome the time delay between sampling and results and enable a comprehensive 
interpretation of the microbial community composition even in remote sampling sites.  
In chapter 3 I explored the biogeographical distribution patterns of the free-living 
(FL) and particle-associated (PA) bacterial communities across different provinces of 
the Atlantic Ocean. The FL and PA bacterial community compositions were more 
similar under copiotrophic condition and more dissimilar under oligotrophic 
conditions. I could associate these results to the relative age of the available particles 
as well as the availability of organic matter.  
In Chapter 4 I investigated alternative substrate uptake mechanisms in marine 
bacteria. Using fluorescently labelled polysaccharides (FLA-PS) and super-resolution 
structured illumination microscopy I could show that a significant fraction of marine 
bacteria use a “selfish” substrate utilisation mechanism. I combined this analysis with 
fluorescence in situ hybridization (FISH) to taxonomically identify the organisms as 
belonging to the Bacteroidetes, Planctomycetes and Gammaproteobacteria. The discovery of a 
widespread alternative substrate utilisation mechanism significantly affects our global 
estimates of carbon turnover by marine bacteria.  
Finally, in Chapter 5 I investigated the extracellular hydrolysis rates and bacterial 
community dynamics within fluorescently labelled polysaccharide incubations. These 
analyses lead to the identification of the dominant microorganisms associated with the 
hydrolysis of polysaccharides in the marine environment.  
The work done in this thesis has furthered our understanding of the activity and 
distribution patterns of bacterial polysaccharide utilisation mechanisms across the 
Atlantic Ocean. Additionally, the activity of the individual mechanisms could be 
associated with specific microbial groups, thereby linking the taxonomy and function 
of the dominant marine polysaccharide degrading organisms. This study will enable us 



to make better predictions of the impact which marine microorganisms have on global 
biogeochemical cycles. 
 



Zusammenfassung 
Die marine Primärproduktion macht die Hälfte der Kohlenstoff-Fixierung der Erde 
aus und hat daher einen erheblichen Einfluss auf den globalen Kohlenstoffkreislauf. 
Obwohl marine Primärproduzenten einen signifikanten Anteil an Kohlenstoff 
fixieren, ergibt ihre Biomasse nur einen Bruchteil des gesamten organischen 
Kohlenstoff-Pools aus. Dies ist auf den extrem hohen Umsatz von Phytoplankton 
und Phytoplankton-abgeleiteten organischen Stoffen innerhalb der Ozeane 
zurückzuführen. Der Abbau geschieht durch marine heterotrophe Mikroorganismen 
(Bacteria und Archaea). Marine Mikroorganismen beeinflussen daher den globalen 
Kohlenstoffkreislauf sehr stark. 
Ziel dieser Arbeit war es, zu untersuchen, wie sich die taxonomische und funktionelle 
Vielfalt mariner Mikroorganismen auf den bakteriellen Kohlenstoffumsatz im Atlantik 
auswirkt.  
In Kapitel 1 und 2 sind die zwei in Rahmen meiner Promotion neuentwickelten 
Methoden beschrieben, mit denen an Bord eines Forschungsschiffes die Analyse der 
mikrobiellen Vielfalt deutlich beschleunigt wurde. Diese Methoden wurden entwickelt, 
um die zeitliche Verzögerung zwischen der Probenentnahme und dem Vorliegen 
erster Zellzählungen bzw. erster Sequenzdaten so zu verkürzen, dass schon an Bord 
eine umfassende Interpretation der mikrobiellen Gemeinschaftszusammensetzung 
möglich ist. 
Kapitel 3 befasst sich mit den biogeographischen Verteilungsmustern der freilebender 
(FL) und Partikelassoziierter (PA) Bakteriengemeinschaften in verschiedenen 
Provinzen des Atlantischen Ozeans. Die Zusammensetzung der FL- und PA-
Bakteriengemeinschaft waren sich ähnlicher unter nährstoffreichen Bedingungen und 
sie waren unterschiedlicher bei Nährstoffarmut. Ich konnte diese Ergebnisse dem 
relativen Alter der verfügbaren Partikel und somit der Verfügbarkeit von organischen 
Stoffen zuordnen.  
In Kapitel 4 untersuchte ich alternative Substrataufnahmemechanismen von marinen 
Bakterien. Mit fluoreszenzmarkierten Polysacchariden (FLA-PS) konnte ich zeigen, 
dass ein signifikanter Anteil der marinen Bakterien eine "egoistische" Strategie der 
Substrataufnahme verwenden. Durch eine Kombination dieser Analyse mit der 
Fluoreszenz-in-situ-Hybridisierung (FISH) konnten die entsprechenden 
Mikrorganismen positiv als Bacteroidetes, Planctomycetes und Gammaproteobacteria 
identifiziert werden. Die Entdeckung dieses alternativen Mechanismus der 
Polysaccharidverwertung hat weitreichende Auswirkungen für das Verständnis der 
Rolle der marinen Bakterien im globalen Kohlenstoffkreislauf.  
In Kapitel 5 werden extrazelluläre Hydrolyse-Raten von fluoreszenzmarkierten 
Polysacchariden in Inkubationsversuchen mit Veränderungen in der 
Bakteriengemeinschaftsdynamik korreliert. Diese Analyse führte zur Identifizierung 
der dominanten Mikroorganismen, die mit der extrazellulären Hydrolyse von 
Polysacchariden in diesen Inkubationen verbunden sind. 



Diese Doktorarbeit trägt damit dazu bei, die Aktivitäten von marinen 
Mikroorganismen bei der Polysaccharidverwertung und ihre Verteilungsmuster im 
Atlantischen Ozean besser zu verstehen. Zusätzlich konnten der bekannte, auf 
Exoenzyme beruhende Mechanismus und der alternative „egoistische“ Mechanismus 
mit spezifischen mikrobiellen Gruppen assoziiert werden. Die vorliegende 
Doktorarbeit trägt damit dazu bei, die Rolle mariner Mikroorganismen im globalen 
Kohlenstoffkreislauf besser zu verstehen. 
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CARD–FISH – Catalysed reporter 
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OTU – operational taxonomic unit 
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PA – particle associated 
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POC – particulate organic carbon  
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depth of focus 
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RT – room temperature 
SDS – sodium dodecyl sulphate 
SPG – South Pacific Gyre 
SR-SIM – super resolution structured 
illumination microscopy 
S. Gyre – Southern Gyre 
S. Gyre (S) – Southern Gyre (south) 
S. Gyre (N) – Southern Gyre (north) 
S. Temperate – Southern Temperate 
TCC – total cell counts 
 



Introduction 

The Global Carbon Cycle  
The carbon cycle is one of Earth’s most important elemental cycles because carbon is 
a fundamental molecule which supports all known life on Earth. The carbon cycle 
describes the sources, sinks, and fluxes (movement) of carbon between its different 
reservoirs: the oceans, the atmosphere, the terrestrial biosphere (land plants, animals 
and soils) and the lithosphere (rocks) (Ciais et al 2013). We study the cycling 
(turnover) of carbon between its reservoirs because the amount of atmospheric 
carbon affects our climate and therefore our way of life (Falkowski et al 2000).  
The turnover of carbon is the time it takes for a carbon atom, for example in an 
atmospheric CO2 molecule, to go from being fixed into organic carbon by a plant, to 
being respired back into CO2 and returned to the atmosphere. The turnover times 
between reservoirs vary significantly which results in some reservoirs absorbing and 
effectively storing large amounts of inactive carbon for long period of time (Ciais et al 
2013). This prevents the carbon from getting back into the atmosphere and affecting 
surface temperatures. For example, although the lithosphere (rocks) holds by far the 
largest reservoir of carbon (75 x 105 Gt C, 1 Gt = 1015 g) it is relatively inactive, with 
turnover times ranging from 10,000 years to longer and carbon fluxes coming only 
from the weathering of rocks and volcanic eruptions (Ciais et al 2013). In the short-
term, it therefore has little to no effect on our current climate. Comparatively the 
oceans affect the Earth’s climate directly because they have quick turnover times and 
continuously interact with the atmosphere (Raven and Falkowski 1999, Sarmiento and 
Le Quéré 1996, Volk and Hoffert 1985). Understanding the marine carbon cycle is 
therefore important as it directly affects our climate. 



The Marine Carbon Cycle  
The oceans are the Earth’s second largest carbon reservoir (38 x 103 Gt C) and their 
carbon pools (dissolved inorganic carbon (DIC), dissolved organic carbon (DOC) and 
particulate organic matter (POC)) have turnover times ranging from days to thousands 
of years (Ciais et al 2013). There are two main processes that influence the flux of 
carbon from the atmosphere into the oceans; the physical carbon pump and the 
biological carbon pump (Figure 2) (Legendre et al 2015, Luca et al 2016, Raven and 
Falkowski 1999, Sarmiento and Le Quéré 1996, Volk and Hoffert 1985). Through the 
physical carbon pump, CO2 is continuously exchanged between the atmosphere and 
the oceans (Figure 1) (Raven and Falkowski 1999). This exchange is a physico-
chemical process which is driven by the difference in partial pressure of CO2 in air 
and water.  
Carbon dioxide from the atmosphere dissolves into the surface oceans and 
immediately reacts with the water molecules to form carbonic acid, bicarbonate and 
carbonate ions which are collectively known as dissolved inorganic carbon (DIC) 
(Figure 1) (Legendre et al 2015, Raven and Falkowski 1999). DIC is the largest pool of 
carbon in the oceans (37 x 103 Gt C, 97% of total carbon) (Ciais et al 2013). The 
dissolution of atmospheric CO2 into the surface oceans is highly dependent on 
temperature because CO2 is more soluble in colder waters. The increased solubility in 
colder waters coupled with the ocean thermohaline circulation, which is the sinking of 
cold dense surface waters to form deep waters, causes a significant fraction of DIC to 
be stored in the deep ocean (Broecker 1997, Wunsch 2002). This CO2 is stored in the 
oceans because oceanic deep water flows through the ocean basins and can have a 
transit time of up to 1000 years, during which it has no contact with the atmosphere 
and therefore no exchange occurs (Maier-Reimer and Hasselmann 1987, Sabine et al 
2004). 
 



 

The biological carbon pump is the oceans biologically driven sequestration of carbon 
from the atmosphere to the deep sea (Figure 2) (reviewed by Turner (2015)). It 
predominantly occurs in the surface oceans where primary producers fix carbon 
dioxide (45 - 55 Gt C y–1) through photosynthesis to form DOC and POC (which 
here includes both living and dead material) (Behrenfeld and Falkowski 1997, 
Falkowski et al 2000, Field et al 1998, Finkel 2014, Thornton 2014, Westberry et al 
2008). Although a large part of the produced POC and DOC is quickly remineralised 
to CO2 by marine microorganisms, a small fraction is stored within the oceans for 
thousands to millions of years. This occurs through the physical sinking of POC into 
deeper waters (~0.6 – 2.4% of the annually primary production) (Legendre et al 2015, 
Luca et al 2016, Turner 2015) and from the remineralisation of DOC by marine 
microorganisms into recalcitrant DOC (RDOC) (~0.5 - 0.6% of the annual primary 
production) (Jiao et al 2010, Legendre et al 2015). The production of RDOC by 



microorganisms is referred to as the microbial carbon pump (Jiao et al 2010, Jiao and 
Zheng 2011). RDOC is resistant to further degradation and can persist in the oceans 
for thousands of years (Anderson et al 2015, Osterholz et al 2015).  
Although the biological carbon pump contributes yearly to only a small fraction of the 
stored carbon (~1.1 to 3% of the annual primary production), it plays a significant 
role in keeping surface DIC concentrations low and allows for the flux of carbon 
dioxide into the oceans from the atmosphere (Legendre et al 2015). Together the 
physical and biological carbon pump maintain a vertical gradient of DIC between the 
surface oceans and deeper water layers and thereby regulate the movement of CO2 
from the atmosphere into the oceans. This has a significant impact on the global 
carbon cycle and global climate as it reduces the amount of CO2 in the atmosphere 
(Ciais et al 2014).  
 

 

Marine Microorganisms – Primary Producers 
Microorganisms are the main constituents of the marine ecosystem both in cellular 
abundance and biomass (Ciais et al 2013, Whitman et al 1998). They are the dominant 



autotrophs (primary producers) and heterotrophs (consumers). Marine 
microorganisms are generally very small, ranging in size from 0.4 µm2 (picoplankton) 
to 200 µm2 (microplankton) but are extremely abundant (106 cells ml-1 seawater) (Levin 
and Angert 2015, Whitman et al 1998). Due to their small size, they have a high 
surface to volume ratio, which makes them metabolically very active (Ducklow 1999, 
Robinson and Williams 2007). Their high abundance and activity drive the biological 
carbon pump and therefore they directly affect the global carbon cycle (Azam and 
Malfatti 2007). 
Phytoplankton is the collective term used to describe marine primary producers, 
including phototrophic prokaryotes and phototrophic eukaryotes. Primary producers 
fix carbon dioxide by using energy from the sun (photolithotrophic) or reduced 
inorganic compounds (chemolithotrophic). This energy is used to synthesize simple 
organic molecules from DIC (Figure 2). These simple organic compounds can then be 
used to synthesize more complex cellular material such as lipids, amino acids, proteins 
and carbohydrates that often contain other nutrients such as nitrogen, phosphate, 
sulfur and iron.  
The estimated 45 - 55 Gt C y–1 fixed by phytoplankton accounts for about half of the 
Earth’s primary production (Azam and Malfatti 2007, Falkowski et al 2000, Field et al 
1998, Finkel 2014, Sarmento and Gasol 2012, Westberry et al 2008). Phytoplankton 
make this fixed material available to the marine food web through several processes. 
Firstly, through the “standard” food web whereby phytoplankton biomass is 
consumed by primary consumers (zooplankton) which in turn can be consumed by 
secondary consumers (fish) and thereby the material travels up through the food web 
(Pomeroy 1974). Alternatively, phytoplankton also actively transport between 10 – 
50% of the produced organic matter out of their cells as dissolved organic matter 
(DOM) (Biddanda and Benner 1997, Teira et al 2001, Teira et al 2003, Thornton 
2014). DOM is nearly exclusively available to marine heterotrophic microorganisms 
and therefore the fate of up to half of the phytoplankton-derived organic matter or a 
quarter of the global primary production is controlled by marine microorganisms.  
Global marine primary production is highly heterogeneous, with large areas of low 
production and smaller areas of high production (Figure 3). This heterogeneity is due 
to changes in physico-chemical conditions which regulate and limit phytoplankton 
growth. These include irradiance (availability of sunlight for energy), temperature and 
the availability and concentration of essential inorganic nutrients (such as Fe, P, N) 
(Geider et al 1997, Howarth 1988, Marañón et al 2000, Pedersen and Borum 1996, 
Raven et al 1999). Limitations in any of these factors restrict primary production and 
thereby the flux of carbon into the oceans through the biological carbon pump.  
The main reason for the high heterogeneity is because vast expanses of surface oceans 
are oligotrophic, meaning they have very low concentrations of essential nutrients (Fe, 
P, N) (Morel et al 2007, Polovina et al 2008, Raimbault et al 2008, Smith 1984). The 
small areas of high primary production are predominantly in coastal regions (Figure 3) 
where the mixing of water masses or the upwelling of nutrient-rich bottom waters 
causes pronounced increases in the availability of essential nutrients (Cloern 1996, 



Ishizaka et al 1983, Sambrotto et al 1986, Van Dongen-Vogels et al 2012). This results 
in an increase in primary production and can cause so-called “phytoplankton blooms” 
(provided irradiance is high). Phytoplankton blooms result in the fixation of a 
significant amount of carbon dioxide into organic matter thereby driving the 
biological carbon pump. 
Though phytoplankton fix a significant fraction of carbon dioxide, their biomass 
represents only a small fraction of the total organic carbon pool in the oceans (3 Gt C 
of a total of ~700 Gt C) (Ciais et al 2013). This uncoupling between carbon fixation 
and total biomass is due to the extremely high turnover rates of phytoplankton and 
their derived material in the oceans (Arnosti et al 2011, Kirchman et al 2001, Moran et 
al 2016, Piontek et al 2010, Piontek et al 2011). 
 

 

Marine Microorganisms – Heterotrophs 
Marine heterotrophic microorganisms (Bacteria and Archaea) turnover between 75 - 
95% of the phytoplankton-derived organic matter within days to weeks of its 
production (Cho and Azam 1988, Moran et al 2016, Piontek et al 2011, Piontek et al 



2014). This has a significant effect on the marine carbon cycle because a large part of 
the fixed carbon is directly respired to CO2. However, the remineralisation of DOM 
does not just influence the carbon cycle but also other biogeochemical cycles because 
DOM contains many essential nutrients (P, N, Fe) (Moran et al 2016). The 
remineralisation of DOM releases these nutrients and makes them available to higher 
levels of the marine food web. This is especially important in the oligotrophic gyres 
(see above) where phytoplankton growth is limited due to a lack of essential nutrients. 
In these areas, primary production is dictated by the biological supply of nutrients 
from the remineralisation of DOM by heterotrophic microorganisms (Letscher et al 
2015, Moran et al 2016). The active role heterotrophic microorganisms play in the 
cycling of DOM is called the microbial loop (Azam et al 1983, Azam 1998) (Figure 4).  
 

 



Although microorganisms play such an important role in the recycling of organic 
matter in the marine environment we know relatively little about the processes which 
they use to do this. This is due primarily to our lack of understanding of how the 
taxonomic and functional diversity of microorganisms affects carbon turnover in the 
marine and other ecosystems. 
Marine microorganisms are not just highly abundant they are also taxonomically and 
functionally diverse (Giovannoni and Stingl 2005, Quince et al 2008, Rusch et al 2007, 
Sunagawa et al 2015, Zinger et al 2011). They exhibit distinct patterns in their 
distribution as they are selected for by specific environmental conditions (Baldwin et 
al 2005, Green et al 2008, Hanson et al 2012, Martiny et al 2006, Yilmaz et al 2012). 
Understanding the individual distribution patterns of microorganisms is important 
because they have significant impacts on their environment. The focus of this thesis 
was on the heterotrophic bacteria, which are selected for by phytoplankton-derived 
organic matter (specifically polysaccharides) and what mechanisms these bacteria use 
to remineralise organic matter.  

Phytoplankton Derived Organic Matter  
When conditions are optimal (light, nutrients, temperature) phytoplankton form 
blooms and produce a high amount of organic matter. As this organic matter becomes 
available to the microbial community distinct changes in the community composition 
occur. Specific bacterial groups (for example Bacteroidetes, Gammaproteobacteria, 
Roseobacter) increase in abundance and other bacterial groups (for example SAR11 and 
SAR86) decrease in abundance (McCarren et al 2010, Teeling et al 2016). These 
changes have been repeatedly observed throughout the world’s oceans and they occur 
both on a taxonomic and functional level (Bunse and Pinhassi 2016, Rinta-Kanto et al 
2012, Rooney-Varga et al 2005, Sarmento and Gasol 2012, Sison-Mangus et al 2016, 
Teeling et al 2012, Wemheuer et al 2015). To fully understand the changes in the 
bacterial community composition and the role which heterotopic bacteria play in the 
turnover of organic matter, we must understand the organic matter itself.  
Marine organic matter is broadly classified into three major types, dependent on its 
residence time within the ocean (Follett et al 2014, Hansell and Carlson 1998, Hansell 
2013). Firstly, labile DOM consists of molecules produced by phytoplankton and 
remineralised within hours to days of their production. Secondly, semi-labile DOM is 
also produced by phytoplankton but consists of less reactive molecules that can 
persist in the surface oceans from weeks to years. Finally, refractory DOM (also called 
recalcitrant - DOM)) is produced through photochemical reactions and the metabolic 



activity of microorganisms (microbial carbon pump) (Amado et al 2015, Jiao et al 
2010, Jiao and Zheng 2011, Osterholz et al 2015). It has the longest residence time, 
circulating through the major oceanic basins for thousands of years and is therefore 
the least biologically reactive. All three forms of DOM exist throughout the oceans, 
although most of the labile and semi-labile DOM is present in a high abundance in the 
surface oceans as it is produced by phytoplankton. These two type of DOM are of 
interest in the study of the marine carbon cycle because of their high turnover rates 
(Legendre et al 2015).  
Although current methodological limitations do not allow a full characterisation of the 
composition of individual constituents of DOM, we do know that it is predominantly 
produced by marine phytoplankton. Therefore, it must be similar in composition to 
phytoplankton biomass (25 - 50% proteins, 5 - 50% polysaccharides, 5 - 20% lipids, 3 
- 20% pigments, and up to 20% nucleic acids) (Emerson and Hedges 2008).  
Further hints of its composition are obtained from bulk seawater analyses which 
indicate that polysaccharides (> 1000 Da) are a dominant fraction of DOM (Benner et 
al 1992). Similar results have been obtained from analyses of phytoplankton exudates, 
which can be comprised of 80 - 90% high molecular weight (HMW) carbohydrates, 
specifically polysaccharides (Abdullahi et al 2006, Aluwihare and Repeta 1999, 
Biddanda and Benner 1997, Biersmith and Benner 1998, Myklestad 1995). 
Polysaccharides, therefore, appear to be an important part of phytoplankton-derived 
DOM and specifically the actively released DOM.  
Polysaccharides are structural and storage compounds of phytoplankton and consist 
of long sometimes branched chains of monosaccharides bound together by glycosidic 
bonds. They have a remarkable structural diversity and can consist of varying 
monosaccharide residues bound by different glycosidic bonds and decorated with 
different side groups such as sulfate, acetyl or methyl (Dumitriu 2010, Helbert 2017). 
Analysis of the monosaccharide residues from phytoplankton extracts, using acid 
hydrolysis, has provided insight into the basic chemical composition of marine 
polysaccharides. They are primarily composed of the sugar monomers arabinose, 
xylose, glucose, galactose, mannose, fucose, rhamnose, glucosamine and 
galactosamine (Aluwihare and Repeta 1999, Aluwihare et al 2002, McCarthy et al 
1996). The monomer ratios vary between individual phytoplankton groups, indicating 
that they produce polysaccharides of different chemical compositions (Abdullahi et al 
2006, Aluwihare and Repeta 1999, Myklestad 1995). These monosaccharides are also 
the dominate sugars found in surface water samples suggesting that phytoplankton 
polysaccharides are the dominate source of monosaccharides in the marine 
environment (Aluwihare and Repeta 1999, KerheRvé et al 1995). 

Bacterial Polysaccharide Turnover 
Marine heterotrophic bacteria degrade polysaccharides using carbohydrate active 
enzymes (CAZymes), which include glycoside hydrolases (GH), polysaccharide lyases 



and carbohydrate esterases. GH’s cleave the glycosidic bonds within a polysaccharide 
(Lombard et al 2014). They can be exo-acting meaning they remove sugars from the 
end of the polysaccharide chain or endo-acting meaning they hydrolyse bonds within 
the chain (Driskill et al 1999). GH’s are classified into many different families based 
on their structure and display substrate specificities (Berlemont and Martiny 2016, 
Lombard et al 2014). The substrate specificity means that a specific GH hydrolyses a 
limited type of glycosidic bonds and that to degrade a complex polysaccharide several 
GH’s are most likely required. This means that a single bacterial species requires 
several different GH’s or that a consortium of bacteria is required to fully degrade 
complex polysaccharides (Berlemont and Martiny 2016, Ndeh et al 2017, Xing et al 
2015). The high diversity of polysaccharides released by phytoplankton suggests that it 
is unlikely that a single marine bacterium could contain all the enzymes required to 
degrade them. Instead, marine bacteria show a specialisation for a specific set or type 
of polysaccharides (Bauer et al 2006, Teeling et al 2012).  
As organic matter becomes available in the marine environment, such as during a 
phytoplankton bloom, distinct successional patterns in both the diversity and function 
of heterotrophic bacteria occur. These patterns have been associated to the substrate 
specialisation of individual heterotrophic bacteria and to the diverse range of 
polysaccharides that are made available over time by phytoplankton (Bunse and 
Pinhassi 2016, Landa et al 2016, Teeling et al 2012).  

Aims 
In this thesis, I set out to investigate how the taxonomic and functional diversity of 
marine microorganism affects the bacterially mediated carbon turnover in the Atlantic 
Ocean. I specifically wanted to link the differences in bacterial community 
compositions to changes in the carbon turnover with a focus on the mechanisms 
marine microorganisms use to degrade high molecular weight polysaccharides. This 
will contribute to the understanding of how global patterns in polysaccharide 
hydrolysis rates are effect by the community composition and distribution patterns of 
microorganisms. Additionally, it will help us to predict the impact which microbes 
have on global biogeochemical cycles.  
 



Objectives of this Thesis 
The general topic of this doctoral thesis was to investigate the taxonomic and 
functional diversity of marine microorganisms that significantly contribute to the 
biological turnover of polysaccharides. 
 
Specific Objectives 

I. Develop methods which allow on-site high-throughput analysis of the 
microbial diversity and abundance.  
A major limitation facing microbial ecologists is the need to analyse 
microbiological samples in a laboratory. Therefore, to enable a direct high-
throughput, quantitative and qualitative analysis of a microbial community I 
sought to modified established laboratory-based techniques for use on-board a 
research vessel. This would enable a comprehensive analysis of the microbial 
diversity, total cellular abundance and cellular abundance of specific bacterial 
groups results, even in remote sampling sites. This direct insight would in turn 
allow for more well-thought-out on-site research as well as targeted sampling to 
occur. 

II. Analyse the free-living and particle-associated microbial community 
composition of the Atlantic Ocean with a focus on both diversity and 
cellular abundance. 
I set out to investigate the free-living (FL) and particle-associated (PA) bacterial 
communities in the surface waters of the Atlantic Ocean. I did this to gain an 
insight into the biogeographical distribution patterns of the bacteria associated 
with different lifestyles. Additionally, I wanted to investigate the changes in 
bacterial community composition between oligotrophic and copiotrophic 
conditions. This should give us new insights into possible reasons for the 
previously reported high variability in richness and diversity among the PA and 
FL communities. 

II. Investigate alternative polysaccharide utilisation mechanisms in marine 
bacteria. 
A major objective of this thesis was to investigate if marine bacteria exhibit 
alternative mechanisms for the uptake of HMW polysaccharides. Recent 
metagenomics analyses have hinted at the presence of alternative mechanisms of 
HMW substrate utilisation in marine bacteria. Using a combination of 
fluorescently labelled polysaccharides (FLA-PS), fluorescence in situ hybridisation 
(FISH) and super-resolution structured illumination microscopy I wanted to 
visualise these uptake mechanisms in environmental bacteria.  

IV. Analyse the extracellular hydrolysis rate of HMW polysaccharide by 
marine bacteria and identify the dominant organisms associated with 
polysaccharide utilisation.  



Previous analyses of the extracellular hydrolysis rate of polysaccharides by marine 
microbial communities have shown distinct patterns in the rates of hydrolysis 
across latitudes. However, it is unknown if these patterns are due to the bacterial 
community composition. Therefore, I set out to investigate the extracellular 
hydrolysis rates and bacterial community dynamics within fluorescently labelled 
polysaccharide incubations across the Atlantic Ocean. These analyses should lead 
to the identification of the microorganisms associated with the hydrolysis of 
polysaccharides in the marine environment.  
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Abstract 

The field of microbial ecology has increased immensely in recent years due primarily 
to advances in culture-independent methodologies. Specifically, the advances in DNA 
sequencing technologies have enabled a more in-depth analysis of the taxonomy and 
functional potential of the microbial communities. To still further our understanding 
of the diversity and metabolic capabilities of microorganism’s microbial ecologist 
analyse remote and extreme environments like hypersaline lakes, acid mine drains or 
hydrothermal vents  
A major limitation in the current culture-independent methodologies is that they are 
predominantly laboratory based and cannot be used to gain direct results in the field. 
To overcome this limitation, we modified a laboratory based culture independent 
sequencing pipeline to function on-board a research vessel. This allowed us to obtain 
a detailed overview of the microbial community composition within 48 hours of 
sampling.  
Using our on-board sequencing pipeline, we analysed the microbial community of the 
South Pacific Gyre (SPG), which is one of the most remote parts of the world’s 
oceans. The surface waters of the SPG had extremely low nutrient and chlorophyll a 
concentrations and were dominated by oligotrophic organisms such as SAR86, 
Candidatus Actinomarina, SAR11 surface 4, SAR116 and Prochlorococcus. The deep 
chlorophyll maximum (DCM) was at a depth of 200 - 250 m and had a chlorophyll a 
concentration which was comparable to other oceanic gyres (0.47 mg m-3). It had a 
diverse microbial community composition partially consisting of organisms associated 
with organic matter degradation such as Bacteroidetes. Below the DCM and in the 
aphotic zone the dominant organisms were the SAR406 clade, SAR234 clade, SAR202 
clade and the Sva0996 clade.  
By developing an on-board sequencing pipeline, we could obtain “direct” results of 
the microbial diversity even in the remotest part of the world’s oceans. This further 
enabled us to do more targeted sampling and hypothesis-driven research during our 
research expedition into the SPG. 

Introduction 

The field of microbial ecology has grown immensely in recent years due primarily to 
methodological advances in culture-independent techniques (DeLong 2009, Franzosa 
et al 2015, Giovannoni and Stingl 2005, Mardis 2008, Pace 1997, Rappé and 



Giovannoni 2003, Riesenfeld et al 2004, Wagner and Haider 2012). Specifically, 
advances in high-throughput DNA sequencing technologies have allowed for the 
identification of the uncultured majority of microorganisms (Gilbert et al 2010, Mardis 
2008, Mardis 2013, Sogin et al 2006). DNA sequencing of a biological sample can 
provide both a taxonomic profile (“Who is there?”) and a functional profile (“What 
can they do?”) of the microbial community (De Vargas et al 2015, Faust et al 2015, 
Ghai et al 2013, Iverson et al 2012, Riesenfeld et al 2004, Rusch et al 2007, Sunagawa 
et al 2015, Venter et al 2004). These profiles, as well as the efficiency and ease of their 
replication, have moved microbial ecology into a new era and allowed for significant 
breakthroughs in our understanding of the microbial world. They have enabled 
microbial ecologists to identify the “unseen majority” and highlighted new metabolic 
potentials of microorganisms, which in turn have advanced our understanding of the 
origin and evolution of life on Earth as well as processes such as global nutrient 
cycles, energy production, the human microbiome, and infectious diseases (Cho and 
Blaser 2012, Dabney et al 2013, DeLong 2009, Hansel 2017, Moran et al 2016, Novelli 
et al 2010). 
To further our understanding of the diversity and metabolic capabilities of 
microorganisms it is essential to sample unique and previously unknown 
microorganisms from novel or extreme environments such as like hypersaline lakes, 
acid mine drains or hydrothermal vents (Antranikian et al 2005, Baker and Banfield 
2003, Litchfield 1998, Martin et al 2008, van den Burg 2003). However, remote and 
unique environments can be difficult to sample and unlike direct measurements such 
as temperature, DNA samples for microbial ecology analysis are predominantly 
preserved for later analysis in the lab. The analysis does not occur directly but rather 
weeks to months later. Further targeted sampling efforts and follow-up studies 
therefore rarely occur immediately after sampling but rather must wait for future 
sampling efforts. These can in turn be hindered due to site accessibility or project 
funding limitations. The absence of direct analysis of the microbial community is one 
of the major challenges still facing the advancement of microbial ecology, especially in 
remote sampling sites. 
An example of a remote sampling site with limited previous research is the South 
Pacific Gyre (SPG). The SPG is one of the most remote parts of the world’s oceans 
and is the furthest distance from any continent. It contains the oceans most 
oligotrophic waters, the lowest sea surface chlorophyll a concentrations and has been 
described as a marine biological dessert (Morel et al 2007, Raimbault et al 2008, Ras et 
al 2008). Although there are limited data available, recent studies have indicated that 
while these waters are ultra-oligotrophic there is still microbial activity, specifically 
carbon and nutrient cycling (Halm et al 2012, Van Wambeke et al 2008, Walsh et al 
2015). The SPG may contain the last ultra-oligotrophic microbial community, which 
has not received (or received only limited) exposure to anthropogenic nutrient loading 
and may therefore hold unique metabolic potentials.  



We set out to analyse the ultra-oligotrophic microbial community of the SPG directly 
on-board the RV Sonne. We designed and optimised a high-throughput sequencing 
and data analysis pipeline for on-board use and combined this with an established on-
board automated image acquisition and cell enumeration pipeline (Chapter 1). The 
combination of these pipelines enabled the analysis of both the microbial diversity and 
bacterial cellular abundances on-site. This gave us a detailed insight into the microbial 
community of the SPG within hours of sampling allowing for further targeted 
sampling and focused hypothesis-driven research. 
 

Methods 

Sampling  

 
Seawater samples were collected aboard the RV Sonne SO-245 „UltraPac“ cruise 
from Antofagasta, Chile (17.12.2015) to Wellington, New Zealand (28.01.2016) 
(Chapter 2 Figure 1). Water samples were taken from a total of 11 stations (Chapter 2 
Figure 1) using a Seabird sbe911+ CTD (Seabird Scientific, WA, USA) with a Niskin 
rosette. Two types of stations were sampled: main stations and intermediate stations. 
On main stations, the CTD was cast through the entire water column to 50-100 m 
above the seafloor and samples were taken at various depths throughout the water 
column (Chapter 2 Supplementary Table 1). Generally, 4 to 5 CTDs were cast to 
reduce the time between sampling at depth and processing of the samples. 
Intermediate stations consisted of a single CTD cast down to 500 m and samples were 
taken from variable depths (Chapter 2 Supplementary Table 1). For diversity analysis, 
a total of 1 L of seawater was sampled for each depth at each station. The water was 
directly filtered onto 47 mm polycarbonate filter (0.2 µm pore size) using a bottle top 
Nalgene filter holder (Thermo Fisher, MA, USA) and a vacuum pump. After filtration 
samples were used directly for DNA extraction.  



 

 

Physico-chemical Data 

Physico-chemical characteristics of the water column of every station along the 
“UltraPac” cruise were examined using a CTD. Salinity and depth were calculated 
from pressure values and temperature was corrected to ITS-90. The CTD was also 
equipped with additional sensors for turbidity, fluorescence, oxygen, and PAR. All 
CTD data was obtained from and is available on Pangaea (www.pangaea.de,(Zielinski 
et al 2017). The physico-chemical data were analysed using the ODV4 software 
(www.odv.awi.de). The most significant changes in the physico-chemical parameters 
occurred in the top 500 m of the water column, therefore both the total depth (0 to 
5000 m) and only the top 500 m were analysed independently. 

DNA Extraction 

Microbial DNA extractions were done using the MoBio Power Water DNA 
Extraction Kit (MoBio Laboratories, Inc., CA, USA) as recommended by the 
manufacturer. The MoBio Power Water kit was chosen because it is specially designed 
for DNA extraction from filters and there is a significant reduction in the amount of 



hands-on time in comparison to other extraction methods such as SDS-chloroform 
extraction (Fuhrman et al 1988). DNA extraction using silica absorption in 
comparison to liquid phase extraction facilitates DNA extraction even during rough 
sea conditions. Additionally, a kit is transport friendly and reduces the amount of lab 
equipment and dangerous reagents required on-board.  

Polymerase Chain Reaction (PCR) 

PCR was carried out using the Platinum PCR SuperMix High Fidelity polymerase kit 
(Thermo Fisher). It is a ready-made PCR master-mix containing polymerase, salts, 
magnesium, and dNTPs. It requires only the addition of primers and DNA and has a 
high-quality yield even from low DNA concentrations. PCR was carried out using the 
primers S-D-Bact-0341-b-S-17 (5′-CCTACGGGNGGCWGCAG-3′) and S-D-Bact-
0785-a-A-21 (5′-GACTACHVGGGTATCTAATCC-3’) targeting the V3-V4 variable 
region of the 16S rRNA, evaluated by (Klindworth et al 2013). Both primers were 
fusion primers with additional adaptor and barcode sequences at the 3’ end to allow 
sequencing and separation of samples in down-stream analyses. The reverse primers 
contained the Ion tr-P1 adaptor at the 5’ end of the primer (5’-
CCTCTCTATGGGCAGTCGGTGAT-3’). The forward primers contained both the 
Ion A adaptor (5’-CCATCTCATCCCTGCGTGTCTCCGACTCAG-3’) and one of 
40 IonXpress barcodes (Ion Xpress 1 - 40) as well as the key sequence (GAT) before 
the primer. 
Reverse fusion primer sequence: 
(5’-CCTCTCTATGGGCAGTCGGTGAT GACTACHVGGGTATCTAATCC-3’)  
Forward fusion primer sequence: 
(5’-CCATCTCATCCCTGCGTGTCTCCGACTCAGCTAAGGTAACGAT 
CCTACGGGNGGCWGCAG-3’) 

DNA and PCR Product Quantification 

A successful sequencing reaction requires precise quantities of the template library to 
ensure a clonal amplification on individual Ion Sphere Particles (ISPs) (see below). A 
fragment analyser (AATI) was used to check the quality and quantity of the PCR 
products and final sequencing pools. All template libraries and final sequencing pools 
were analysed using the DNF - 472 standard sensitivity NGS kit sizing DNA (AATI, 
size range from 25 bp – 5,000 bp and up to a minimum of 0.1 ng µl-1) as 
recommended by the manufacturer. The fragment analyser is a very robust system, 
which allows automatic processing of multiple samples. It was adapted to ship 
movements by adding magnets to the individual sample trays, thereby preventing the 
accidental dropping of a sampling tray caused by ship pitches, during plate movement 



or at the “on hold” position inside the tray drawers. The internal plate lift was 
mechanically stabilised from ship movement and vibration by the installation of an 
additional guide rail on the upper side connected via rubber mounts. Additionally, a 
specialised stand with transport handles and attachments was applied for easy manual 
transport and to allow for secure attachment to a surface (Chapter 2 Supplementary 
Figure 1).  

Size Selection 

PCR amplicons were size selected using Agencourt AMPure XP (BeckmanCoulter, 
Krefeld, Germany). The size selection and clean-up of amplicons is an essential part 
of a 16S rRNA sequencing pipeline (Head et al 2014). Several methods were tested 
prior to and on-board the RV Sonne to ensure a high yield of size specific amplicons. 
These included Ampure XP beads (BeckmanCoulter), E-Gel SizeSelect Agarose Gels 
(Thermo Fisher), the QIAquick PCR purification kit (Qiagen, Hilden, Germany), the 
QIAquick Gel Extraction Kit (Qiagen) and the QiagenMinElute kit (Qiagen). For 
each kit, all procedures were done as recommended by the manufacturers.  
In addition to using each kit individually, we also tested combinations of kits. For 
example, we used the E-Gel SizeSelect Agarose Gels (Thermo Fisher) to extract 
amplicon bands of a specific size and then cleaned and concentrated the extracted 
amplicons using the QIAquick PCR purification kit (Qiagen). 
For direct gel extraction, the amplicons were run on a 1% LE agarose gel (Biozyme, 
Oldendorf, Germany), and bands were visualised using a transilluminator DR-45M 
(Clare Chemical Research, Göttingen, Germany) and cut out with a sterile scalpel. The 
cut-out gel slices were purified using the QiagenMinElute kit (Qiagen). The same 
amount of PCR product was individually added to each size selection method and the 
obtained amplicons were compared for purity, yield and amplicon size using a 
fragment analyser (Advanced Analytical Technologies, Inc (AATI), Ankeny, USA). 
After testing the Agencourt AMPure XP beads (BeckmanCoulter) were chosen for 
on-board size selection. Although direct gel extraction had the highest yield of size 
specific amplicons, it is an impractical method for on-board use as gel pouring and 
electrophoresis are movement sensitive methods. The second highest DNA yields 
were obtained using the Agencourt AMPure XP beads (BeckmanCoulter) and it is an 
easy procedure with limited methodological steps and appropriate for on-board use. 



Ion Torrent Sequencing and Raw Sequence 

Processing 

The Ion Torrent PGM (Thermo Fisher) was chosen for on-board sequencing because 
it is the most physically robust of the well-established sequencing platforms. It has 
compact dimensions and is not overly sensitive to physical movement even during 
sequencing reactions. It also enables user interaction with software and hardware 
components, allowing the user to do repairs and fix technical issues without the need 
for specialised personnel. The Ion Torrent PGM was adapted for on-board use by 
securing it to a 2 cm thick polyethylene base plate and the internal hard drives were 
replaced by SSDs. The base was equipped with handles that could be used for manual 
transportation of the sequencer and to fasten it to a surface (Chapter 2 Supplementary 
Figure 1). A similar base was fastened to the Ion OneTouch 2 Instrument (Thermo 
Fisher) and Ion OneTouch ES instrument (Thermo Fisher). The Torrent Server 
(Thermo Fisher) was also adapted to withstand ship-board vibration and transport by 
placing it in a custom-made metal frame using rubber mounts (Chapter 2 
Supplementary Figure 1). 
Sequencing was carried out as recommended by the manufacturer using an Ion 
Torrent PGM sequencer (Thermo Fisher). Emulsion PCR and enrichment of 
template-positive ion sphere particles (ISP) was done using the Ion PGM Hi-Q OT2 
Kit (Thermo Fisher) on the Ion OneTouch 2 Instrument (Thermo Fisher) and Ion 
OneTouch ES instrument (Thermo Fisher) following the Ion Torrent user manual. 
Subsequently, the ISP were sequenced using the Ion PGM Hi-Q Sequencing Kit 
(Thermo Fisher) following the user manual on an Ion PGM system (Thermo Fisher). 
Sequencing was done on Ion 314, 316 and 318 chip Kit v2 (Thermo Fisher) with a 
total of 1200 flows. The chips vary in their capacity (number of sensors) and therefore 
total output, run time and processing time. Specifically, the Ion 314 chip has 1.2 M 
sensors, a total output of up to 100 Mb and a run time of 2 - 4 h. The Ion 316 chip 
has 6.1 M sensors, an output of up to 1 Gb and runs for 3 - 5 hours. The Ion 318 chip 
has 11 M sensors, a total output of up to 2 Gb and runs from 4 - 7 hours.  
The Torrent Suite software, which converts the raw signals (raw pH values) into 
incorporation measurements and ultimately into basecalls for each read, was used for 
initial quality trimming. The standard Torrent suite settings and more stringent 
settings were applied. The standard settings and stringent setting were defined in the 
basecaller arguments of the Torrent Suite Software. Standard: BaseCaller --barcode-
filter 0.01 --barcode-filter-minreads 20 --barcode-mode 1 --barcode-cutoff 3 --trim-
qual-cutoff 10 --trim-qual-window-size 20 --trim-min-read-len 100. Stringent: 
Basecaller --barcode-mode 1 --barcode-cutoff 0 --trim-qual-cutoff 15 --trim-qual-
window-size 10 --trim-min-read-len 250. Finally the reads were exported as .sff files 



using the file exporter plugin in the Torrent suite software. The .sff files were split 
into individual sample FASTA files using mothur version 1.35.1 (Schloss et al 2009) 
(sffinfo()) and analysed using the Offline SilvaNGS Pipeline called “Lab on a ship” 
(see below).  

Offline SilvaNGS Pipeline “Lab on a ship” 

The computer cluster “lab on a ship” was developed to facilitate offline 16S rRNA 
sequence classification using the SilvaNGS pipeline. Previously this was only available 
using the online platform (Quast et al 2013). The benefit of having an offline version 
is the potential to use it on-board a research vessel. The online platform of this 
classification system is run on a highly efficient computing cluster with 36 nodes. This 
is required due to the complexity of the software and its associated required 
computing power. To ensure a similarly quick classification system an efficient 
computer cluster was obtained for the offline analysis (Supermicro, CA, USA). The 
complete pipeline can be run using a single command line argument. Alternatively, the 
user can run each region of the pipeline individually and analyse each section of the 
processing pipeline (Chapter 2 Supplementary Table 2).  
Both the offline and online pipeline were run using the SILVA SSU database release 
SSU Ref 119. The pipelines are highly similar and varied only in the quality trimming 
steps (specifically trimming of ambiguous bases and homopolymers). These were 
omitted in the offline version of the server due to their high computing requirements. 
Quality trimming was instead performed prior to analysis on the SILVA offline server 
using the Torrent suite software. To test the “Lab on a ship” server and ensure that 
similar community composition results are obtained using different quality trimming 
methods a mock community analysis was done. The output from the two servers was 
then compared using cluster analysis. 

Statistical Analysis 

Reads were classified to genus level and statistical analysis was carried out using 
normalised read abundances. Community dissimilarity analyses were calculated using 
Bray-Curtis index (Bray and Curtis 1957). Non- metric multidimensional scaling 
(NMDS) plots were created using the Vegan package (Oksanen et al 2013) of R 
project (R Development Core Team, Vienna, Austria). Analyses of similarity 
(ANOSIM) tests were carried out using the Vegan package in the R Project (R 
Development Core Team). Depth profiles of individual bacterial clades were analysed 
by sorting all samples based on depth and then plotting the most abundance clades in 
bubble plots.  



Total Cell Counts (TCC) and FISH 

TCC and FISH were carried out as described in Chapter 1. DAPI and FISH stained 
cells were visualised and counted automatically using a fully automated image 
acquisition and cell enumeration system (Chapter 1). For FISH the probe PRO405 
was used to target the Prochlorococcus (West et al 2001). The Prochlorococcus were 
enumerated because they are one of the most abundance primary producers in 
oligotrophic open ocean gyres (Malmstrom et al 2013, Vaulot et al 1995, West et al 
2001). 

Results  

On-Board Next Generation Sequencing and Data 

Analysis 

DNA could be extracted from every sample, with an average concentration of 4.36 µg 
ml-1 of seawater (Chapter 2 Table 1). The overall yield was within the range of the kit 
standards (Kit Manual: Ocean water sample (coastal) of 100 ml should yield 3 – 11 µg 
ml-1). The DNA extraction efficiency was proportional to the total cell counts within 
the SPG (Chapter 2 Table 1). Lower DNA yields were obtained from deeper waters 
which had lower cell counts (3000 – 5000 m; 2.14 x 104 cells ml-1 – yield 0.45 µg ml-1) 
and the highest DNA yields were obtained around the deep chlorophyll maximum 
(DCM), which had the highest cell counts 5.95 x 105 cells ml-1 (Chapter 2 Table 1).  



 
In total, 1983 Mbp were sequenced directly on board the RV Sonne on the “Ultrapac” 
cruise using an Ion Torrent PGM. Before processing this equated to 7.26 million 
reads with a median read length of 290 bases. Sequencing was done on three 
sequencing chip types (Ion 314, Ion 316, Ion 318) with two analysis strategies (default 
and stringent). The difference in yield per chip type and analysis method is shown in 
Chapter 2 Table 1. There was no major variability in the sequencing quality between 
chip types except total yield and overall processing time. The more stringent quality 
trimming settings decreased the total number of bases and total reads by 30% and the 
total number of reads by up to 52%. The lower read abundance between chip types 
was also due to the total ISP loading of the individual chips, which varied from 71% 
(314) to 50% (318). With more stringent quality trimming the mean read length 
increased from 278 bp to 368 bp and the median read length increased from 290 bp to 
411 bp. Results from the higher stringency settings were used to analyse the bacterial 
community because they were of higher quality and better read length.  



 
To validate the “lab on a ship” server two mock community data were analysed on 
both the SilvaNGS online and the SilvaNGS offline „lab on a ship“ server using the 
same SILVA database SSU REF 119 (Quast et al 2013). Cluster analysis showed that 
the same samples analysed on different pipelines were highly similar (Chapter 2 
Supplementary Figure 2). Mantel tests showed no significant difference between the 
community compositions of the online and offline servers (Run 1: Mantel statistic R = 
0.996, P = 0.001 based on 1000 permutations). 
A total of 200 samples were processed on the SilvaNGS offline server on-board the 
RV Sonne, which equated to a total of 32 million reads and an average of 160,921 
reads per sequencing project (after stringent quality trimming). The average read 
length was 399 bp, with a maximum of 538 bp.  
For all stations, a minimum of 3500 reads per samples were obtained. The median 
read abundance for main stations was ~24,000 and intermediate stations had ~8800 
reads (Chapter 2 Table 3). A higher sequencing depth was obtained for the main 
stations to allow for a more in-depth analysis of the rare community. This was done 
by adding different amounts of PCR product to the library pools. 



Microbial Diversity of the SPG 

There was an increase in bacterial richness and diversity (Shannon Index) with depth 
at all stations of the SPG (Chapter 2 Figure 1). Additionally, there was an increase in 
richness from east (80°W) to west (160°W) (Chapter 2 Figure 1). The lower diversity 
in the samples from stations 7 and 9 was because they were intermediate stations 
(shown in grey) that were only sampled to a depth of 500 m. 



There were 14 genera with a high read abundance throughout the SPG. These groups 
showed a distinct distribution with depth, having a higher abundance either in the 
photic zone or below the photic zone (Chapter 2 Figure 2). In the surface waters from 
20 – 200 m depth the SAR86, Candidatus Actinomarina, SAR11 surface 4, SAR116 and 
Prochlorococcus were dominant. Synechococcus was also abundant in the photic zone but 
present at a lower depth of 150 – 300 m. Below the DCM and in the aphotic zone 
SAR406, SAR234, SAR202 and the Sva0996 marine group were dominant. The 
SAR11 surface 1, Rickettsiales S25 953, Rhodospirillaceae and AEGEAN 169 marine 
group were abundant throughout the water column from 20 – 3500 m depth.  
In addition to the dominant genera there was also a high number of rare genera 
throughout the SPG (read abundance < 0.1%). There were 550 genera that had both a 
low abundance and were present in a low number of sites (3 or less) and there were 
120 genera that were present in nearly all sites but had a low overall abundance. These 
ubiquitous but rare genera were predominantly from the Verrucromicrobia 
(Puniceicoccaceae), Planyctomycetes, Deltaproteobacteria and the Bacteroidetes (Flavobacteriaceae). 
 



 

The microbial community across the SPG varied significantly with depth, but not 
across geographic distances (Chapter 2 Figure 2, Chapter 2 Figure 3). Samples from 
the same depth, throughout the SPG, had a highly similar microbial community 



composition as indicated in the non-metric multidimensional scaling (NMDS) plot 
showing the Bray-Curtis dissimilarity between sites (Chapter 2 Figure 3). ANOSIM 
showed a significant difference with depth (R = 0.6906, P = 0.001). The highest 
variability among individual communities of the same depth was seen in the DCM 
(125 - 250 m).  

 



Total Cell Counts and Physico-chemical Analysis 

of the SPG 

The top 500 m of the SPG exhibited the most variable change in conditions (Chapter 
2 Figure 5a-c). The central gyre (100°W – 120°W) had characteristically high 
temperatures of 20 - 25°C which extended to a depth of 300 m (Chapter 2 Figure 5a). 
The oxygen concentration increased slightly at the surface towards the New Zealand 
Coast (140°W) and showed a distinct decrease from 200 to 50 µmol kg-1 between 200 
- 500 m depth from 80°W to 100°W (Chapter 2 Figure 5b). This is the location of a 
well-documented oxygen minimum zone (OMZ), where oxygen is depleted due to 
higher microbial respiration rates in the water column (Canfield et al 2010, Lam et al 
2009, Pinti 2014). Fluorescence was highest in the surface waters at 140°W indicating 
high primary productivity (Chapter 2 Figure 5c). Throughout the SPG there was a 
detectable band of fluorescence, which descended to a depth of 200 – 250 m within 
the central SPG (110°W). The physico-chemical profile of the entire water column 
highlighted that under the top 500 m the physico-chemical parameters stayed relatively 
consistent (Chapter 2 Figure 5f-h).  
Similar results could be seen in the TCC and abundance of Prochlorococcus (enumerated 
using the PRO406 FISH probe). The highest variability in TCC was found in the top 
250 m and below 250 m they stayed relatively constant throughout the water column 
(104 cell ml-1) (Chapter 2 Figure 5i). The highest abundance of cells was found at 50 m 
between 135°W and 140°W and at 100 m depth at 90°W (Chapter 2 Figure 5d). In the 
central gyre, the TCC were highest at 100 m depth (6 x 104 cell ml-1), although they 
were also high in the surface waters (5 x 104 cell ml-1).  
The Prochlorococcus were only present in the top 250 m (Chapter 2 Figure 5e and 8j). 
Their distribution pattern mimicked that of the DCM. Prochlorococcus had a higher 
abundance in the surface waters (top 100 m) outside of the gyre (80 – 90°W and 130 – 
140°W), whereas the gyre the abundance of Prochlorococcus was highest at 150 – 200 m. 
 



 



 





 

 

Discussion and Conclusion 

On-site Analysis of the Microbial Community  

We developed a functioning on-board sequencing and data analysis pipeline, which 
enables the analysis of a microbial community’s taxonomic profile (“Who is there”) 
within hours of sampling even in remote locations.  
A next generation sequencing platform and all required lab procedures were adjusted 
to work even under challenging conditions, such as ship-board pitch and roll 
movements. There was a positive correlation between the absolute cellular abundance 
and the extracted DNA concentration. The minimum sampling effort required for an 
in-depth diversity profile of a community using this pipeline required a minimum of 
104 cells ml-1 or for our samples 100 ml – 1 L of seawater. It took a maximum of 48 h 
(Chapter 2 Supplementary Table 4) from the time of sampling to obtaining a detailed 
insight into the microbial diversity of the entire water column (20 - 5000 m depth) at a 



given station. This pipeline enables the on-site analysis of microbial diversity and 
drastically minimises the time between sampling and analysis of standard microbial 
samples.  
The pipeline can be combined with other high-throughput methods, such as 
automated cell enumeration, to obtain both microbial diversity and abundance results 
on-site (Chapter 1). For example, the pipeline presented here yields an in-depth 
analysis of microbial diversity. These results can then be used to select group specific 
FISH probes and enable the enumeration of target microbial clades via automated 
microscopy (Chapter 1) (Amann et al 2001). Knowing, on-site, if a target organism is 
present or absent and its absolute cellular abundance allows microbial ecologist to 
improve and adjust their sampling efforts and experimentation particularly for 
cultivation efforts, single cell analysis or metagenomics (DeLong 2009, Iverson et al 
2012). Additionally, the combined analysis of diversity and abundance has recently 
been shown to be essential in achieving a comprehensive interpretation of a 
community, as sequencing data alone is only semi-quantitative (Props et al 2017).  
Alternatively, when combined with flow cytometry, our pipeline allows for the on-site 
analysis of a sorted population as well as determining the sorting efficiency and 
pureness of specific sorted cell populations. The ability to obtain a direct insight into 
the microbial diversity accelerates hypothesis-driven research allowing microbial 
ecology to move away from sampling just under the premise of understanding “who is 
there?” and begin to further our understanding of “why they are there?”. 

Picoplankton community of the SPG 

Using our newly established on-site pipeline we could gain a detailed insight into the 
ultra-oligotrophic microbial community of the most remote part of the worlds’ ocean. 
The SPG’s microbial community showed a significant change with depth. This trend 
has also been shown in the North Pacific, South Atlantic and Northern Atlantic Gyres 
(Agogué et al 2011, Cram et al 2015, DeLong et al 2006, Friedline et al 2012, Hewson 
et al 2006, Schattenhofer et al 2009). The distinct vertical distribution of 
microorganisms in the marine environment is linked to the significant changes in the 
physico-chemical conditions across depths, for example, the change in temperature, 
oxygen and nutrient concentrations. Additionally, the decrease in the availability of 
light, with depth, limits photosynthetic primary production and therefore also the 
availability of labile organic matter (Moran et al 2016, Osterholz et al 2015, Pakulski 
and Benner 1994).  
The low bacterial richness found in the surface waters of the SPG (specifically at 20 – 
50 m) is likely due to the extreme nutrient (nitrogen) limited nature of these waters 
(direct measurements from surface waters (5 m) NOx 0.041 µmol l-1, NO3 0.038 µmol 
l-1, unpublished data). Previous measurements of the surface nitrate showed similarly 
extremely N-limiting conditions in the top 160 m (Letscher et al 2015, Raimbault et al 



2008). Although the surface waters are extremely oligotrophic, we found high cellular 
abundances (4 x 105 cells ml-1) indicating that specialised oligotrophic organisms do 
persist. The sequencing results showed that these organisms were predominantly 
Prochlorococcus, SAR11, SAR116, SAR86 and AEGEAN 169 marine group. Specifically, 
for the SAR11 and SAR86 it is well documented that both are optimised for an 
oligotrophic lifestyle (Brown et al 2014, Giovannoni and Stingl 2005, Molloy 2012, 
Swan et al 2013). Single cell analyses of these groups have highlighted genomic 
streamlining, resource specialisation and heightened resource acquisition abilities 
(Dupont et al 2012, Gómez-Pereira et al 2012a, Luo and Moran 2015, Molloy 2012, 
Tripp 2013). Additionally, they are equipped with proteorhodopsins which enable 
enhanced nutrient uptake via photoheterotrophy (Béjà et al 2000, Giovannoni et al 
2005). The dominant organisms in the surface of the SPG are therefore oligotrophic 
organisms, classifiable as K-strategists, which have adapted to strive under nutrient-
depleted conditions.  
The primary autotrophic organisms within the SPG, Prochlorococcus, showed higher read 
and cellular abundances in deeper waters (100 – 150 m). Its lower abundance in 
surface waters indicated that the nutrient poor conditions may limit its growth or the 
high irradiance causes inhibited growth (Moore et al 1998, Partensky et al 1993).  
The surface water of the SPG had extremely low fluorescence which was below the 
detection limit in our study but previously measured at 0.017 mg m-3 (Ras et al 2008, 
Zielinski et al 2017). This increased to 0.47 mg m-3 in the DCM and could be 
measured down to nearly 300 m depth, which is remarkably deep. Comparatively 
measurement taken in the North and South Atlantic Gyres show similar fluorescence 
concentrations in surface waters and the DCM, although the depth of the DCM in the 
Atlantic is higher in the water column (North Atlantic Gyre surface: 0.11 mg m-3, 
DCM (120 m): 0.52 mg m-3 and South Atlantic Gyre surface: 0.06 mg m-3, DCM (165 
m): 0.66 mg m-3) (Reintjes et al. unpublished – Chapter 3). The previous classification 
of the SPG as “ultra-oligotrophic” from predictive modelling of primary production 
using ocean colour data underestimated the total activity due to the extreme depth of 
the DCM (Ras et al 2008).  
In the mesopelagic zone of the SPG, where light becomes limiting, there was a 
distinct change in the microbial community from SAR11 surface clade 1, SAR86 and 
Prochlorococcus dominated to SAR324, SAR406, and SAR202 dominated. Although 
there are currently no cultured representatives of these three bacterial groups, 
metagenomic analyses have revealed some insight into their possible metabolic 
capabilities. SAR202 and SAR324 have been associated with carbon and sulphur 
oxidation (Biers et al 2009, Morris et al 2004, Sheik et al 2014, Swan et al 2011) and 
are likely chemolithoautotrophs ubiquitous in the dark oceans. In particular, SAR324 
has also been associated with the degradation of the lipid chains of chlorophyll a 
which may explain its heightened abundance under the DCM (Chitsaz et al 2011). It is 
possible that the upper mesopelagic community is specialised in recycling the labile 



organic matter sinking from the photic zone (Anderson and Tang 2010, Hewson et al 
2006, Letscher et al 2015). 
In addition to an increase in richness with depth, there was also an increase in richness 
from the east (Chile) to west (New Zealand). This increase is also linked to changes in 
the physico-chemical parameters. Specifically, the decrease in surface water 
temperatures and high increase in fluorescence close to the New Zealand coast 
indicated higher primary production and labile organic matter input. This was 
confirmed by the increase in read abundance of the phylum Bacteroidetes (Fluviicola, 
Formosa, NS9, NS5, NS4) and Gammaproteobacteria (SAR92) which are often associated 
with the hydrolysis of labile organic matter (Buchan et al 2014, Gómez-Pereira 2010, 
Neumann et al 2015, Teeling et al 2012). 
 

Conclusion 

We designed and optimised and on-board sequencing and data analysis pipeline that 
enabled us to obtain on-site diversity results of the microbial community of the SPG. 
It gave us a detailed insight into the microbial diversity within 48 hours of sampling. 
The community composition indicated a dominance of a few key oligotrophic 
organisms in surface waters, which are adapted to the extreme physico-chemical 
conditions. The DCM was at a remarkably deep depth but indicated primary 
productivity similar to that of other oceanic gyres. The ability to obtain “direct” results 
of the microbial diversity, even in extremely remote sampling sites, will allow 
microbial ecologist to do more targeted sampling and hypothesis-driven research and 
further our understanding of the diversity and metabolic capabilities of 
microorganisms.  

Outlook 

During the SO245 cruise on board the RV Sonne we did not just develop and test a 
high-throughput NGS sequencing pipeline. We also used it to perform targeted 
sampling of unique microbial groups within the SPG. Additionally, we used it to 
develop further methods to analyse specific microbial communities. These analyses 
are currently still in-progress and are therefore only discussed here in the outlook.  
The obtained read abundance data was used to select FISH probes and enumerate the 
abundance of specific microbial groups. This was done directly on-board with a fully 
automated high-throughput image acquisition and cell enumeration system (Chapter 
1). Although FISH can be performed without knowing the microbial community 
composition, it is both time and cost-effective to have prior knowledge of the 



bacterial diversity. This enables a more precise selection of FISH probes and prevents 
unnecessary laboratory work.  
Furthermore, we used the NGS pipeline in combination with flow cytometry to sort 
specific microbial cells and analysed their diversity. Initially, we flow sorted the easily 
identifiable Prochlorococcus and Synechococcus, using their fluorescence signal. The sorted 
populations of Prochlorococcus and Synechococcus (10,000 cells) were then sequenced using 
our on-board pipeline. The obtained relative read abundance data was used to analyse 
the sorting efficiency and purity. If the flow sorted samples showed a high diversity 
the sorting was repeated with a more stringent sorting gate to obtain a higher purity.  
The selected sorting of populations of interest based on their pigment content, cell 
size or DNA content, in combinations with an on-board NGS pipeline, allows for the 
taxonomic identification of unusual bacterial groups (size, shape, pigments). This, 
furthermore, allows for the selected sorting of known populations for single cell 
genomics or metagenomics analyses.  
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Abstract 

Marine bacteria are categorised into two distinct lifestyles free-living (FL) and 
aggregate or particle-associated (PA). This categorisation is due to their selective 
attachment to particulate organic matter (POM), which is a source of nutrients in an 
otherwise limiting environment. The categorisation of marine bacteria into different 
lifestyles is often accompanied with a categorisation into different size fractions. This 
is owing to the method used to separate different fractions of POM; the sequential 
filtration through filters of varying pore sizes.  
We argue here that although bacteria do exhibit distinct lifestyles, the classification of 
bacteria into size fractions does not necessarily reflect biological relevant categories. 
We tested this hypothesis by comparing the bacterial community composition and 
cellular abundance of three size fractions (FL (> 0.2 µm < 3 µm), small PA (> 3 µm < 
10 µm), large PA (> 10 µm)) across five oceanic provinces of the Atlantic Ocean. 
Samples were taken from a wide range of physico-chemical conditions to analyse a 
diverse range of particles. These included samples from a phytoplankton bloom, 
where fresh POM was actively being produced and samples from two oligotrophic 
gyres that had low nutrient conditions and low primary production.  
We found that the total cellular abundance of the FL fraction was ~three orders of 
magnitude higher than that of the PA fractions (1 x 106 cell ml-1, 1 x 103 cell ml-1 in the 
FL and PA, respectively). Diversity analyses showed both differences and similarities 
in the community composition of each size fraction and we could associate these 
contradictory results to the relative age of the available particles. From the present 
study, we suggest that given variations in particle chemistry and the complexity of 
colonisation and succession patterns on particles, the categorisation of individual 
bacteria into different “size fractions” is not a biologically meaningful method to 
categorise the community variations. The method of size fractionation should rather 
be seen as a tool to analysing the total community composition, as it enables the 
enrichment and analysis of the low abundant PA community.  

Introduction 

Vast expanses of the world’s oceans are predominantly nutrient limited (Millero 1996, 
Pilson 2012, Smith 1984) but the seasonal input of high amounts of organic matter, 
mainly from phytoplankton blooms, prompt significant changes in substrate 
availability (Biddanda and Benner 1997, Biersmith and Benner 1998, Finkel 2014). 
Phytoplankton derived organic matter is present in two forms; dissolved organic 
matter (DOM) and particulate organic matter (POM) (Anderson et al 2015, He et al 
2016, Thornton 2014). POM is often viscid (sticky) which leads to the formation of 
aggregates (Kiørboe et al 1990). Due to their sticky nature, aggregates often bind 



further material such as living and dead marine phytoplankton or zooplankton cells, 
transparent exopolymeric particles, faecal pellets and inorganic minerals (Grossart and 
Simon 1993, Turner 2015). They range in size from < 1 µm to 10 cm and can be 
present to an abundance of < 1 to 108 L-1 (Alldredge et al 1993, Logan et al 1995, 
Pilskaln et al 1998, Wells and Goldberg 1991). Aggregates are a source of organic 
matter in an otherwise largely limiting environment and are therefore rapidly colonised 
by selective marine bacteria from the surrounding water column (Datta et al 2016). 
These bacteria remineralise the aggregates, which has a significant impact on global 
nutrient and carbon cycling (Huston and Deming 2002, Lyons and Dobbs 2012, 
Simon et al 2002). 
The attachment of selective groups of bacteria to aggregates has resulted in a general 
categorisation of marine bacteria into two distinct lifestyles; free-living (FL) and 
aggregate- or particle-associated (PA). The PA fraction is often further categorised 
into different size fractions owing to the method used to separate them; sequential 
filtration through filters of varying pore sizes (Mestre et al 2017, Padilla et al 2015). 
The distinction between size fractions is drawn because FL and PA bacteria are 
exposed to different selective forces (e.g. nutrient availability) which are assumed to 
gradually drive the organisms to become phylogenetically and functionally distinct 
(Luo and Moran 2015, Rösel et al 2012, Zhang et al 2007).  
FL bacteria are defined as pelagic bacteria adapted for growth in low nutrient and 
substrate levels, such as the SAR11, SAR86 or Prochlorococcus (Flombaum et al 2013, 
Luo and Moran 2015, Malmstrom et al 2013, Morris et al 2002, Partensky et al 1999, 
Tripp 2013). FL cells often have smaller genomes with fewer gene copies, lower 
metabolic potential and fewer genes encoding transcription and signal transduction 
(Dupont et al 2012, Morris et al 2012, Swan et al 2013). Additionally, they often 
contain high numbers of transporter genes with high affinities (Tripp 2013).  
Contrastingly PA bacteria typically have a high metabolic versatility, high hydrolysis 
activity and large genomes with an array of substrate utilisation and uptake genes 
(Lyons and Dobbs 2012, Simon et al 2014). These organisms are predominantly 
heterotrophic, with specialisations for complex organic molecule degradation, such as 
those found in aggregates (Grossart and Simon 1993, Simon et al 2002).  
Diversity analyses between different size fractions show clear distinctions between the 
microbial assemblages (Mestre et al 2017, Milici et al 2017, Rieck et al 2015, Rösel et al 
2012, Suzuki et al 2017). However, there is also contrasting evidence showing 
similarities among the communities across all size fractions (Crespo et al 2013, 
Hollibaugh et al 2000, Rieck et al 2015). In fact, some bacteria are known to be able to 
switch between lifestyles depending on chemical triggers and substrate availability 
(Grossart 2010, Pruzzo et al 2005). Additionally, a large fraction of marine bacteria are 
motile and show chemotaxis toward substrate hotspots and could therefore exist both 
as FL and PA (Grossart et al 2001, Kiørboe et al 2002, Seymour et al 2009). 
Bacteria exhibit distinct lifestyles, however, we hypothesise that the distinction 
between multiple different “size fractions” is arbitrary and that they do not reflect 



biological entities. Rather bacteria are specialised to FL, PA or intermediate lifestyles 
and are therefore part of an interacting assemblage. Additionally, we hypothesise that 
variations in the PA community are not due to the individual size of particles but due 
to variations in the chemical composition and age of the particles. We tested these 
hypotheses by analysing the community composition between different microbial 
lifestyles using 16S rRNA sequencing and combining this with fluorescence in situ 
hybridisation (FISH) to visualise and enumerating the abundance of phylogenetically 
distinct bacterial groups. We did this across five distinct oceanic provinces of the 
Atlantic Ocean, in one of which a phytoplankton bloom was actively progressing 
resulting in increased organic matter production. The distinct variability between the 
physico-chemical parameters and level of organic matter input in the provinces should 
allow for a detailed comparison between the microbial assemblages. 

Methods 

Sampling

Planktonic seawater samples were taken during the Atlantic Meridional 
Transect (AMT) 22 cruise, on the RRS James Cook (Southampton, UK, 
to Punta Arenas, Chile, 10 Oct to 24 Nov 2012). Samples were taken 
using a rosette of 20 L Niskin bottles with an attached Sea Bird CTD (Sea 
Bird Scientific). A total of 16 stations were sampled at 20 m water depth 
at solar noon for microbial community analysis (Chapter 3 Figure 1). From 
each sampling site between 15 L to 45 L of seawater was sequentially 
filtered onto 142 mm diameter polycarbonate filters with pore sizes of 
10 µ m (Large-PA), 3 µ m (Small-PA) and 0.2 µm  (FL). Different 
volumes of seawater were sampled to prevent filter clogging. 
Specifically, at sites where previous studies have shown high cell counts, 
lower volume of water was filtered (Schattenhofer et al 2009, Tarran et 
al 2006, Zubkov et al 2000). These filters were stored at -80°C until 
further analysis. For FISH analysis of the FL fraction 1 L of seawater 
was sampled from 37 stations at 20 m depth at solar noon. The samples 
were fixed using formaldehyde to a final concentration of 1% for 1 h at 
RT. Triplicate 20 ml subsamples were filtered through a 47 mm 
diameter polycarbonate filters with a pore size of 0.2 µm, applying a 



gentle vacuum of < 200 mbar. These filters were left to air dry and 
stored at -20°C until further analysis.  
 

 



Physico-chemical Data 

The AMT22 passed through several oceanic provinces (Longhurst 2007), which for 
this study, were classification into the Northern Temperate, Northern Gyre, 
Equatorial, Southern Gyre and Southern Temperate. The biogeographical provinces 
were identified using their physical, chemical and biological characteristics (Chapter 3 
Figure 2). These were measured at every CTD sampling station from 0 m to 500 m 
depth. Temperature (°C) was measured using a Sea-Bird 3 premium temperature 
sensor (Sea Bird Scientific). Dissolved oxygen (ml L-1) was measured using the Sea-
Bird 43 dissolved oxygen sensor (Sea Bird Scientific) and calibrated against Winkler 
titration measurements from 9 samples collected at the pre-dawn CTD. Conductivity 
(S m-1) was measured using a Sea-Bird4 conductivity sensor (Sea Bird Scientific). 
Fluorescence (mg m-3) was measured using a CTG FAST track Fast Repetition Rate 
fluorometer (Chelsea Technologies Group, UK) and calibrated against extracted 
chlorophyll-a measurements made on seawater samples collected from 9 depths at 
each station. Pressure (mbar) was measured using a Digiquartz pressure sensor 
(Paroscientific, Inc., WA, USA) suspended below the CTD. Salinity (PSU) was 
measured using a Guideline Autosal 8400B salinometer (OSIL, UK) and calibrated 
against bench salinometer measurements from 4 samples collected from each cast (all 
metadata is available via the BODC website 
https://www.bodc.ac.uk/data/documents/cruise/11427/). The physico-chemical 
data were analysed using the ODV4 software (www.odv.awi.de). 

DNA Extraction 

Microbial DNA was extracted using the MoBio Ultra Clean Soil DNA Extraction Kit 
(MoBio Laboratories) as recommended by the manufacturer with the following 
alterations. Instead of soil a fixed size (150 mm x 250 mm) polycarbonate filter piece 
was directly added to the Bead Solution Tubes. 

Sequencing 

Sequencing was carried out on a 454 Titanium FLX (ROCHE, CT, USA) and Ion 
Torrent PGM (Thermo Fisher). Two sequencing platforms were used to reduce 
possible biases between the two methods and PCR biases. The 454 Titanium FLX is a 
pyrosequencing method whereas the Ion Torrent PGM measures pH changes from 
the release of a proton during the incorporation of a dNTP into a DNA polymer. 
Where possible samples were sequenced on both platforms to increase the accuracy 
(reduce sequencing bias) and yield per sample. Sequencing reads were analysed using 



the SilvaNGS pipeline and results were pooled for total community analysis per 
sample. 

PCR and Sequencing on 454 Titanium FLX

PCR was carried out in a total volume of 50 µl using the primers S-D-Bact-0341-b-S-
17 (5′-CCTACGGGNGGCWGCAG-3′) and S-D-Bact-0785-a-A-21 (5′-
GACTACHVGGGTATCTAATCC-3) targeting the V3 - V4 variable region of the 
16S rRNA, evaluated by (Klindworth et al 2013). The master mix components and 
concentrations are shown in Chapter 3 Supplementary Table 1. The master mix and 
DNA was incubated in a thermocycler (Mastercycler Tm gradient, Eppendorf, 
Hamburg, Germany) with the program indicated in Chapter 3 Supplementary Table 1. 
Subsequently, the PCR products were visualised by gel electrophoresis (1% LE 
agarose, Biozyme). Amplicon bands were visualised using a transilluminator DR - 45M 
(Clare Chemical Research) and cut out with a sterile scalpel. The gel slices were 
purified using the QiagenMinElute kit (Qiagen). After purification, the PCR products 
were pooled into libraries with a minimum DNA concentration of 1 µg DNA as 
measured using a Qubit assay (Invitrogen, Darmstadt, Germany). The libraries were 
then sent to the Max-Planck Institute for Plant Genomics in Cologne, for sequencing 
on a ROCHE 454 titanium FLX (ROCHE)

PCR and Sequencing on Ion Torrent PGM 

PCR was carried out as described in detail in (see Chapter 2: Polymerase chain 
reaction (PCR)).  

Size Selection 

After PCR the amplicons were size selected on 2% E-Gel size select gels using the E-
Gel iBase Power System and E-Gel Safe Imager Real Time Transilluminator (Thermo 
Fisher). Amplicons were run on a gel for 17 - 18 min using a Low Range DNA 
Ladder (Thermo Fisher) as a reference. Amplicons were extracted directly from the 
gel by adding 20 µl of low TE buffer to the extraction well. The extraction was 
repeated 5 times for each sample to increase the yield. Subsequently, the size-selected 
amplicons were cleaned up and concentrated over silica column using the Qiagen 
QIAquick PCR purification kit (Qiagen). 
The amplicon concentration and quality were quantified using a Fragment Analyser 
(AATI) and the DNF - 472 standard sensitivity NGS fragment analysis kit (1 bp – 
6,000 bp). After quantification, the amplicons were pooled as described in the Ion 
Amplicon Library Preparation (Fusion Method) Manual.  



Ion Torrent Sequencing  

Ion Torrent sequencing was carried out as recommended by the manufacturer and as 
described in detail in Chapter 2 (Ion Torrent Sequencing). Sequencing was undertaken 
on ION 314 v2 chips (Thermo Fisher) and the Torrent Suite software was used for all 
initial quality trimming and analysis. 

Sequence Processing using SilvaNGS 

The sequence reads from the Ion Torrent PGM (Thermo Fisher) and 454 Titanium 
FLX (Roche) were further processed using the bioinformatics pipeline of the 
SilvaNGS project (Quast et al 2013). This involved quality controls for sequence 
length (> 200 bp) and the presences of ambiguities (< 2%) and homopolymers (< 
2%). The remaining reads were aligned against the SSU rRNA seed of the SILVA 
database release 115 (Quast et al 2013). The classification was done by a local BLAST 
search against the SILVA SSURef 115 NR database using blast -2.2.22 + with 
standard settings.  

Statistical Analysis and Diversity Analyses 

Statistical analyses were carried out using normalised read abundances and a 
classification to genus level. Community dissimilarity was calculated using Bray-Curtis 
and subsequently plotted using NMDS in the Vegan (Oksanen et al 2013) package of 
R project (R Development Core Team). Significance tests, analyses of site-specific 
community composition differences and correlations to environmental factors, were 
done using ANOSIM and Mantel tests in the Vegan package.  

Total Cell Counts (TCC), FISH and Microscopy 

All sample filters were analysed using CARD-FISH. Total bacterial abundance (EUBI-
III (Amann et al 1990)) and the cellular abundance of three major phyla were 
enumerated using phylum specific FISH probes (Bacteroidetes (CF319a (Manz et al 
1996)), Gammaproteobacteria (GAM42, (Manz et al 1992)) and Cyanobacteria (CYA664 
(Schönhuber et al 1999))). The filters were processed as described in Chapter 1. After 
CARD-FISH the filters were counterstained with DAPI and mounted using a 
Citifluor (EMS, USA) Vectashield (Vector Laboratories, UK) (v/v) (4 : 1) mounting 
solution. CARD-FISH and DAPI stained cells were visualised and manually 
enumerated on a Zeiss Axioskop 2 motplus fluorescence microscope. In addition to 
manual analysis, the filters were also counted automatically using a fully automated 



image acquisition and cell enumeration system described in detail in Chapter 1. For 
our evaluation FISH positive signals for each probe were determined by an 
overlapping (30% minimum overlap) signal of both DAPI (360 nm) and FISH (488 
nm), with a minimum area of 17 (DAPI) or 30 (FISH) pixels (0.17 - 0.3 µm2) and 
minimal signal background ratio of 1 (DAPI) or 2.5 (FISH).  

Results and Discussion 

Physico-chemical Characteristics of the Atlantic 

Ocean 

The Atlantic Ocean can be separated into several distinct provinces with varying 
physico-chemical conditions, which select for adapted microbial communities 
(Chapter 3 Figure 2). There are two oligotrophic gyres characterised by high surface 
temperatures (20 – 25°C), high salinity (37 psu) and low nutrient availability 
(specifically nitrate and phosphate (Chapter 3 Supplementary Figure 1)). The high 
temperatures and salinity of the surface waters cause the formation of a thermocline 
resulting in nutrient depletion. This reduces primary production and organic matter 
availability in the surface waters. In the central equatorial province, however, there are 
high surface temperatures but low salinity due to high precipitation rates. Finally, there 
are two temperate provinces that experience the seasonal mixing of water masses and 
high nutrient concentrations. Consequently, there are seasonal phytoplankton blooms 
and high organic matter production in surface waters. During our sampling campaign, 
the S. Temperate province had particularly low surface water temperatures (10 – 7°C) 
and high nitrate and phosphate concentrations indicating mixing with cold nutrient 
rich bottom waters (Chapter 3 Figure 2, Chapter 3 Supplementary Figure 1). Due to 
the high nutrient availability, there was high surface chlorophyll a concentrations (4 
mg m-3) indicating high primary production. 
 



 



Sequencing Statistics and Diversity Indices 

An average of 10,000 reads per samples were obtained using an Ion Torrent and 
Roche 454 sequencing platform (median 9,400). The highest richness was found in the 
FL size fraction and the lowest richness was found in the large PA size fraction 
(Chapter 3 Table 1). Similar results have previously been found by Acinas et al (1999), 
Ghiglione et al (2007), and Hollibaugh et al (2000). However, these results contradict 
other studies that have highlighted higher richness in large PA size fractions (Mestre et 
al 2017, Rieck et al 2015, Suzuki et al 2017).  

 

Cellular Abundance  

The total cellular abundance of bacteria (enumerated using the FISH probes EUB I-
III) in the FL fraction was ~three orders of magnitude higher than in the PA fractions 
(average abundance: 1 x 106 cell ml -1, 1 x 103 cell ml -1, 3 x 102 cell ml -1, in the FL, 
small PA and large PA, respectively) (Chapter 3 Figure 3). The absolute abundance of 
Bacteroidetes, Gammaproteobacteria and Cyanobacteria showed the same trend with higher 
cellular abundance in the FL in comparison to the PA size fraction (Chapter 3 
Supplementary Table 2). The extremely low abundance of individual bacterial groups 



on particles throughout the Atlantic Ocean suggests that there is a high number of 
selective niches on particles and that PA bacteria are part of the “rare” biosphere 
(Sogin et al 2006). The rare biosphere is often associated with heightened metabolic 
activity and potential, which is also true for many PA bacteria (Campbell et al 2011, 
Kellogg and Deming 2014, Lyons and Dobbs 2012, Shade et al 2014, Simon et al 
2014). Their high metabolic potential means that PA bacteria play an important role in 
organic matter turnover as well as nutrient cycling, particularly of POM (Arnosti et al 
2012, Kellogg and Deming 2014, López-Pérez et al 2016). As POM is remineralised 
and solubilised it becomes available as DOM for other organisms fuelling biochemical 
cycling (Milici et al 2017).  
There was a significant increase in the TCC of all size fractions in the Southern 
Temperate stations. This increase was positively correlated to the total fluorescence (r 
= 0.77, r = 0.92, r = 0.95 for FL, small PA and large PA respectively). In the Southern 
Temperate stations, bacterial growth was stimulated in all size fractions by the increase 
in available nutrient and organic matter due to higher primary production.  
 

 



Bacterial Community Composition Based on 

Sequencing Data 

The bacterial community of the Atlantic Ocean was dominated by a few key phyla, 
specifically the Proteobacteria, Cyanobacteria, Actinobacteria and Bacteroidetes. Similar results 
have previously been shown by (Friedline et al 2012, Yilmaz et al 2012, Zinger et al 
2011). The FL community consisted of predominately oligotrophic organisms 
(SAR86, SAR11, SAR116, AEGEAN 169, Prochlorococcus and Candidatus Actinomarina), 
which were present in high read abundances (Chapter 3 Figure 5). These organisms 
are known for their specialisation in resource acquisition in low-nutrient environments 
such as the open ocean gyres (Molloy 2012, Morris et al 2012, Rappe´ et al 2002, Yang 
et al 2016). The FL community showed no biogeographical distribution pattern, 
except in the S. Temperate stations where a pronounced change in the FL community 
composition could be seen. The abundance of the previously dominant groups 
SAR11, SAR116, Prochlorococcus and Candidatus Actinomarina decreased while Formosa, 
Polaribacter, uncultured Flavobacteria, Rhodobacteraceae and SAR92 increased (Chapter 3 
Figure 5). Cluster analysis and NMDS showed that all FL samples had a high degree 
of similarity and clustered closely together, except for the FL sample from the S. 
Temperate stations (Chapter 3 Figure 4) in this region. The pronounced changes in 
physico-chemical parameters (increased primary production and nutrient availability) 
in the S. Temperate stations caused significant changes within the FL bacterial 
community. The change from dominantly oligotrophic to dominantly copiotrophic 
organisms indicated that the community composition of the FL size fraction can 
change significantly depending on the physico-chemical conditions. Previous studies 
have shown similar pronounced changes in the FL community particularly during algal 
blooms where there is a change in the DOM and POM abundance and composition 
(El-Swais et al 2014, Tada et al 2011, Teeling et al 2012, Teeling et al 2016).  
The PA communities were dominated by Verrucomicrobia, Planctomycetes, 
Deltaproteobacteria, Gammaproteobacteria and Bacteroidetes (Chapter 3 Figure 5). There was a 
high degree of dissimilarity between the PA communities (Chapter 3 Figure 4). They 
consisted predominantly of organisms associated with attachment or organic matter 
degradation which has also been shown in previous analyses of the PA size fraction 
(Buchan et al 2014, Lage and Bondoso 2014, Milici et al 2017). A distinct change in 
the PA community was observed in the S. Temperate stations (Chapter 3 Figure 5). 
There was an increase in the abundance of Bacteroidetes and Rhodobacteraceae and a 
decrease in the abundance of Deltaproteobacteria and Planctomycetes. Cluster analysis of all 
stations indicated that the FL, small PA and large PA bacterial communities of the S. 
Temperate stations were highly similar to each other (Chapter 3 Figure 4).  



At the time of sampling, the S. Temperate stations were experiencing a phytoplankton 
bloom during which organic matter (DOM and POM) is released into the water 
column. This increase in available organic matter prompted a significant increase in 
the TCC (Chapter 3 Figure 3) and a change in the community composition of both 
the FL and PA size fractions to organisms with a specialisation in complex organic 
matter degradation, particularly the Bacteroidetes (Chapter 3 Figure 5). 
 

 



 

 



The overall ANOSIM results show a significant difference between the FL and PA 
community compositions (r2 = 0.667, P = 0.0009). However, there was also a high 
degree of overlap between each size fraction, especially under specific physico-
chemical conditions such as in the S. Temperate station. The increased similarity 
among the size fractions in this region indicated that there were similar selection 
forces acting on all size fractions or that there was an active exchange between the size 
fractions in the S. Temperate stations. 
Any particles in the water column, including live (phytoplankton) cells, are colonised 
initially by motile or non-motile FL bacteria (Bennke et al 2013, Dang and Lovell 
2000, Datta et al 2016). Therefore, the POM produced in the S. Temperate station 
was colonised by FL bacteria, explaining their increased abundance in the PA size 
fraction. Equally, PA bacteria are not necessarily fixed to a particle but can exhibit 
hop-on, hop-off behaviour and therefore be present in multiple size fractions 
(Kiørboe et al 2003, McCarter 1999). In fact, for some Bacteroidetes species (Polaribacter 
dokdonensis (MED 134) and Leeuwenhoekiella blandensis (MED217)) alternated between 
lifestyles. They can attach to surfaces and use complex organic matter such as 
polysaccharides and proteins (Fernández-Gómez et al 2013) and during times of 
organic matter limitation, they can switch to a free-living lifestyle using 
proteorhodopsins to obtain energy from light (Béjà et al 2000, Fernández-Gómez et al 
2013, González et al 2008). The apparent interchangeability of bacteria between 
different size fractions would explain the high overlap in community composition 
between different size fractions found in our study and multiple others (Crespo et al 
2013, Hollibaugh et al 2000, Mestre et al 2017, Milici et al 2017). 
An additional factor that should be considered is the particles’ chemical composition. 
López-Pérez et al (2016) found that different types of particles (diatomaceous earth, 
sand, chitin and cellulose) are colonised by different communities of bacteria. The 
“new” particles produced in the S. Temperate station are predominantly 
phytoplankton-derived organic matter and select for specific heterotrophs in both the 
FL and PA fraction. Specifically, there was an increase in the abundance of Bacteroidetes 
which are often associated with phytoplankton-derived organic matter (Teeling et al 
2012). The high dissimilarity between the S. Temperate PA community and the PA 
communities of the other stations indicated that particles in different oceanic 
provinces may vary in chemical composition and therefore select for different 
bacterial groups.  
Another reason for the high variability between the PA communities could be due to 
succession patterns occurring during particle colonisation (Datta et al 2016). Analysis 
of bacterial colonisation of chitin particles demonstrated that PA bacteria undergo 
rapid succession patterns (Datta et al 2016). Motile bacteria that can use the particles 
as a resource are the initial colonisers. Subsequently, secondary consumers colonise 
the particle, likely because they are attracted by the metabolites produced by the 
primary colonisers rather than the particle composition (Datta et al 2016). The 
colonisation of “new” particles in the S. Temperate station by predominantly 



Bacteroidetes may represent an initial colonisation by organisms using the particle as a 
resource (i.e. polysaccharides, proteins). The communities of particles in other regions, 
such as in the Gyres, represent a more established but variable community of 
secondary colonisers. Sampling different size fractions at a specific point in time give 
only a snapshot of the current part of a continuous succession pattern. To fully 
comprehend the differences in the community composition between different PA size 
fractions it is necessary to also understand chemical composition and age of the 
particles.  

Conclusions

The selective attachment of marine bacterial to particulate organic matter has resulted 
in their categorization into different size fractions. However, this is likely too simple a 
categorisation given the complexity of colonisation and succession patterns on 
particles, as well as the variations in particle biochemistry and the potential for lifestyle 
interchangeability of bacteria. Additionally, the physical size of a particle is unlikely to 
determine the attachment of a bacterium to a particle. The method of size 
fractionation should rather be seen as a means of “enriching” the rare but active PA 
community allowing for an in-depth analysis of the full metabolic capability and 
potential of a microbial assemblage. 
 

Outlook  

This manuscript has not been submitted for peer review, as further work is currently 
underway to address some of the questions highlighted in the discussion. 
Specifically, we are currently attempting to classify the chemical composition of the 
particles using lectin staining (Bennke et al 2013). Lectins are carbohydrate-binding 
proteins that bind to extracellular polymeric substrates and glycoconjugates. They are 
commercially available as fluorescently labelled lectins and can be combined with 
super-resolution structured illumination microscopy to visualise the substrates and 
glycoconjugates of a particle. In a previous study, Bennke et al (2013) tested seventy-
seven commercially available lectins for their binding efficiency and sensitivity to 
marine phytoplankton cells and macro aggregates. Twelve of these showed specific 
binding to marine particles and their specificity covered several substrates, specifically 
galactose, sialic acid, N-acetyl-galactosamine, fucose and mannose. Using these lectins 
the chemical composition of the particles across the Atlantic Ocean is being analysed. 
This analysis will give us a spatial distribution pattern of the carbohydrate content of 
particles and may help us understand why specific bacteria are found on particles in 
one oceanic province but not in another. Additionally, it can potential give us a better 



understanding of the spatial distribution of different particle-associated carbohydrates 
across the Atlantic Ocean. 
Additionally, using meta-genomics we are analysing the genetic potential of the PA 
organisms, which should yield further insight into their specific distribution patterns. 
The functional potential of the PA community can be used to form hypotheses about 
their possible activities on the particles. To date, there have only been a few 
metagenomics studies of PA microbial communities (Allen et al 2012, Ganesh et al 
2014, Smith et al 2013). These studies have shown differences between the PA and FL 
communities as well as distinctions between different size fractions. However, there is 
often a high proportion of eukaryotic, and phylogenetically unclassified sequences in 
the PA community metagenomes making them difficult to analyse difficult (Simon et 
al 2014). 
We are currently analysing the PA bacterial community of the S. Temperate stations, 
which were directly correlated to the increase in chlorophyll a and appeared to 
respond to the addition of fresh organic matter. Of interest in these analyses are the 
genes encoding the proteins which are involved in the utilisation of dissolved organic 
matter as well as the specific carbohydrate active enzymes. These can also be used to 
predict the carbohydrate content of the particles, assuming they are actively expressed. 
Similar predictions were made from the analyses of FL communities during 
phytoplankton blooms (Teeling et al 2012). Metagenomics potentials and substrate 
predictions could be combined with the results of the lectin staining and may yield 
new insight into the hydrolysis of POM in the marine environment.  
A parallel analysis of the metagenomics potential of the PA community from 
oligotrophic open ocean particles would also be interesting, as these varied 
considerably in the community composition to their FL counterparts. The high 
taxonomic variation should be reflected in the functional potential and further our 
limited understanding of the different bacterial lifestyles (Allen et al 2012).  
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Abstract  

We recently reported an alternative “selfish” polysaccharide uptake mechanism of 
marine bacteria which significantly impacted our understanding of the global turnover 
of organic matter. Here we report on the extracellular hydrolysis rates of 
polysaccharides and the change in microbial community composition based on 16S 
rRNA tag sequencing and fluorescence in situ hybridisation (FISH) within the same 
experiments. These new analyses gave us an insight into the activity of other 
polysaccharide utilisation mechanisms within the same experiments and allowed us to 
qualitative and quantitative access the changing in microbial community composition 
during the incubations.  
Five of the six tested polysaccharides were hydrolysed at every station but the rates 
and spectrum of hydrolysis varied across the Atlantic Ocean. The highest rates of 
hydrolysis were seen in the laminarin and xylan incubations (22 nmol monomer L-1 h-1 
and 17 nmol monomer L-1 h-1 for laminarin and xylan, respectively). We found distinct 
patterns in the rates and spectrum of hydrolysis of individual polysaccharide and could 
associate these to variations in the community composition between stations. In our 
previous study, we discovered that the Bacteroidetes, Planctomycetes and Catenovulum were 
using an alternative substrate uptake mechanism and now using 16s rRNA sequencing 
we could further classify these into specific genera. Additionally, we could show that 
Alteromonas was potentially a dominant external degrader within the Atlantic Ocean. 
The combined analysis of the activity of different substrate utilisation mechanisms and 
changes in the community composition enabled us to link specific bacterial groups to 
specific functions and identify the potentially dominant polysaccharide degrading 
organisms in the Atlantic Ocean. Using these data, we can begin to hypothesise on 
how differences in the global distribution patterns of specific microorganism effect 
the turnover of organic matter in the marine environment. 
  



Introduction  

Marine phytoplankton fix an estimated 44 to 67 Gt of carbon per year which accounts 
for half of the global carbon fixation (Ciais et al 2013, Field et al 1998, Finkel 2014, 
Westberry et al 2008). The primary mediators of the decomposition and 
remineralisation of up to 90% of this fixed carbon are heterotrophic microorganisms 
(Cho and Azam 1988, Elifantz et al 2007, Hedges 1992, Moran et al 2016, Piontek et 
al 2011). Phytoplankton derived carbon is available to microorganisms largely in the 
form of dissolved organic matter (DOM) and it is degraded within hours to days of its 
production (Arnosti 2004, Bunse and Pinhassi 2016, Elifantz et al 2005, Elifantz et al 
2007, Kirchman et al 2001). The high turnover of organic matter by marine 
microorganisms has a significant impact on global carbon and nutrient cycling (Landa 
et al 2016, Legendre et al 2015, Piontek et al 2011, Teira et al 2008). 
Phytoplankton derived organic matter consists of low molecular weight (LMW) 
compounds, such as amino acids and sugars, and high molecular weight (HMW) 
components, such as proteins, polysaccharides, lipids and nucleic acids (Alderkamp et 
al 2007, Benner et al 1992, Biddanda and Benner 1997, Biersmith and Benner 1998, 
Myklestad 1995). Polysaccharides can account for as much as 50% of the total 
dissolved organic carbon (DOC) in surface oceans (Benner et al 1992). Whereas 
microorganisms can directly transport the LMW components across their cell 
membranes, a major fraction of HMW substrates must first be extracellularly 
enzymatically hydrolysed (Arnosti 2011, Decad and Nikaido 1976, Weiss et al 1996). 
The remineralisation of a significant fraction of marine organic matter is, therefore, 
dependent on the enzymatic activity of microorganisms. 
Environmental enzymatic activity rates are determined by measuring the change in 
concentration of a substrate or the rate of product production over time (Arnosti 
2003, Chróst 1992). However, it is currently not or only partially possible to fully 
characterise and measure the concentrations of specific polysaccharides within an 
environmental sample (reviewed in detail by Thornton (2014)), (Becker et al 2017). 
Without knowing the concentration of a polysaccharide, we cannot determine its rate 
of hydrolysis or estimate the impact its turnover has on the global carbon cycle.  
We can, however, calculate the potential hydrolysis rates by using fluorescently-
labelled polysaccharide (FLA-PS) incubations (Arnosti 2003). FLA-PS incubations 
allow for the quantification of the change in the molecular mass distribution of a 
specific polysaccharide as it is enzymatically hydrolysed to smaller sizes over time. 
Previous analyses using FLA-PS have highlighted distinct patterns both in the 
spectrum and rates of polysaccharide hydrolysis across latitudes (Arnosti et al 2011). It 
is unknown however if these patterns are dependent on differences in the microbial 
community composition and to what extent functional differences between 
communities affect the activity rates. 



Marine microorganisms have three main mechanisms of accessing HMW substrate; 
external degradation, cheating and selfish behaviour (Chapter 5 Figure 1) (Allison 
2005, Cuskin et al 2015, Kaiser et al 2015, Reintjes et al 2017). Selfish organisms use 
surface-associated enzymes to bind and partially degrade HMW substrates on the cell 
surface and then directly transport the produced oligomers into the cell. These are 
further hydrolysed within the protective space of the periplasm (Cuskin et al 2015, 
Kabisch et al 2014, Reintjes et al 2017). External degraders (aka. decomposers, 
cooperative microbes) produce extracellular or surface-associated enzymes to 
externally degrade HMW substrates to sizes suitable for uptake (Kaiser et al 2015, 
West et al 2007). The extracellular degradation of a substrate causes the release of 
hydrolysis products into the environment; collectively called “public goods” (Cordero 
et al 2012, West et al 2007). “Public goods” are freely available LMW substrates that 
can be taken up by other organisms such as “cheaters” and scavengers (Allison 2005, 
West et al 2007). Cheaters do not produce extracellular enzymes but profit from the 
enzymatic activity of other organisms (Allison 2005, Kaiser et al 2015). These 
functional differences between microorganisms may also influence the hydrolysis 
patterns previously observed in the marine environment.  
 

 



We investigated both the taxonomic and functional diversity of microorganisms 
associated with the hydrolysis of HMW polysaccharides to increase our understanding 
of why there are differences in the patterns of extracellular hydrolysis rates across 
oceanic provinces. We did this by analysing the activity of external degraders using 
FLA-PS incubations and identifying the active external degraders using 16S rRNA 
sequencing and fluorescence in situ hybridisation (FISH). We combined these results 
with our previous finding of the taxonomy and activity of selfish behaviour within in 
the Atlantic Ocean (Reintjes et al 2017). These combined analyses allowed us to 
further our understanding of the patterns in polysaccharide utilisation on a functional 
and taxonomic level across the Atlantic Ocean.  

Methods

Sampling and Substrate Incubations  

During the Atlantic Meridional Transect (AMT) 22 cruise from Southampton, UK, to 
Punta Arenas, Chile, from 10.10.2012 to 24.11.2012 seawater samples were taken 
from five sites in four different oceanic provinces (Chapter 4 Supplementary Figure 
1). These included the Northern Temperate, Northern Gyre, Equatorial and Southern 
Gyre province. The Southern Gyre was sampled twice, once in the north and once in 
the south. The samples were collected at solar noon using a Niskin bottle rosette with 
an attached Sea Bird CTD (Sea Bird Scientific). Triplicate 20 L samples were taken at 
each station from 20 m depth. Six 500 ml subsamples of each triplicate were added to 
acid washed sterile glass bottles (18 in total) and incubated with one of six 
fluorescently labelled polysaccharides (FLA-PS) for a total of 12 to 18 days. The 
polysaccharides were laminarin, xylan, chondroitin sulphate, arabinogalactan, 
fucoidan, pullulan and they were added at a concentration of 1.75 µM monomer 
equivalent to each 500 ml incubation mimicking a natural low input of organic matter. 
Two types of control samples were taken. Firstly, an additional 500 ml subsample was 
incubated in a sterile glass bottle, without a polysaccharide; this served as a treatment 
control. Secondly, six 50 ml subsamples of seawater were placed in sterile glass bottles 
and autoclaved. Subsequently, one of each of the 6 polysaccharides was added to a 
bottle and incubated under the same conditions; these served as killed controls.  
All bottles (18 incubation, 1 treatment control, 6 kill control) were kept at room 
temperature in the dark. Subsamples for microscopy, FISH analysis, extracellular 



enzymatic activity and microbial diversity were collected at regular time points 
(typically 30 min, 1, 3, 6, 12, and 18 days). For microscopy and FISH, 20 ml of water 
was filtered through a 47 mm (0.2 µm pore size) polycarbonate filter, applying a gentle 
vacuum of < 200 mbar. After drying, the filters were stored at -20°C until further 
analysis. For microbial diversity analyses, 10 ml of water was filtered through a 0.2 µm 
pore size polycarbonate filter using a Whatman 420200 Swin-Lok filter holder (Sigma-
Aldrich, Munich, Germany). Two ml of the filtrate from the microbial diversity 
sample was collected and stored at -80°C for measurement of extracellular enzyme 
activity.  

DNA Extraction 

Microbial DNA was extracted using the MoBio Power Water DNA Extraction Kit 
(MoBio Laboratories, Inc) as recommended by the manufacturer. 

PCR and Sequencing  

PCR was carried out using the primers S-D-Bact-0341-b-S-17 (5′-
CCTACGGGNGGCWGCAG-3′) and S-D-Bact-0785-a-A-21 (5′-
GACTACHVGGGTATCTAATCC-3) targeting the V3-V4 variable region of the 16S 
rRNA (Klindworth et al 2013) and Phusion High-Fidelity DNA polymerase as 
recommended by the manufacturer (Thermo Fisher). Subsequently, the PCR products 
were visualised and amplicon bands were cut out with a sterile scalpel. The excised gel 
slices were purified using the QiagenMiniElute kit (Qiagen). After purification, the 
PCR products were pooled into libraries with a minimum DNA concentration of 1 
µg, measured using a Qubit assay (Invitrogen). The libraries were paired-end 
sequenced using the 300 bp chemistry on an Illumina Miseq (Illumina, CA, USA). 

Processing of Sequencing Data  

The sequence reads from the Illumina Miseq were further processed using the 
bioinformatics pipeline of the SilvaNGS project (Quast 2013). Processing involved 
quality controls for sequence length (> 200 bp) and the presences of ambiguities (< 
2%) and homopolymers (< 2%). The remaining reads were aligned against the SSU 
rRNA seed of the SILVA database release 119 (Quast et al 2013). The classification 
was done by a local BLAST search against the SILVA SSURef 119.1 NR database 
using blast -2.2.22+ with standard settings.  



Microbial Diversity Analysis and Evaluation of 

Sequencing Triplicates 

The interpretation and visualisation of the microbial diversity analyses were done 
using normalised species abundance to site matrices using the R software with the 
packages Vegan (community ecology package (Oksanen et al 2013)) and Rioja 
(Analysis of Quaternary Science Data (Juggins 2016-07-13)). Specifically, the Vegan 
package was used to calculate diversity indices, community ordination, ANOSIM and 
dissimilarity analysis.  
All substrate incubations were performed in biological triplicates and the community 
within each triplet showed similar changes in diversity (Chapter 5 Supplementary 
Figure 1Chapter 5 Supplementary Figure 2). The similarity was calculated by first 
obtaining the mean variance of the triplicate read abundance from each genus and 
then calculating the mean variance in each sample (all genera). The standard deviation 
was calculated by taking the square root of the mean variance of each sample. 
Subsequently, the confidence intervals were calculated. The mean variance of all 
triplicate incubations was 1.62 x 10-5 with a mean standard deviation of 3.6 x 10-3 and 
95% confidence interval of 2.37 x 10-4; 79% of the samples fell within the confidence 
intervals. A treatment control bottle with no substrate addition was run in parallel at 
all stations (as mentioned above).  
The change in community composition over the course of each incubation was 
investigated using the percentage change in abundance of each genus over time 
(minimum read abundance of 0.5%). The percentage change in abundance is 
calculated by analysing the change in normalised read abundance of each bacterial 
genus over time compared to the initial community (T0). The percentage change in 
abundance highlights both the positive and negative responses of each genus to the 
substrate addition.  

Extracellular Enzymatic Activity  

Six polysaccharides (laminarin, xylan, chondroitin sulphate, arabinogalactan, pullulan, 
fucoidan) obtained from Sigma-Aldrich (Germany) were fluorescently labelled with 
fluoresceinamine (Sigma-Aldrich; isomer II) as described in Arnosti (2003). The 
fluorescently labelled polysaccharide solutions are free of mono- or oligosaccharides 
because they are repeatedly injected onto standardised gel permeation 
chromatography systems as part of the labelling procedure; any lower molecular 
weight carbohydrates are thereby removed during purification. A single polysaccharide 
was added at a concentration of 1.75 µmol monomer-equivalent to each 500 ml water 
sample; each polysaccharide was incubated in triplicate, plus one killed control, as 



described above. Activities of enzymes that hydrolyse each polysaccharide were 
determined by monitoring the changes in molecular weight of the fluorescently 
labelled polysaccharides over the time course of the incubations, as described in detail 
in Arnosti (2003). In brief, a sub-sample of each sample was injected into a gel 
permeation chromatography / HPLC system with two Sephadex columns (G-50 and 
G-75 gel) connected in sequence, with the column outflow passing through a Hitachi 
fluorescence detector set to excitation and emission maxima of 490 and 530 nm, 
respectively. Columns were standardised using a series of FITC-labelled dextrans, and 
free fluorescent tags (Sigma-Aldrich). Changes in substrate molecular weight 
distribution relative to the time-zero samples were determined at each time point, and 
hydrolysis rates were calculated from the changes in molecular weight distribution 
with time. Note that added polysaccharides would be in competition with naturally 
present substrates for the enzyme active sites; hydrolysis rates reported here are 
potential rates. Since the added substrate represents a ~25% increase in total DOC 
typical for surface ocean waters of the North Atlantic (Longhurst 2007), however, the 
added substrate is likely at saturating concentrations for specific enzymes. 

Substrate Staining, FISH and Automated 

Microscopy  

A selection of groups specific FISH probes was chosen based on the bacterial groups 
that showed changes in read abundance during the incubations (see Results, Microbial 
Diversity). This selection included probes for the Bacteroidetes (CF319a), Planctomycetes 
(PLA46), Alteromonadales (ALT1314) and Catenovulum (CAT653) (Chapter 4 
Supplementary Table 1).  
All cell staining and microscopy was done as described in detail in Chapter 4. Briefly, 
for the enumeration of substrate stained cells all samples were counterstained with 
DAPI and subsequently mounted using a Citifluor (EMS) Vectashield (Vector 
Laboratories) (v/v) (4 : 1) mounting solution. The samples were then visualised and 
enumerated on a fully automated microscope imaging system, as described in detail in 
Chapter 1. FISH was carried out as described in Chapter 4 with the FISH probes 
shown in Chapter 4 Supplementary Table 1. To test for relationships between the 
total cellular abundance of specific bacterial clades enumerated by FISH and the 
change in extracellular hydrolysis activity over time Pearson correlations were 
performed using the R software package.  



Results  

Extracellular Hydrolysis Rates 

Five of the six polysaccharides were hydrolysed at every station, although the rates 
varied considerably by station and substrate (Chapter 5 Figure 1). Fucoidan was not 
measurably hydrolysed in any incubation. Laminarin and xylan had the highest overall 
hydrolysis rates and were rapidly hydrolysed in all stations. The highest rate of 
hydrolysis of these two substrates occurred in the S. Gyre (N) (22 nmol monomer L-1 
h-1 and 17 nmol monomer L-1 h-1 for laminarin and xylan, respectively) and the S. 
Gyre (S) (20 nmol monomer L-1 h-1 and 16 nmol monomer L-1 h-1 respectively) 
(Chapter 5 Figure 2). In all stations, except the N. Temperate and N. Gyre, laminarin 
and xylan followed a similar hydrolysis pattern with the highest hydrolysis rates at day 
three. The subsequent decrease in calculated hydrolysis rate is primarily because most 
of the substrate was hydrolysed to small size classes by day 3, such that longer 
incubation times yielded lower calculated rates (see Methods).  
The N. Temperate had the most distinct hydrolysis patterns, with only laminarin and 
pullulan being hydrolysed at day three, whereby pullulan hydrolysis could only be 
measured in one of the triplicates (Chapter 5 Figure 2). All five substrates were 
actively hydrolysed at day 6 but again there was high variability between the triplicates. 
This high variability between the biological triplicates was only seen in the N. 
Temperate station.  
The N. Gyre had the lowest overall hydrolysis rates with only two of the six substrates 
(laminarin and xylan) being hydrolysed at low rates at day 3 (Chapter 5 Figure 2). Only 
after 18 days of incubation could low rates of hydrolysis of five substrates be detected. 
Contrastingly both S. Gyre stations had high hydrolysis rates of laminarin and xylan 
within 3 days in both stations and high hydrolysis rates of chondroitin sulphate in the 
S. Gyre (S) station.  
Chondroitin sulphate hydrolysis could be measured earlier in the N. Temperate, 
Equatorial and S. Gyre (S); with the highest and earliest rate seen in the Southern 
Gyre (S) (10 nmol monomer L-1 h-1; T6) (Chapter 5 Figure 2). By comparison, 
hydrolysis rates of chondroitin sulphate were very low (1 nmol monomer L-1 h-1) and 
could only be measured on day 18 in the N. Gyre and S. Gyre (N). Arabinogalactan 
showed a hydrolysis pattern similar to chondroitin sulphate. The highest hydrolysis of 
arabinogalactan was at the Equatorial station (5 nmol monomer L-1 h-1; T12). Pullulan 
was hydrolysed fastest in the N. Temperate and S. Gyre (N) (T6), but overall the rates 
were low (average; 2 nmol monomer L-1 h-1) at all stations. 



 

Microbial Diversity 

The change in microbial diversity was only analysed in the laminarin, xylan and 
chondroitin sulphate incubations. We deliberately chose to sequence a selected set of 
incubations because we wanted to analyse each biological triplicate from these 
incubations. Although it is not yet common practice to analyse biological replicates 
using NGS, we sequenced and analysed replicates to statistically show that there is a 
reproducible change in community composition. The analysis of biological replicates 
is essential because it determines to what extent results are representative of the 
environment (Prosser 2010). However, owing to the high volume of data produced 
from analysis replicates we reduced our analyses set by examining only the incubations 
with the highest activity rates (Chapter 5 Figure 2). 
ANOSIM of the initial communities (T0) showed a slight difference between the 
stations (R = 0.48, p = 0.0009) (Chapter 5 Supplementary Figure 3). In all stations, the 
dominant genera were SAR86, Alteromonas, SAR11, SAR116, AEGEAN-169 marine 
group, Rhodobacteraceae, Prochlorococcus, NS5, NS4, Candidatus Actinomarina (Chapter 5 
Supplementary Figure 4). These results are consistent with previous findings of 
surface ocean waters showing that the same groups dominate across large oceanic 
regions (Friedline et al 2012, Giovannoni and Stingl 2005, Giovannoni and Vergin 



2012, Yilmaz et al 2012). Differences in the total community composition were most 
apparent in the N. Temperate and N. Gyre. The N. Gyre had a higher abundance of 
Gammaproteobacteria and Alphaproteobacteria, whereas the N. Temperate exhibited a high 
abundance of Flavobacteraceae, Alphaproteobacteria and a lower abundance of 
Gammaproteobacteria (Chapter 5 Supplementary Figure 4). 
Microbial community composition changes during the course of each incubation 
showed both a substrate-specific changes - enrichment of Planctomycetes in nearly all 
chondroitin sulphate incubations - and site-specific changes with an increase of 
different organisms (Bacteroidetes, Alteromonas and Catenovulum) in the laminarin and 
xylan incubations (Chapter 5 Figure 3, Chapter 5 Figure 4, Chapter 5 Figure 5,  
Chapter 5 Figure 6, Chapter 5 Figure 7). All incubations showed a decrease in 
Cyanobacteria, specifically Prochlorococcus and Synechococcus. This corresponds to their 
phototrophic lifestyle as incubations were kept in the dark. 
In the N. Temperate, there was an increase in Bacteroidetes in all incubations (Chapter 5 
Figure 3) specifically, the family Flavobacteriaceae and the genera Muricauda, 
Salegentibacter, Tenacibaculum and uncultured Flavobacteriaceae. There was also an increase 
in the alphaproteobacterial genus Shimia and the gammaproteobacterial genus 
Colwellia. The treatment control had a similar increase of the genera Shimia and 
Tenacibaculum but also a marked increase in Vibrio, which was not seen in the substrate 
incubations.  
 



 

In the laminarin and xylan incubations of all other stations, there was an increase of 
predominantly Gammaproteobacteria specifically the genus Alteromonas, Catenovulum and 
other Alteromonadaceae. whereas in the chondroitin sulphate incubations there was an 
increase of Planctomycetes, specifically the Rhodopirellula and Planctomyces. The 
Planctomycetes increased after 12 to 18 days in the N. Gyre, Equatorial and S. Gyre (N) 
and after 3 days in the S. Gyre (S) (Chapter 5 Figure 4, Chapter 5 Figure 5,  
Chapter 5 Figure 6, Chapter 5 Figure 7). In addition to the Planctomycetes there was an 
increase in Flavobacteriaceae in the Equatorial and S. Gyre (S) chondroitin sulfate 
incubations, specifically the genus Reichenbachiella and Tamlana respectively. The S. 
Gyre (N) also showed an increase in Verrucomicrobia late in the chondroitin sulphate 
incubation.  
In all stations, there was a decrease in the abundance of the initial (T0) dominant 
groups of SAR86 and Candidatus Actinomarina as well as Prochlorococcus and 
Synechococcus. Similarily, SAR11 showed an initial decrease in all incubations but 
increased in abundance late (T12 - T18) in the N. Gyre, Equatorial and S. Gyre (N). 
The treatment controls generally showed different changes in composition in 
comparison to the incubations although slight similarities could be seen.  



 

 



 



Total Cellular Abundance 

The total cellular abundance did not change significantly during the incubations (with 
a single exception, Chapter 4 Supplementary Figure 5). The percentage change in 
abundance of specific groups accompanied by low changes in bulk abundance 
indicated a community level response to the substrate addition. Although a bottle 
effect is inevitable within such incubations, the data obtained reflects the potential of 
the in situ organisms as the bacteria within the bottles were certainly from the original 
water sample.  

Relative Abundance of Specific Bacterial Groups 

(Enumerated by FISH) 

In the laminarin incubation, there was an increase in the abundance of Bacteroidetes in 
the N. Temperate, N. Gyre and S. Gyre (S) (Chapter 5 Figure 8a). In addition to the 
Bacteroidetes, there was an increase in abundance of Alteromonas in all laminarin 
incubations. They increased significantly at day 3 in all stations, with an average 
increase from 8.12 x 103 cells ml-1 to 1.07 x 105 cells ml-1. Additionally, the 
gammaproteobacterial genus Catenovulum increased in abundance in the laminarin 
incubation of the S. Gyre (N) and S. Gyre (S). 
In the xylan incubations, there was a significant increase in the abundance of 
Bacteroidetes in the N. Temperate and N. Gyre (Chapter 5 Figure 8b). In the Equatorial 
region, their abundance increased only slightly after 12 - 18 days. Alteromonas increased 
in abundance by day 3 in all stations of the xylan incubation. Similar to the laminarin 
incubations there was an increase in Catenovulum in the Equatorial, S. Gyre (N) and S. 
Gyre (S) stations.  
In the chondroitin sulphate incubations, the highest increase in cellular abundance was 
seen in the Planctomycetes. They increased in abundance in the N. Gyre, Equatorial, S. 
Gyre (N), and S. Gyre (S) stations (Chapter 5 Figure 8c). In the N. and S. Gyre (N), 
Planctomycetes only increased in abundance after 18 days, whereas in the Equatorial and 
S. Gyre (S) stations they increased after 6 days. In addition to the Planctomycetes, the 
Alteromonas increased in the Equatorial, S. Gyre (N) and S. Gyre (S) station at day 3. In 
the chondroitin sulphate incubation of the N. Temperate station there was no increase 
in Planctomycetes, however, there was an increase in Bacteroidetes from 5.48 x 104 cells ml-
1 to 3.60 x 105 cells ml-1 after 6 days (Chapter 5 Figure 8c).  
The treatment controls showed no increase in abundance of Bacteroidetes (except in the 
N. Gyre), Catenovulum or Planctomycetes (Chapter 5 Figure 8d). There was an increase in 
the abundance of Alteromonas in all treatment control bottles but it was not as high as 
in the substrate incubations (except in the S. Gyre (S)). Slight changes in the 



community composition of the treatment control were expected as experiments were 
done in bottles and the seawater used in the experiments would have a natural 
abundance of DOM which can also cause community composition changes.  
 

 



 



Correlation of Extracellular Hydrolysis Activity 

with Cellular Increase of Specific Microbial 

Groups (Enumerated by FISH) 

Pearson correlations between the increase in cellular abundance of specific microbial 
groups (enumerated by FISH) and the extracellular hydrolysis activity were performed. 
A significant correlation between the increase in abundance of Alteromonas cells and 
the increase in extracellular hydrolysis activity was seen in the laminarin (R = 0.59, P-
value = 0.002) and xylan (R = 0.56, P-value = 0.005) incubations. Additionally, there 
was a negative correlation between the increase in Bacteroidetes abundance and 
extracellular hydrolysis activity in the laminarin incubation (R = - 0.43, P-value = 
0.035) and a positive relationship between the increase of Catenovulum and extracellular 
hydrolysis of xylan (R = 0.52, p-value = 0.015). 
 

Discussion  

The microbial community composition throughout the Atlantic Ocean had the 
potential to quickly hydrolyse laminarin. The high potential to degrade laminarin has 
also been shown across a broad latitudinal range (Arnosti et al 2011). Laminarin has 
been identified as one of the major storage compounds of marine phytoplankton and 
its global production is estimated at 5 to 15 billion tons per year (Alderkamp et al 
2007, Hecky et al 1973). The seemingly global potential to degrade laminarin indicates 
that it could be highly available and a common substrate for marine microorganisms.  
The most distinct hydrolysis patterns occurred in the N. Temperate station. 
Consistent with these distinct patterns there was also a distinctive change in the 
community composition compared to the other stations. All substrate incubations of 
the N. Temperate stations had an increase in both the cellular and read abundance of 
Bacteroidetes, specifically the family Flavobacteriaceae and the genera Muricauda, 
Salegentibacter, Tenacibaculum. Many Flavobacteriaceae are HMW specialists and have been 
repeatedly reported to contain a specific genetic repertoire for the degradation of 
polysaccharides (Bauer et al 2006, Buchan et al 2014, Fernández-Gómez et al 2013, 
Gómez-Pereira 2010, Teeling et al 2012). Within our incubations, they showed the 
ability to use three distinct polysaccharides further highlighting the metabolic 
versatility of the family. In the N. Temperate station the Flavobacteriaceae had a higher 
initial (T0) abundance which appeared to give them a competitive advantage over 
other organisms in the substrate incubations. Comparatively, Flavobacteriaceae had a 



lower initial abundance and did not significantly increase in the incubations in all other 
stations.  
All other stations (N. Gyre, Equatorial, S. Gyre (N) and S. Gyre (S)) showed highly 
similar patterns of hydrolysis particularly in the laminarin and xylan incubations, 
although the rates varied and were particularly low in the N. Gyre. All stations showed 
an increase in cellular and read abundance of Gammaproteobacteria, specifically the genus 
Alteromonas and Catenovulum, except the N. Gyre where only Alteromonas increased. The 
initial read abundance of Alteromonas and Catenovulum was higher in the Equatorial, S. 
Gyre (N) and S. Gyre (S), specifically when compared to the N. Temperate stations. 
Although the cellular abundance of Alteromonas and Catenovulum was low in all 
incubations they increased in abundance and responded to the substrate addition.  
In the chondroitin sulfate incubations of the N. Gyre, Equatorial, S. Gyre (N) and S. 
Gyre (S) there was a substrate-specific selection of Planctomycetes, specifically the genera 
Rhodopirellula and Planctomyces. This selection was substrate–specific as no other 
organisms appeared to hydrolyse chondroitin sulfate (except Bacteroidetes in the N. 
Temperate station). Hydrolysis could only be measured after there was an increase in 
Planctomycetes. Throughout the Atlantic Ocean there is a lower potential to use 
chondroitin sulfate and the Planctomycetes and Bacteroidetes were the only organisms that 
degraded this high sulphated marine polysaccharide. Both phyla have been shown to 
contain sulfatases which would enable them to degrade chondroitin sulfate (Bondoso 
et al 2017, Gómez-Pereira 2010, Gómez-Pereira et al 2012b, Grondin et al 2017, 
Wegner et al 2013). 
Our results show that differences in the microbial community composition among 
stations result in different patterns in the rates of hydrolysis. Consequently, the global 
distribution patterns of marine microorganisms have an impact on the rate of 
bacterially mediated carbon turnover.  
An important limitation of our study is the necessity to do incubations in bottles, this 
inevitably leads to changes in the bacterial community composition due to the “bottle 
effect” (Calvo-Díaz et al 2011, Hammes et al 2010, Lee and Fuhrman 1991, Massana 
et al 2001). However, we addressed this issue by adding only a low amount of 
substrate and running a treatment control in parallel to each incubation. The lack of 
any significant increase or decrease (“boom and bust”, (Alonso-Sáez et al 2015, Calvo-
Díaz et al 2011)) in cellular abundance within the incubations suggested that there was 
a continuous predator-prey relationship and/or the effects of viral lysis kept the 
microbial abundance constant. The water samples were not prefiltered to mimic 
natural conditions and allowing for grazing and viral lysis to occur as in a natural 
environment. We focused on the dominant changes in community composition 
because all incubations were done directly in seawater and contained a natural 
concentration of DOM and polysaccharides which may have caused additional minor 
changes. 



Relationship Between Taxonomy and Function  

Taxonomic variations in the community composition corresponded to differences in 
the hydrolysis patterns. In the following, we argue that based on correlations between 
total abundance and hydrolysis rates, bacterial group specific substrate utilisation 
mechanisms can be identified.  
We make this argument to link taxonomy and function and to formulate a hypothesis 
on the distribution of individual substrate utilisation mechanisms across the Atlantic 
Ocean. We identified the dominant external degraders by correlating the increase in 
extracellular hydrolysis rates with the increase in cellular abundance. This was done 
under the assumption that the extracellular hydrolysis of a substrate yields resources 
for growth resulting in increased abundance. The Alteromonas were significantly 
correlated with the increase in hydrolysis rates in the laminarin and xylan incubations. 
Although their initial abundance was always very low they increased significantly 
during the incubations in all provinces except the N. Temperate. Alteromonas have 
previously been shown to respond to the addition of phytoplankton derived 
polysaccharides and DOC (Allers et al 2007, Neumann et al 2015, Sarmento and 
Gasol 2012, Tada et al 2011, Taylor and Cunliffe 2017, Teeling et al 2016, Wietz et al 
2015). For example, Taylor and Cunliffe (2017) could show that Alteromonas 
assimilated phytoplankton-derived exopolymers and increased in abundance within 18 
hours of incubation. Additionally, both in pure culture analyses and environmental 
transcriptomic analyses the Alteromonas showed the metabolic capacity to degrade 
complex polysaccharides (McCarren et al 2010, Neumann et al 2015). Our results 
indicate that Alteromonas extracellularly hydrolyse HMW polysaccharides and can 
quickly respond to changes in substrate availability. However, their substrate range 
may be limited as they did not degrade chondroitin sulphate. Our study agrees with 
the theory that Alteromonas are r-strategists which can quickly make use of available 
substrates (Allers et al 2007, McCarren et al 2010, Neumann et al 2015, Sarmento and 
Gasol 2012, Taylor and Cunliffe 2017, Wietz et al 2015). 
Potential cheaters were identified by analysing the latent changes in the microbial 
composition after the hydrolysis rates reached a peak at day 3 – 6. The read 
abundance of SAR11 increased late in the incubations, mostly where Alteromonas had 
previously shown high abundance. We took this as an indication of possible 
scavenging of the “public goods” produced by Alteronomas or other sharing organisms. 
Genetic information of SAR11 has shown that they lack the ability to actively degrade 
HWM substrates, but have a high abundance of ABC transporters for both amino 
acids and sugars (Elifantz et al 2005, Morris et al 2012, Tang et al 2012, Tripp 2013). 
The increase in available hydrolysis products, caused by the extracellular hydrolysis of 
the HMW substrate, may be scavenged by the SAR11 explaining their increase in 
abundance late in the incubations where essentially all the HMW substrate is 
degraded. 



Within the N. Temperate province there was an increase in Bacteroidetes in all substrate 
incubations. However, the Bacteroidetes were negatively correlated to the extracellular 
hydrolysis rates. In a previous study, we could show that they use an alternative, 
“selfish”, mechanism for substrate utilisation which does not result in the production 
of extracellular hydrolysis products and therefore no measurable extracellular 
hydrolysis rates (Reintjes et al 2017). The Bacteroidetes are HMW specialists that take up 
HMW substrate directly (Buchan et al 2014, Elifantz et al 2007, Fernández-Gómez et 
al 2013, Gómez-Pereira 2010, Kabisch et al 2014). Their initial high abundance in the 
N. Temperate province may have enabled them to quickly use the HMW substrates 
and effectively reduce the substrate available for other organisms such as external 
degraders.  
Catenovulum and Planctomycetes were also identified as selfish organisms (Reintjes et al 
2017) and increased in abundance in the N. Gyre, Equatorial, S. Gyre and S. 
Temperate. Catenovulum and Planctomycetes both exhibited selfish substrate uptake (of 
xylan and chondroitin sulphate, respectively) but showed significant differences in the 
increase in total cellular abundance during the incubations. The Planctomycetes used 
chondroitin sulphate almost exclusively and significantly increased in abundance. 
Comparatively, Catenovulum showed selfish uptake of xylan but did not increase 
significantly in abundance. The simultaneous increase of external degraders, such as 
Alteromonas, in the xylan incubations caused a competition for the substrate. This 
competition may have restricted the growth of Catenovulum and caused the observed 
variation in growth between the two selfish organisms.  
Finally, the S. Gyre had the highest extracellular hydrolysis rates of laminarin and 
xylan. Additionally, there was a very low abundance of selfish organisms (Reintjes et al 
2017). The rapid hydrolysis of HMW substrate by external degraders decreased its 
availability of HMW substrates and resulted in a limited growth of selfish organisms. 
This resulted in external degraders outcompeting selfish organisms in the S. Gyre. 
Similarly, in all stations, where high rapid hydrolysis activity for laminarin and xylan 
was seen (Equatorial and S. Gyre stations), a generally low selfish behaviour was 
observed.  

Conclusion 

In the marine environment, there is a high abundance of HMW polysaccharides, 
which are available almost exclusively to heterotrophic microorganisms. The current 
methods of analysing and modelling organic matter turnover rates in the marine 
environment are limited because they rarely account for the differences in 
functionality between microorganisms. Using our combined analyses of selfish 
substrate uptake, extracellular hydrolysis rates and the qualitative and quantitative 
changes in bacterial community composition we could link the taxonomy and 
function of marine microorganisms. By associating individual mechanisms with 



specific bacterial groups, we can begin to understand how global variations in the 
distribution patterns of microorganism affect the turnover rates of organic matter in 
the marine environment.  
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General Discussion 

 



Discussion  

In this part of my thesis, I will summarise the major achievements of the research that 
was done during this thesis and discuss them in a broader context. Moreover, I will 
present open research questions and suggest approaches to address these questions. I 
will not discuss the results of the methodological chapters 2 and 3 again since these 
two chapters represent ongoing research. The respective outlooks have, therefore, 
been solely stated as part of each chapter’s conclusion.  
 

I. Three-player models of marine polysaccharide utilisation 
The work done in this thesis has significantly changed our understanding of how 
marine bacteria interact with and degrade HMW organic matter. Prior to this study, it 
was assumed that marine bacteria can only access HMW substrate using extracellular 
enzymes (Arnosti 2004, Sinsabaugh 1994, Vetter et al 1998). This inevitably leads to 
the production of smaller hydrolysis products which are also available to scavenging 
organisms, which do not produce enzymes (Allison 2005, Travisano and Velicer 2004, 
West et al 2007). This hypothesis resulted in the formations of a two-player model of 
substrate acquisition in marine bacteria, consisting of bacteria capable of degradation 
and others that profit from the scavenging of degradation products. The results 
presented in this study expand this two-player model to include an additional substrate 
uptake mechanism (Figure 5). This alternative mechanism is homologous to that gut 
bacteria, which have been shown to take up HMW substrates in a selfish manner. The 
mechanism is specialised for the uptake of HMW compounds and minimises the 
production of freely diffused extracellular enzymes and hydrolysis products (Chapter 
4) (Cuskin et al 2015). Furthermore, the work of this thesis enabled the identification 
of the dominant organisms associated with each of the three substrate utilisation 
mechanisms (Figure 5, Chapter 4 and 5). 
 



 

II. Culture-independent analysis of HMW substrate uptake 
in Bacteroidetes and other marine bacteria 

Prior to this study, it was not possible to analyse the activity of selfish bacteria in 
environmental samples. The widespread presence and activity of this alternative 
uptake mechanism, in the marine environment, could only be shown using the newly 
developed culture-independent technique (Chapter 4). Using fluorescently labelled 
polysaccharide (FLA-PS) incubations the uptake of polysaccharides into the periplasm 
of individual environmental bacterial cells, could be visualised (Figure 6). 
Furthermore, we combined the newly developed substrate staining technique with 
FISH to identify the organisms showing substrate uptake. The results, obtained from 
these two techniques, were analysed using a high-throughput automated image 
acquisition and enumeration system (Chapter 1). This enable the statistically relevant 
analyse of ~2000 samples taken from FLA-PS incubations of different provinces of 
the Atlantic Ocean. 



 

 

This high-throughput culture independent-technique enabled the identification of a 
high abundance of the cells, showing substrate specific staining, as Bacteroidetes. Based 
on the cell-specific staining patterns, I hypothesised that these cells were selfishly 
taking up polysaccharides through the activity of sus-like systems (Chapter 4) (D'Elia 
and Salyers 1996, Martens et al 2009, Reeves et al 1997). This hypothesis agrees with 
the metagenomics findings of high abundances of sus-like systems in marine 
Bacteroidetes (Cuskin et al 2015, D'Elia and Salyers 1996, Gómez-Pereira et al 2012b, 
Kabisch et al 2014, Teeling et al 2012, Wemheuer et al 2015). This study thereby 
provides robust evidence that marine Bacteroidetes use a selfish mechanism to take up 
and degrade polysaccharides. 
I also showed that the gammaproteobacterial genus Catenovulum and the Planctomycetes 
affiliated with the genera Planctomyces and Rhodopirellula took up FLA-PS into their 
periplasm (Chapter 4). Neither Catenovulum nor Planctomycetes have been found to 
contain canonical sus-like systems and therefore likely use yet other methods to 
transport FLA-PS into their periplasmic space.  
Currently, there are only two available isolates (Li et al 2015, Yan et al 2011) and two 
draft genomes (Shan et al 2014) of the gammaproteobacterial genus Catenovulum. 
Protein predictions of Catenovulum agarivorans YM01 (accession no. PRJNA158387) 
and Catenovulum agarivorans DS-2 (accession no. PRJNA200359) genomes reveal the 
presence of several tonB dependent receptors and hypothetical proteins of outer 



membrane SusC/RagB and susD/RagA. Additionally, both genomes contain 
predicted glycoside hydrolases associated with the families 3 and 43 indicating 
potential xylanases. These protein predictions indicate a potential to use xylan and the 
presence of a mechanism that could be similar to the Bacteroidetes sus-like system. 
These prediction are in agreement with the selfish xylan staining observed during this 
study. Further detailed studies with isolates of Catenovulum would enable the 
biochemical charateristion of their potentially selfish polysaccharide utilisation 
mechanism. 
Planctomycetes is a well-studied phylum with a wide range of genetic potentials (reviewed 
by Fuerst and Sagulenko 2011). Marine Planctomycetes have frequently been associated 
with macroalgae and the degradation of organic matter (Bengtsson and Øvreås 2010, 
Berlemont and Martiny 2016, Bondoso et al 2017, Lage and Bondoso 2014). Genetic 
analyses have shown that they are uniquely equipped to degrade marine sulphated 
polysaccharides due to a high abundance of sulfatase genes (Glöckner  et al 2003, 
Paparoditis et al 2014, Wegner et al 2013). This may also have been the reason why 
Planctomycetes increased so strongly in the chondroitin sulfate incubations, of this study. 
Further analysis are required to understand the mechanism with which Planctomycetes 
take up chondroitin sulfate into their periplasm. 
 

III. Substrate specific staining of Bacteroidetes 
The Bacteroidetes are widely distributed and present in a broad range of environments 
including, terrestrial soils, marine waters and sediments, as well as in human and 
animal gut systems (review by Gupta and Lorenzini 2007, and Thomas et al 2011). 
They are specialised for the degradation of polymers, such as proteins and 
polysaccharides, because they have unique substrate acquisition systems (Thomas et al 
2011). These systems are called sus-like systems and encoded by co-localised and co-
regulated genes that coordinate the recognition, binding, enzymatic degradation and 
uptake of polysaccharides (reviewed in detail by Foley et al 2016 and, Grondin et al 
2017). The gene clusters encoding these systems are termed polysaccharide utilisation 
loci (PULs) (Bjursell et al 2006, Foley et al 2016, Grondin et al 2017).  
Although many other bacteria have been shown to contain several of the genes 
encoded in PULs (Neugebauer et al 2005, Neumann et al 2015), there is one gene 
unique to the Bacteroidetes. This gene encodes the susD protein, which is responsible 
for the cell surface carbohydrate binding (Bjursell et al 2006, Cameron et al 2014). The 
susD forms together with the outer membrane pore formed by susC subunits a 
complex which enables the binding and transport of large oligosaccharides into the 
cell. The activity of the susC and susD proteins accounts for up to 70% of the binding 
capacity of sus-like systems and therefore play a central role in the uptake of 
polysaccharides by Bacteroidetes (Bjursell et al 2006, Cameron et al 2014, Reeves et al 
1997). Additionally, they are also likely responsible for the uptake of FLA-PS into the 
periplasm resulting in the substrate specific staining which was observe in this study.  



A recent X-ray crystallography study has provided further detail on the structure of 
the susC-susD protein complex (Glenwright et al 2017). The authors described the 
protein complex as a “pedal bin” structure, whereby each susC pore is capped by a 
susD binding protein. This structural description is relevant for the work done in this 
thesis because it allows for a theoretical size and abundance prediction of the complex 
on a cell. This, in turn, enables us to evaluate whether the level of staining, observed 
in environmental and cultured Bacteroidetes of this study, is feasible (thousands of FLA, 
Chapter 4) and can give us an indication of selfish uptake rates.  
The susCD protein complex exists of dimers that have a maximum length of 14 nm 
and a width of 6.4 nm, which corresponds to a surface area of ~90 nm2. As much as 
50% of the outer membrane of gram negative bacteria can consist of proteins 
(Koebnik et al 2000). Therefore, assuming an average cell surface area of 2.52 µm2 
(calculated from the average cell size of G. forsetii (2 µm x 0.5 µm) using an ellipsoid 
calculation for surface area) and that one-tenth of the outer membrane proteins are 
susCD complexes (under highly induced condition), a total of 1,400 susCD complexes 
could be present in the outer membrane. These high abundance would agree with 
proteomics studies that have shown that the complex can be highly expressed 
(Glenwright et al 2017, Kabisch et al 2014, Reeves et al 1997, Teeling et al 2012) and 
can make up as much as 13% of the total identified proteins of an environmental 
meta-proteome (Teeling et al 2012). Additionally, they agree with primary-labelled 
fluorescence antibody experiments which show high abundance of susD on the cell 
surface under induced conditions (Rogers et al 2013). 
The calculations presented here are no doubt highly speculative and we cannot yet 
calculate the absolute abundance of susCD complexes in the outer membrane of a 
cell. However, if the susCD complex is present at the hypothesised or a similar 
abundance it would explain the high level of substrate staining which was observed in 
the induced culture of G. forsetii within the short time of 5 min (Chapter 4). The signal 
intensity of the substrate staining requires that thousands of FLA-PS were transported 
into the cell within these few minutes. Data obtained in this study also suggest that 
some marine Bacteroidetes are expressing notable levels of the susCD complex in their 
marine habitat, as staining in environmental samples was observed within 30 min of 
substrate incubations. (Chapter 4). Further analyses of the activity and expression of 
susCD complexes in marine Bacteroidetes would significantly impact our understanding 
of the turnover of polysaccharide in the marine environment. 
 

IV. Outlook 
As demonstrated in this study, selfish substrate uptake is present throughout the 
marine environment and likely has as a significant impact on global carbon cycling. To 
determine the extent of this impact, further research efforts should focus on 
developing methods to measure the rates of FLA-PS uptake by selfish organisms in 
environmental samples. In the following I present four possible culture-independent 
methods of measuring selfish uptake rates. 



 
• Measurements of the rates of selfish uptake can be achieved by quantifying 

the fluorescence intensity of the FLA-PS signal within cells over time. 
Currently, it is not possible to measure the absolute number of fluorophores 
taken-up over time by individual cells in an environmental sample. However, 
by comparing the FLA-PS signal intensities to a known standard set of signal 
intensities, the rate of polysaccharide uptake can be measured. For this the 
average number of fluorophores per molecule of polysaccharide (the 
labelling density relative to the sugar monomers) must be known which is 
often in the range of 0.5 to 1.3 fluorescein molecules per polysaccharide 
molecule (Arnosti (2003)). This can then be used to estimate the number of 
polysaccharides taken up by individual cells, assuming that the whole 
polysaccharide is taken up. These analyses would be possible with 
microscopy or flow cytometry. 

• Alternatively, selfish uptake rates can be calculated using “fluorescence 
housekeeping”. By precisely tracking the amount of FLA within an 
incubation the abundance of intracellular FLA could be calculated. Here, one 
needs to assume that selfish organisms take up 100% of the FLA-PS thereby 
fully removing the fluorescein from the medium. Other bacteria degrading 
FLA-PS by exoenzymes would, in contrast, move the fluorescein label from 
higher molecular weight to lower molecular weight compounds but leave it 
to 100% in the medium. Specifically, when selfish organisms take up FLA-PS 
they remove FLA from the supernatant. Therefore, if the FLA signal 
intensity of the supernatant of a FLA-PS incubation is directly compared to 
the FLA signal intensity of a parallel negative control, then the difference in 
signal intensities corresponds to the amount of intracellular FLA. This could 
then be used to calculate the uptake of FLA-PS into the periplasm and 
thereby the uptake rate of FLA-PS by selfish organisms. 

• Extracellular hydrolysis rates of FLA-PS are calculated by analysing the 
change in molecular weight of the added polysaccharide over time using 
liquid chromatography coupled with fluorescence detection (Arnosti 2003). 
The same method could potentially be used for the calculation of selfish 
uptake rates of FLA-PS, as well as, characterising the size of the periplasmic 
oligosaccharides. By analysing not just the supernatant of an incubation but 
also the cells (or cell lysate), the intracellular fraction of FLA-PS could be 
measured. Ideally this method should be developed using pure cultures. It 
requires the gentle separation of the cells from the medium, without 
compromising the membrane integrity. Subsequently the cells are fully and 
rapidly lysed to release the FLA from intracellular pools. Later this method 
could also be applied to environmental incubations to obtain the average 
selfish uptake rates of a bacterial community.  



• Finally, by using alternative polysaccharide labelling methods and more 
sensitive measuring techniques, a precise quantification of the selfish uptake 
rates in environmental samples could be achieved. In particular, fluorine 
labelling of polysaccharides for analyses by nanoSIMS or Nanogold labelling 
of polysaccharides for subsequent analysis by electron microscopy seem to 
be promising options (Behrens et al 2008, Hainfeld and Powell 2000, 
Montesano-Roditis et al 2001, Musat et al 2012). However, it is important 
that the alternative labels are stable and small enough to be readily taken up 
by the cells like FLA. Additionally, it is important that the label is not actively 
hydrolysed by the cell because then the activity cannot be traced back to 
selfish uptake. For example, radioactively labelled polysaccharides (14C) 
would enable the quantification of uptake rates of polysaccharides but would 
not be concentrated within the periplasm and could therefore not be 
conclusively liked to selfish uptake.  

 
In the following I will outline future research projects that would enable us to analyse 
and advance our understanding of the organisms exhibiting selfish behaviour in 
environmental samples, are highlighted.  

• To fully understand the extent of selfish substrate uptake, the mechanisms 
distribution in marine and other environments should be analysed. This 
could be achieved by performing additional FLA-PS incubations in other 
samples. Preliminary results from incubations in the South Pacific Gyre, 
mesopelagic waters and during a coastal phytoplankton bloom indicate that 
selfish substrate uptake is indeed widespread throughout marine waters and 
likely actively contributes significantly to the global carbon turnover. 
Additionally, the preliminary results indicated that the rates of selfish activity 
vary under different environmental condition.  

• Furthermore, although we have a good understanding of the sus-like-system 
of Bacteroidetes, we know relatively little about other “selfish” uptake 
mechanisms in marine bacteria. The substrate specific staining of Catenovulum 
and Planctomycetes, which was observed in this study, was hypothesised to be a 
selfish uptake mechanism but further analyses are required to prove this.  
Additionally, although combining the FLA-PS incubations with FISH 
allowed us to identify a large fraction of the substrate stained cells (Chapter 
4), there were substrate stained cells that were not target by our FISH 
probes.  
To enable a more comprehensive analysis of the taxonomy and function of 
selfish organisms FLA-PS incubations could be combined with flow 
cytometry and cell sorting. By fluorescence activated sorting, the cells 
showing substrate specific signals could be retrieved for a more detailed 
analysis of the active polysaccharide degrading community. The flow-sorted 
cells could then be analysed by 16S rRNA sequencing, metagenomics or 



single cell genomics to gain a detailed insight into their diversity and 
metabolic potentials. This combination of methods could enable the 
selective “tagging and sorting” of heterotrophic communities specialised in 
the uptake and degradation of specific polysaccharides.  

• Finally, recent analyses have indicated that some gut Bacteroidetes perform 
“leaky” selfish behaviour (Grondin et al 2017, Rakoff-Nahoum et al 2014, 
Rakoff-Nahoum et al 2016). Leaky selfish behaviour occurs when a substrate 
is bound to the cell, partially degraded but not or only partially transported. 
This causes the production of partially degraded oligosaccharides that are 
available to other organisms (Rakoff-Nahoum et al 2016).  
Additionally, it is possible that the susCD complex is only “moderately” 
specific and consequently takes up oligosaccharides that contain glycosidic 
bonds that the bacterium is not capable of degrading. This was partially 
confirmed by the unspecific transport of FLA during our substrate 
incubations. The subsequent release of these “un-degraded” oligosaccharides 
would result pseudo-leaky behaviour. The extent of “leaky” selfish behaviour 
could be tested in culture experiments using FLA-PS, by simultaneously 
analysing both the rate of selfish staining and the change in molecular weight 
of the polysaccharides over time.  
 

V. Marine polysaccharide utilisation mechanisms across the 
Atlantic Ocean 

In the present study, using FLA-PS incubations potential extracellular hydrolysis rates 
of polysaccharides were determined across different oceanic provinces of the Atlantic 
Ocean. For the first time, such measurements were combined with detailed analyses 
of the changes of bacterial community composition within FLA-PS incubations using 
both 16S rRNA sequencing and FISH. This enabled the identification of the 
potentially dominant polysaccharide degrading microorganisms (see chapter 5).  
A major aim of this study was to analyse how the taxonomy and function diversity of 
microorganisms affect the bacterially mediated carbon turnover in the Atlantic Ocean. 
This study could show, that differences in the microbial community composition, 
among provinces of the Atlantic Ocean, caused difference in the rate of extracellular 
hydrolysis of polysaccharides (Chapter 5). However, this was not due to differences in 
the functional potentials of the external degraders among sites, in fact Alteromonas was 
found to be the dominate external degrader in nearly every site, but rather due to the 
competition between different substrate utilisation mechanisms.  
Using the combine results of the activity of external degraders and selfish organisms 
within the Atlantic Ocean I evaluate, here, under which conditions a specific substrate 
utilisation strategy out-competed the other. I focus on the patterns within the 
laminarin and xylan incubations because they showed both high selfish and high 
extracellular hydrolysis activities (Chapter 5). 



Selfish substrate uptake was measurable prior to the activity of external degraders 
(extracellular hydrolysis rates). These “early” selfish organisms were identified, in this 
study, as belonging to the Bacteroidetes. The Bacteroidetes continuously produce sus-like 
systems at a low concentration, so-called “surveillance levels” (Cameron et al 2014, 
Karunatilaka et al 2014, Martens et al 2014). They are, therefore, directly equipped to 
take up HMW substrates. As substrate becomes available, it is bound to the cell 
surface, partially degraded and taken up into the periplasm via susCD complexes. The 
presence of oligosaccharide in the periplasm cause the up-regulation of the sus-like 
system which, due to it co-localisation and co-regulation, results in a rapid response 
(Cameron et al 2014, Karunatilaka et al 2014, Martens et al 2014). In cultured 
Bacteroidetes this up-regulation occurs within minutes (5 – 40 min) of the substrate 
addition (Rogers et al 2013). These findings indicate that the quick (30 min) substrate 
specific staining, observed in this study, maybe due to the presence of “surveillance 
level” amounts of sus-like systems in marine Bacteroidetes, which results in quick 
recognition and up-regulation of the required genetic machinery. 
However, although Bacteroidetes responded quicker to the FLA-PS addition they did 
not always increase significantly in abundance (Chapter 5). In this study, we could 
associate this to differences in the initial abundance of Bacteroidetes and external 
degraders (Alteromonas) within the incubations (Chapter 5). The results indicated that 
selfish organisms needed to have a specific threshold-abundance to out-complete 
external degraders. However, the polysaccharides which were used in this study were 
relatively “simple” (laminarin and xylan). Comparatively, marine Bacteroidetes rather 
show a high amount of specialisation for complex polysaccharides (Berlemont and 
Martiny 2016, Fernández-Gómez et al 2013, Gómez-Pereira 2010, Gómez-Pereira et 
al 2012b). It is therefore possible that this threshold-abundance is only required when 
they are in competition for simple polysaccharides. Alternatively, they may only face 
high levels of competition for simpler polysaccharide.  
In the present study, we could show when external degraders showed high activity, 
selfish activity was low. External degraders are social foraging organisms because their 
activity causes the production of “public goods” which are freely available (Allison 
2005, West et al 2007). “public goods” causes the induction of further social foragers 
resulting in increased hydrolysis rates (Allers et al 2007, Allison 2005, McCarren et al 
2010, West et al 2007). Additionally, it is possible that external degraders preferentially 
produce specific molecules that are selective for other social foragers. For example, 
the selfish uptake mechanism of Bacteroidetes is induced and up-regulated by 
oligosaccharides(Cameron et al 2014, Karunatilaka et al 2014, Martens et al 2009). 
However, if social foragers directly degrade the FLA-PS to small molecular, such as 
monosaccharides, they would prevent the induction of selfish organisms.  
Recent models of extracellular enzyme dynamics have indicated that the production of 
extracellular enzymes is only feasible with a minimum substrate concentration in the 
µM range (Traving et al 2015). Our substrate incubations were performed using µM 
substrate ranges and, due to their enclosed nature, may preferentially selection for 
external degraders. Comparatively, the production of cell associated enzymes is 



feasible down to a nM range of substrate (Traving et al 2015). Therefore, a potential 
future research project could include performing incubation with varying 
concentration of FLA-PS to identify under which conditions the various substrate 
utilisation mechanism are selected for.  
 

Concluding Remarks 
The research that was done in this doctoral thesis has resulted in the development of 
methods which enable the fast and reliable analysis of the abundance and diversity of 
microbial communities on-board a research vessel. Additionally, it has furthered our 
understanding of the community composition of different bacterial lifestyles across 
the Atlantic Ocean.  
Furthermore, the work presented in this thesis has significantly furthered our 
understanding of the activity and distribution patterns of bacterial polysaccharide 
utilisation mechanisms and enabled the association of these substrate utilisation 
mechanisms with specific bacterial groups. Using the information presented in this 
thesis we can begin to understand how global variations in the distribution patterns of 
microorganisms affect the turnover rates of organic matter in the marine 
environment. This study will enable us to make better predictions of the impact which 
marine microorganisms have on global biogeochemical cycles.  
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On-Board Sequencing Time Table
Time for analysis of 11 samples 

  Ion314chip Ion318 chip 

  time (min) time (min) 

Filtration  180 180 

DNA extraction  90 90 

DNA quantification (Fragment Analyser) 60 60 

PCR 12 12 

PCR clean up and size selection 60 60 

Amplicon quantification (Fragment Analyser) 60 60 

Pool calculation and preparation 60 60 

OT2 480 480 

ES 60 60 

Sequencing 240 420 

Ion torrent suite 120 240 

Offline Server Analysis (for 300,000 reads)
Import 3 3 

Cluster 10 10 

Align 8 8 

Classify 100 100 

Export (rarefaction, stats, taxplots) 20 20 

Plotting results 30 60 

  1593 1923 

  27 hours 32 hours 
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