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Sonja Koppenhöfer and Andrew S. Lang

Interactions among Redox Regulators and the CtrA Phosphorelay in Dinoroseobacter shibae and
Rhodobacter capsulatus
Reprinted from: Microorganisms 2020, 8, 562, doi:10.3390/microorganisms8040562 . . . . . . . . . 213

Karel Kopejtka, Yonghui Zeng, David Kaftan, Vadim Selyanin, Zdenko Gardian, 
Jürgen Tomasch, Ruben Sommaruga and Michal Koblı́žek
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Phototrophic bacteria represent a very ancient phylogenetic and highly diverse
metabolic type of bacteria that diverged early into several major phylogenetic lineages
with quite different properties. First of all, they differ in the structure of the photosynthetic
apparatus, the light reactions, bacteriochlorophyll structure and biosynthesis. They are
different in the relation to oxygen, i.e., are oxygen producers, are strict anaerobes or have
a wide range of tolerance of oxygen. Some species can make use of oxygen for energy
generation. They have adapted to all kinds of ecological niches and representatives are
found in a wide range of environments from cold waters to hot springs, from freshwater to
saturated salt brines, from acidic to alkaline habitats, in microbial mats and as inhabitants
inside rocks. Among a number of books on phototrophic bacteria, two compendia that
highlight major topics of early studies shall be mentioned [1,2].

Over the past decades, genomic and transcriptomic studies have pushed our knowledge
on phototrophic bacteria in various aspects, especially in regard to phylogenetic relationships
of species and evolution of physiological pathways, but also in the analysis of environmental
communities and the metabolic flexibility and adaptation of communities and individual
strains to specific ecological niches and to changing environmental conditions.

This Special Issue highlights recent advances in these aspects. It includes results specif-
ically on green sulfur bacteria (Chlorobi [3]), heliobacteria (Firmicutes [4]), Chloroflexi [5],
Cyanobacteria [6,7] and phototrophic purple bacteria (Proteobacteria [8–13]). In addition, phy-
logenetic studies regarding photosynthesis and osmotic adaptation consider representatives
of all of these phyla [14,15]. This Special Issue includes results on identification and genomic
characterization of new isolates [9], the adaptation to specific ecological niches in regard
to temperature [6], salinity [14] and pH [4]. It also considers aerobic phototrophic purple
bacteria and the relations to oxygen and oxidative stress [8–11,13] as well as environmental
interactions [5,7,12] and syntrophic relations [3].

Photosynthesis is a key process in the development of life on earth, and over roughly
3.5 billion years of phototrophic life on earth, not only a number of significantly differ-
ent phylogenetic lineages diverged but also different ecological niches were conquered.
The analysis of gene sequences of a key enzyme in bacteriochlorophyll biosynthesis, the
light-independent chlorophyllide reductase BchXYZ which is common to all anoxygenic
phototrophic bacteria, including those with a type-I and those with a type-II photosynthetic
reaction center, highlights their phylogenetic relationship [15]. The phylogenetic relations
of more than 150 species demonstrate that bacteriochlorophyll biosynthesis had evolved
in ancestors of phototrophic green bacteria (Chlorobi, Heliobacteriaceae, Chloracidobacterium)
much earlier as compared to phototrophic purple bacteria and also that multiple events
independently formed different lineages of aerobic phototrophic purple bacteria, some of
which have ancient roots [15].

Apparently, phylogenetically distinct strains of the Chlorobi have specifically adapted
to form syntrophic associations [16,17]. It has been the careful analysis of a mixed culture
considered to be a green sulfur bacterium and named “Chloropseudomonas ethylica”
that led to the discovery of a syntrophic relationship of a green sulfur bacterium and a
chemotrophic sulfur-reducer realizing a short type of sulfur cycle [17]. Now, the simulta-
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neous determination of the genome sequences of the green and colorless components of
three mixtures named “Chloropseudomonas ethylica” N3 and N2 originating from E.N.
Kondrat’eva many years ago and of the 2-K mixture (DSM 1685) revealed the identity of
the green component as a distinct Prosthecochloris species and of the colorless component
as a distinct cluster within Desulfuromonas strains [3]. Prosthecochloris ethylica is proposed
as a new species name for the green component. Tight adhesion (Tad) types of pili are
suggested to play a role in the syntrophic relationship of these bacteria by forming cell–cell
interactions and a gene cluster encoding these pili is characteristic for those green sulfur
bacteria (N2, N3, and DSM1685) that are involved in the interactions [3]. The formation of
pili in both partners of the syntrophic association suggests an evolutionarily gained specific
property of the syntrophic partners [3].

Over evolutionary times, phototrophic bacteria that have conquered different eco-
logical niches have given rise to the evolution of phylogenetic groups of species that are
living today in these niches. This is depicted in specific ecological niches of phylogenetic
distinct groups of phototrophic bacteria with examples of some heliobacteria in alkaline
waters [4], of different groups of phototrophic purple bacteria adapted to marine and
hypersaline habitats [14] and of certain genera of cyanobacteria with different temperature
responses [6]. The last aspect was studied by comparison of temperature responses of
30 isolates of these genera and by a meta-analysis of 84 locations around the world [6]
and revealed advantages of Tolypothrix strains at lower temperatures, Scytonema strains
at higher temperatures and Nostoc strains at moderate temperatures [6]. The complex
situation in the habitat was demonstrated by an expanded upper temperature range for
growth if fixed nitrogen sources are available.

Alkaliphilic heliobacteria of the genus Heliorestis live in soda lakes, grow optimally
between pH 8.0 and 9.5 and form a phylogenetic distinct group among heliobacteria [4].
One of these, Hrs. convoluta is the first heliobacterium isolated from a soda lake in the Wadi-
el-Natrun (Egypt), which is known as a habitat of alkaliphilic and extremely halophilic
eubacteria and archaea, e.g., Halorhodospira and Natronomonas species [18–20]. The analysis
of the complete genome sequence of Hrs. convoluta provided insight into the molecular
adaptation to alkaline conditions, the photoheterotrophic metabolism, nitrogen utilization,
sulfur assimilation, and pigment biosynthesis pathways of heliobacteria [4]. Recent genome
analyses of a larger number of heliobacteria have led to reconsidering their phylogeny and
systematic treatment and confirmed the distinct phylogenetic position of the alkaliphilic
Heliorestis species [21].

Comparative genomic analyses have consolidated the phylogenetic relationships of
phototrophic bacteria living in marine and hypersaline environments. Halophilic pho-
totrophic bacteria have glycine betaine and ectoine as major compatible solutes [22,23] and
their ability to transport and synthesize these compatible solutes has been found to correlate
well with the occurrence of these bacteria in saline and hypersaline habitats [14]. Further-
more, phylogenetic relations of key genes of these pathways define different phylogenetic
groups of halophilic phototrophic bacteria [14].

Another property that correlates with the occurrence in marine or freshwater habitats
is the formation of siderophores by aerobic phototrophic bacteria [8]. As important iron
chelators, siderophores participate in chelating and uptake of iron from the environment.
Interestingly, a high proportion of siderophore producers among aerobic phototrophic
purple bacteria was found in isolates originating from freshwater sources (hot springs,
freshwater lakes, and biological soil crusts) in comparison to those from marine, meromictic
lake, and saline spring habitats [8]. Halotolerant or halophilic aerobic phototrophic purple
bacteria do not produce siderophores of equal activity or quantity as compared to bacteria
that do not depend on NaCl for growth [8].

A special ecological niche of cyanobacteria as the primary settlers is the endolithic
habitat. In this study, the primary colonization and following succession dynamics in inter-
tidal carbonate rocks were studied over a period of nine months [7]. Based on 16S rRNA
gene libraries, an “unknown boring cluster” of so far uncultured cyanobacteria was identi-
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fied as the dominant primary settler [7]. With time, these primary settlers were replaced
by other endolithic cyanobacteria and significant populations of anoxygenic Chloroflexi
occurred in the mature endolithic intertidal ecosystem [7].

Prior to the establishment of oxygenic photosynthesis, phototrophic life had depended
on anoxic and strongly reducing conditions. The appearance of oxygen primarily caused
severe stress on all strictly anaerobes and triggered adaptation processes to tolerate and
eventually use oxygen for energy generation. Today, for many phototrophic purple bacteria,
the chemocline and boundary between oxic and anoxic/sulfidic parts of the environment
offer conditions for significant developments if light is available. Different strategies have
been realized to adapt to these dynamic ecological niches.

The relations to sulfide and oxygen remain important environmental factors deter-
mining the distribution and competition of anaerobic phototrophic purple bacteria in the
environment. While purple sulfur bacteria have a preference for anoxic and sulfidic parts
of the gradients, purple nonsulfur bacteria, to a different degree, have adapted to less
sulfidic/sulfide-free, anoxic, microoxic or even oxic parts. In colored blooms and microbial
mats, phototrophic purple nonsulfur bacteria and purple sulfur bacteria regularly occur to-
gether with a clear preference for the purple sulfur bacteria in sulfidic niches. The different
niches of phototrophic purple bacteria were highlighted in a comparison of colored blooms
in a coastal environment and in wastewater ditches [12]. The sulfidic coastal marine habitat
contained purple sulfur bacteria as the major populations, and smaller but significant
densities of purple nonsulfur bacteria, with members of Rhodovulum predominating. The
freshwater/wastewater habitat exclusively yielded purple nonsulfur bacteria, with species
of Rhodobacter, Rhodopseudomonas, and/or Pararhodospirillum as the major constituents. As
important environmental factors affecting purple nonsulfur bacteria populations, organic
matter, sulfide concentrations and the oxidation-reduction potential were identified [12].
Light-exposed, sulfide-deficient water bodies with high content of organic matter and
within a limited range of oxidation-reduction potentials provide favorable conditions for
the significant growth of purple nonsulfur bacteria [12].

Many phototrophic purple bacteria that perform photosynthesis under anoxic condi-
tions have alternative ways of energy generation in the dark. The relation to oxygen is a
crucial point in their life and oxygen is expected to determine the metabolic activities of
these bacteria. They can switch between aerobic and anaerobic lifestyles and responses to
these changes are regulated by a complex network of regulators.

Rba. sphaeroides and Rba. capsulatus are two of these facultative phototrophic bacteria
which are able to adjust their lifestyle. They can perform photosynthesis under anoxic
conditions but can also perform aerobic or anaerobic respiration or fermentation. Oxygen is a
major regulatory factor for the formation of photosynthetic complexes, and several proteins
involved in oxygen-mediated gene regulation have been identified [11]. In the presence of
light and oxygen, they may be exposed to photooxidative stress by the formation of reactive
singlet oxygen. In this study, the responses to photooxidative stress of Rba. sphaeroides and Rba.
capsulatus are compared by transcriptomic and proteomic analyses. Although both species
have quite a similar lifestyle, they show different responses to photooxidative stress [11].

Functional iron–sulfur clusters have diverse and important functions in phototrophic
bacteria. They are essential for bacteriochlorophyll synthesis and photosynthetic electron
transport and are involved in the defense of oxidative stress. A complex regulatory network
of several promoters and regulatory proteins is supposed to adjust iron–sulfur cluster
assembly to changing conditions in Rba. sphaeroides to avoid destruction by oxidative
stress [13]. A model is proposed for the regulation of iron–sulfur cluster biosynthesis in
which IscR is the main regulator and multiple promotors and regulators are involved in
adjusting ics-suf expression to environmental conditions [13].

Another study with two facultative phototrophic bacteria, Dinoroseobacter shibae and
Rba. capsulatus, demonstrates that adaptation processes to changes between oxic and anoxic
conditions are controlled by a complex regulatory network with different transcriptional
regulators in the two species [10]. It is shown that regulation of the CtrA regulon in
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Dinoroseobacter shibae is controlled by the aerobic-anaerobic regulators Crp/Fnr and by
FnrL/RegA in Rba. capsulatus [10].

An increasing number of phototrophic purple bacteria have been recently identified
to be well adapted to the oxic environment. A new isolate, closely related to Sphingomonas
glacialis and Sphingomonas paucimobilis, is characterized on the basis of its complete genome
with detailed phenotypic, phylogenetic, genomic, physiological, and biochemical charac-
terization [9].

Counteracting activities of oxygenic photosynthesis and respiration cause changes in
stratified environments with moving oxygen horizons during the daily cycles. These are
most pronounced in microbial mats. Bacteria living in these gradients have to deal with
these regular changes. Prominent examples of bacteria adapted to microbial mats in hot
springs are the Chloroflexus species [24]. The changes between oxic and anoxic conditions
as well as between light and dark conditions force these gliding bacteria to move up and
down in the mat to meet optimal conditions and to change key metabolic reactions to
optimize energy generation under the variable conditions. A particularly detailed study
on the adaptation to these dynamic environmental conditions, especially to daily moving
gradients in microbial mats, has been performed with Chloroflexus aggregatus by metatran-
scriptomic and proteomic studies [5], in which the in situ metabolic activity of Chloroflexus
aggregans in microbial mats of Nakabusa Hot Springs was analyzed [5]. This study reveals
a well-coordinated regulation of key metabolic processes to assure that Cfl. aggregans uses
its metabolic flexibility and capability for both phototrophic and chemotrophic growth to
optimize its performance under the varying environmental conditions in its natural habi-
tat [5]. During daytime, light is the main energy source supporting phototrophic growth
of Cfl. aggregans. During the afternoon, under microoxic low-light conditions, chemo-
heterotrophic growth is based on aerobic respiration, while fermentation takes place under
anoxic conditions at night. During early morning hours before sunrise, chemoautotrophic
growth with oxygen as the terminal electron acceptor takes place [5]. During the daily
cycle, Cfl. aggregans obviously also makes use of both forms of the Mg-protoporphyrin
monomethylester cyclase to synthesize bacteriochlorophyll via the aerobic AcsF-dependent
enzyme and via the anaerobic BchlE-dependent enzyme [5].

Altogether, the papers of this Special Issue demonstrate the exiting advances that
have been made in our knowledge on various aspects of the biology of phototrophic
bacteria by the application of genomic, transcriptomic and proteomic analyses. They bring
new dimensions to our understanding of metabolic processes and their regulation and to
environmental adaptation and place these into a phylogenetic context.
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Abstract: Photosynthesis is a key process for the establishment and maintenance of life on earth,
and it is manifested in several major lineages of the prokaryote tree of life. The evolution of
photosynthesis in anoxygenic photosynthetic bacteria is of major interest as these have the most
ancient roots of photosynthetic systems. The phylogenetic relations between anoxygenic phototrophic
bacteria were compared on the basis of sequences of key proteins of the type-II photosynthetic
reaction center, including PufLM and PufH (PuhA), and a key enzyme of bacteriochlorophyll
biosynthesis, the light-independent chlorophyllide reductase BchXYZ. The latter was common
to all anoxygenic phototrophic bacteria, including those with a type-I and those with a type-II
photosynthetic reaction center. The phylogenetic considerations included cultured phototrophic
bacteria from several phyla, including Proteobacteria (138 species), Chloroflexi (five species), Chlorobi
(six species), as well as Heliobacterium modesticaldum (Firmicutes), Chloracidobacterium acidophilum
(Acidobacteria), and Gemmatimonas phototrophica (Gemmatimonadetes). Whenever available, type
strains were studied. Phylogenetic relationships based on a photosynthesis tree (PS tree, including
sequences of PufHLM-BchXYZ) were compared with those of 16S rRNA gene sequences (RNS tree).
Despite some significant differences, large parts were congruent between the 16S rRNA phylogeny
and photosynthesis proteins. The phylogenetic relations demonstrated that bacteriochlorophyll
biosynthesis had evolved in ancestors of phototrophic green bacteria much earlier as compared to
phototrophic purple bacteria and that multiple events independently formed different lineages of
aerobic phototrophic purple bacteria, many of which have very ancient roots. The Rhodobacterales
clearly represented the youngest group, which was separated from other Proteobacteria by a large
evolutionary gap.

Keywords: phylogeny; photosynthetic reaction center proteins; bacteriochlorophyll biosynthesis;
phototrophic purple bacteria; evolution of anoxygenic photosynthesis

1. Introduction

Anoxygenic photosynthesis is widely distributed among eubacteria and involves a number of
genes for the photosynthetic reaction center and for the biosynthesis of photosynthetic pigments,
bacteriochlorophylls, and carotenoids, which are essential elements to enable photosynthesis. While
the biosynthesis of bacteriochlorophylls is common to all of them, the different structure of the
photosynthetic reaction center clearly separates two groups of anoxygenic phototrophic bacteria, those
having a type-I and those having a type-II photosystem [1–3].
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Those bacteria employing a photosystem type-II photosynthetic apparatus include the
phototrophic purple bacteria (Proteobacteria), as well as Gemmatimonas and Chloroflexus, with their
photosynthetic relatives [1,3–5]. Essential components of the type-II photosynthetic apparatus are
represented by two membrane-spanning photosynthetic reaction center proteins that are common
to all of these bacteria. These PufLM proteins are binding bacteriochlorophyll molecules and
are crucial components of the type-II photosynthetic apparatus. Together with an additional
protein (PufH = PuhA), they form the core structure of the type-II photosynthetic reaction center
in all phototrophic purple bacteria (Proteobacteria and Gemmatimonas). The PufH protein is absent from
the Chloroflexi that have chlorosomes attached to the reaction center. In addition, a cytochrome c (PufC)
is associated with the reaction center proteins in the majority of phototrophic purple bacteria but is
lacking in a number of species [6]. While pufLMC genes form a stable genomic cluster (sometimes
lacking the pufC gene), pufH (puhA) is located at a different place within the genome, associated with
genes of bacteriochlorophyll biosynthesis [6]. It has been demonstrated that sequences of PufLM are
excellent tools to study the phylogeny of anoxygenic phototrophic purple bacteria, as well as their
diversity and environmental distribution [2,7–9]. In a comprehensive study based on the phylogeny of
PufLM, it was shown that distinct lineages of Proteobacteria contained phototrophic representatives in
10 orders, including anaerobic as well as aerobic anoxygenic phototrophic purple bacteria [3].

Bacteriochlorophyll biosynthesis is common to all phototrophic bacteria, including those with
a type-I and those with a type-II photosynthetic reaction center. A key enzyme in this pathway
is the light-independent chlorophyllide reductase BchXYZ. Consequently, this protein enables a
broad view on the phylogeny of anoxygenic photosynthetic bacteria with a capacity to synthesize
bacteriochlorophyll [10].

In the present work, the phylogeny of anoxygenic phototrophic bacteria was analyzed on the
basis of sequences of key proteins of the type-II photosynthetic reaction center PufHLM and of
chlorophyllide reductase BchXYZ and was compared with the phylogeny of the 16S rRNA gene
(Figure 1). The phylogenetic tree of BchXYZ (Figure 2) gave an overview of all considered strains,
while that of combined sequences of PufHLM-BchXYZ (Figure 3) covered all considered phototrophic
purple bacteria. In addition, phylogenies of combined PufHLM-BchXYZ sequences and 16S rRNA
gene sequences were compared (Figure 4).

2. Material and Methods

2.1. Cultivation, Sequencing, and Assembly of DNA Sequences

Cells were grown in the appropriate media, as described for the purple sulfur bacteria [11,12]
and several groups of phototrophic purple bacteria [13]. Extraction and sequencing of DNA and the
assembly of sequences were described earlier [14].

2.2. Sequences

Sequences of PufL, PufM, PufH, PufC, BchXYZ were retrieved from the annotated genomes.
Genome sequences were annotated using the rapid annotations using subsystems technology
(RAST) [15,16]. All sequences were deposited in the EMBL database. Accession numbers, together
with species and strain designations, as well as the corresponding higher taxonomic ranks, are included
in Supplementary Table S1.

2.3. Phylogenetic Analyses

Multiple sequence alignments (MSAs) were produced with MAFFT v7.313 [17,18] from all
sequences and were visually inspected for consistency. MAFFT was run with parameters ‘- globalpair
- maxiterate 1000′. Alignment positions with >25% gaps were trimmed from MSAs. Maximum
likelihood (ML) phylogenetic trees were calculated from MSAs with IQ-TREE v1.6.1 [19] using the best
substitution models inferred from MSAs. For trees calculated from combined alignments (‘bchXYZ’
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and ‘bchXYZpufHLM’), substitution models were used as so-called partition models [20]. Ultrafast
bootstrap approximation (UFBoot) [21] was used to provide branch support values with 1000 replicates
based on the same substitution models as the original ML tree. Branch support values were assigned
onto the original ML tree as the number of times each branch in the original tree occurred in the set of
bootstrap replicates (IQ-TREE option ‘-sup’).

Phylogenetic trees were midpoint-rooted and formatted using functionality from R packages ape
v5.0.1 [22], phangorn v2.3.2 [23], and phytools v0.6.45 [24]. Bootstrap values within a range of 80–100%
were visualized as filled circles. The circle area is a linear function of the respective bootstrap value.
The scale bar beneath a tree indicates the number of substitutions per alignment site. A co-phylogenetic
plot was produced to facilitate the comparison of selected phylogenies. Nodes of compared trees were
rotated to optimize tip matching.

3. Results and Discussion

3.1. Strain and Sequence Selection

Representatives of phototrophic Proteobacteria (10 orders, 21 families, 86 genera, 138 species,
159 strains + five unclassified strains) together with five representatives of Chloroflexi (one order,
three families, three genera, five species) and six selected Chlorobi (one order, one family, four genera,
six species), as well as Gemmatimonas phototrophica, Chloracidobacterium acidophilum, and Heliobacterium
modesticaldum were included in the phylogenetic analyses of this study.

Depending on the availability of gene and genomic information, primarily sequence information
from the type and reference strains was considered. In order to avoid any incongruity due to
strain-dependent sequence variation, sequences from identical strains were used for all phylogenetic
trees. All species and strain numbers are presented in Supplementary Table S1.

3.2. Phylogeny According to 16S rRNA Gene Sequences

As the 16S rRNA gene is established as a phylogenetic reference since the pioneering work of Carl
Woese [25], we included the phylogenetic tree of this gene showing the relationship of all strains selected
for the present study (RNA tree, Figure 1) and later compared this phylogenetic relationship with that
of key proteins of photosynthesis (Figure 4). Clearly separated and distinct major groups with the
deepest branching points in the tree were represented by Chlorobi, Chloroflexi, as well as Heliobacterium
modesticaldum (representative of Firmicutes phylum), Chloracidobacterium thermophilum (representative
of Acidobacteria phylum), and Gemmatimonas phototrophica (representative of Gemmatimonadetes phylum)
(Figure 1). Quite remarkable was the isolated position of Gemmatimonas, which encodes a typical
proteobacterial photosynthetic apparatus [26,27].

The Proteobacteria formed two distinct major branches with all Alphaproteobacteria in one branch
and the Gammaproteobacteria and Betaproteobacteria in another branch. In the Gammaproteobacteria
branch, distinct lineages were represented by Chromatiaceae, the Ectothiorhodospira group,
the Halorhodospira group, the Cellvibrionales (aerobic anoxygenic phototrophic Gammaproteobacteria),
and the Betaproteobacteria.

A much more complex situation existed within the Alphaproteobacteria, with a number of small
groups with larger phylogenetic distance. The Rhodobacterales and also core groups of Rhodospirillales,
Rhizobiales, and Sphingomonadales formed well-supported branches, which were, however, poorly
resolved in their relationship to each other. Supported branches were formed by the members of the
following genera:

(i) Rhodospirillum, Roseospirillum/Caenispirillum, Rhodospira, Pararhodospirillum,
(ii) Phaeospirillum, Oceanibaculum, Rhodocista, Skermanella,
(iii) Rhodopila, Rubritepida, Paracraurococcus, Acidiphilum, Acidisphaera,
(iv) Erythrobacter, Porphyrobacter, Novosphingobium, Sphingomonas,
(v) Rhodopseudomonas/Bradyrhizobium, Methylobacterium.
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Figure 1. Phylogenetic tree (RNA tree) of phototrophic bacteria according to 16S rRNA gene sequences.

Most remarkable were the isolated positions of representatives of Fulvimarina, Hoeflea, Labrenzia,
Rhodothalassium, and Afifella-Rhodobium. Though distant to other phototrophic bacteria, Brevundimonas
clearly was linked to the Sphingomonadales branch. In addition, Rhodovibrio species appeared as clear
outsiders and formed the most deeply branching lineage within the Alphaproteobacteria. In addition,
several small groups were formed by single species or a few species only. These included species of
Blastochloris, Rhodoplanes, Rhodoblastus, Methylocella, Prosthecomicrobium, and Rhodomicrobium (Figure 1).

It should be emphasized that Roseospirillum parvum was associated with the Rhodospirillaceae and,
in particular, with the Rhodospirillum/Pararhodospirillum group as also Caenispirillum and Rhodospira
trueperi do (Figure 1), supporting the current taxonomic classification [28].
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Figure 2. Phylogenetic tree of phototrophic bacteria, according to BchXYZ sequences.

3.3. Phylogeny of Photosynthesis

In order to evaluate the phylogeny of the photosynthetic apparatus, sequences of essential proteins
for photosynthesis were analyzed. These included the bacteriochlorophyllide reductase BchXYZ and
the photosynthetic reaction center proteins PufHLM and PufC. While the phylogenetic tree of BchXYZ
(Figure 2) gave an overview of all considered strains and included all of the phototrophic green bacteria,
the tree with combined sequences of PufHLM-BchXYZ (Figure 3) covered all phototrophic purple
bacteria. PufC sequences were not considered in these trees because this component was absent
from a number of representative species. All sequences and their accession numbers are presented in
Supplementary Table S1.
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3.3.1. Phylogeny according to BchXYZ Sequences

The phylogeny of BchXYZ allows the widest view on the phylogeny of photosynthesis in
phototrophic bacteria, including PS-I and PS-II bacteria. The chlorophyllide reductase BchXYZ
catalyzes the first step in bacteriochlorophyll biosynthesis that differentiates this pathway from the
biosynthesis of chlorophyll. It is present in all phototrophic bacteria producing different forms of
bacteriochlorophyll [10].

The deepest and likewise most ancient roots according to BchXYZ sequences (Figure 2) were
found in the phototrophic green bacteria that employ a type-I photosystem, the Chlorobi, Heliobacterium
modesticaldum and relatives, and Chloracidobacterium thermophilum, as well as in Chloroflexi that employ
a type-II photosystem (like all Proteobacteria). The large sequence differences to the phototrophic purple
bacteria pointed out that bacteriochlorophyll biosynthesis had evolved in ancestors of green bacteria
much earlier as compared to phototrophic purple bacteria. This relationship quite well correlated
to the phylogeny of the 16S rRNA gene (RNA tree) (Figure 1), with the exception of Gemmatimonas
phototrophica, which, according to BchXYZ, was distantly associated with the Betaproteobacteria,
specifically the Burkholderiales with Rubrivivax and Rhodoferax as representative genera. The phylogeny
of photosynthesis in Proteobacteria was discussed on the basis of more comprehensive information of
the BchXYZ-PufHLM sequences below (Figure 3).
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Figure 3. Phylogenetic tree (PS tree) of phototrophic bacteria, according to BchXYZ-PufHLM sequences.

3.3.2. Phylogeny of BchXYZ-PufHLM and Comparison with 16S rRNA Phylogeny

The combined sequence information of the key proteins of the photosynthetic reaction center in
photosystem-II bacteria (PufHLM) and of the bacteriochlorophyll biosynthesis with the subunits of the
chlorophyllide reductase (BchXYZ) gave a solid basis (alignment length, 2458 aa) to trace back the
phylogeny of photosynthesis within the phototrophic purple bacteria (Figure 3). The consideration
of PufHLM excluded the Chloroflexi (they lack PufH) in this consideration and restricted the view to
Proteobacteria and Gemmatimonas. A direct comparison of the comprehensive phylogeny of anoxygenic
photosynthesis, including sequences of BchXYZ-PufHLM (PS tree), with the phylogenetic relations
according to 16S rRNA gene sequences (RNA tree) enlightened the evolution of photosynthesis as
compared to that of the protein-producing machinery (Figure 4).
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Gammaproteobacteria (Chromatiales and Cellvibrionales)

The phototrophic Gammaproteobacteria represented a well-established major phylogenetic branch
with four major sub-branches, which were well supported within both PS tree and RNA tree.
The sub-branches included

(i) the Halorhodospira species,
(ii) the Ectothiorhodospiraceae, including Ectothiorhodospira and Ectothiorhodosinus species, with Thiorhodospira

being associated more distantly, but excluding the Halorhodospira species,
(iii) the Chromatiaceae with subgroups of a) the Thiococcus group of bacteriochlorophyll-b containing

Chromatiaceae, including species of Thiococcus and Thioflavicoccus; b) the Halochromatium group with
halophilic species of the genera Halochromatium, Lamprobacter, Rhabdochromatium, Thiorhodovibrio,
and Thiohalocapsa; c) the Chromatium group with species of Chromatium, Thiocapsa, Marichromatium,
Allochromatium, Thiorhodococcus, Imhoffiella, and Thiocystis; d) Lamprocystis purpurea as an outsider
among the Chromatiaceae with distant relationship to others and no statistical support of its position.
Most significantly, Lamprocystis purpurea formed a deeply branching line in the Chromatium-group
according to both 16S rRNA phylogeny and PS phylogeny. Therefore, it is likely to be an ancient
representative of the Chromatiaceae,

(iv) the Cellvibrionales (Haliaceae) with Congregibacter litoralis, Luminiphilus syltensis,
and Pseudohaliea rubra (most likely including Chromatocurvus halotolerans [3]), which were
linked with low confidence to the Halorhodospira group. The Cellvibrionales formed a group
distant to other Gammaproteobacteria according to both trees. In the RNA tree, they were linked
to the Betaproteobacteria (in this tree within the frame of the Gammaproteobacteria), and in
the PS tree, associated with the Halorhodospira group. Apparently, they represent an ancient
phylogenetic lineage of the Gammaproteobacteria without clearly resolved roots.

It was remarkable that the species with bacteriochlorophyll-b, according to the PS tree, formed
different deeply rooted lineages associated with the corresponding bacteriochlorophyll-a containing
relatives, Hlr. abdelmalekii and Hlr. halochloris were associated with the Halorhodospira branch,
Thiorhodococcus and Thioflavicoccus species with the Chromatiaceae, and Rhodospira trueperi and
Blastochloris viridis with the Rhodospirillaceae, specifically with the Rhodospirillum group though with a
low significance (Figure 3). The incorporation of all bacteriochlorophyll-b-containing bacteria within
one common cluster is restricted to the phylogeny of the reaction center proteins PufLM [3]. This has
been previously explained by the congruent evolution of the reaction center proteins with respect to the
specific binding requirements of the bacteriochlorophyll-b molecule [3] and implicates the independent
evolution of the photosystems with bacteriochlorophyll-b in the different phylogenetic lineages.

Betaproteobacteria (Burkholderiales and Rhodocyclales)

One of the most obvious differences between PS and RNA trees was in the position of the
Betaproteobacteria. In the RNA tree, Rhodocyclales and the Burkholderiales formed two related lineages
of a major branch within the frame of the Gammaproteobacteria (Figure 1). In the PS tree, both
groups formed clearly separated clusters, which were associated with different branches of the
Alphaproteobacteria (Figure 3). The Burkholderiales formed a deep and not safely rooted branch, including
separate lineages of Rubrivivax, Ideonella/Roseateles, Rhodoferax/Limnohabitans, Polynucleobacter, and
Methyloversatilis. The deep roots identify the photosynthesis of these bacteria as very ancient and,
despite the poorly supported branches, could indicate a possible acquisition of photosynthesis by
gene transfer from an early phototrophic alphaproteobacterium, as supposed earlier [6,29] (Igarashi et
al., 2001; Nagashima and Nagashima, 2013). The whole group was also visible in the RNA tree but
associated with the Gammaproteobacteria. In the PS tree, Rhodocyclus was linked to Phaeospirillum and
the Rhodospirillales (Figures 3 and 4), contrasting its link to the Burkholderiales in the RNA tree (Figure 1).
This change might be indicative of a single event of a transfer of the photosynthesis genes from an
ancient alphaproteobacterium within the Rhodospirillales frame to a Rhodocyclus ancestor.
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Gemmatimonas (Gemmatimonadales)

Most significantly, Gemmatimonas phototrophica was found at the deepest branching point in the
RNA tree, which placed this bacterium apart from all other phototrophic purple bacteria and also the
phototrophic green bacteria. However, with the Proteobacteria, it shared the type-2 photosystem. In the
PS tree, it formed a distinct line that split off at the deepest branching point from the Burkholderiales and
was distantly linked to Rubrivivax (Betaproteobacteria). This was an indication that the photosynthetic
roots of Gemmatimonas were associated with the ancient roots of the phototrophic Burkholderiales. If we
exclude the acquisition of a foreign 16S rRNA, the most likely explanation for this discrepancy would
be the acquirement of the photosynthesis genes by an early ancestor of Gemmatimonas, as suggested by
Zeng et al. [26]. This event should have preceded the branching divergence of the Burkholderiales.

Alphaproteobacteria

The phototrophic Alphaproteobacteria formed the most fragmented and diverse array of groups
in the PS tree with representatives of the six orders Rhodospirillales, Rhizobiales, Sphingomonadales,
Rhodobacterales, Caulobacterales, and Rhodothalassiales. Most significantly, the Rhodobacterales, together
with Sphingomonadales and Brevundimonas (Caulobacterales), formed a major branch, according to
BchXYZ-PufHLM, which was clearly distinct from all other phototrophic Alphaproteobacteria (Figures 1,
3 and 4). A deep branching point separated the Sphingomonadales and Brevundimonas from the
Rhodobacterales. The relations of other Alphaproteobacteria, however, were more problematic because
most of the species had long-distance lines with deep branching points and only a few species arranged
in stable groups that could be recognized in both PS tree and RNA tree.

Rhodobacterales. The most recent and shallow divergences were seen in the phylogeny of the
Rhodobacterales, which, in contrast to most other phototrophic Alphaproteobacteria, appeared as a young
group that had differentiated later than others and was well established as a group in PS tree and
RNA tree. It diversified quite fast in evolutionary terms and now represents one of the largest
orders of phototrophic bacteria known. The following groups of Rhodobacterales were formed in the
PS tree. With the exception of the Rhodobacter group and the Rhodovulum group they represent aerobic
phototrophic bacteria.

- Rhodovulum group: According to BchXYZ and BchXYZ-PufHLM, the Rhodovulum group was
well recognized. Rhodobaculum claviforme appeared distantly associated with this group and,
like the Rhodovulum species, had PufC (Supplementary Table S1). However, in the RNA tree,
Rhodobaculum claviforme clustered with Rhodobacter species.

- Rhodobacter/Rhodobaca group: This group contained Rhodobacter and Rhodobaca species together
with Cereibacter changlensis and was supported by all considered trees (BchXYZ-PufHLM, BchXYZ,
RNA tree). The reaction center cytochrome PufC was absent (Supplementary Table S1). Quite
remarkable Rhodobaculum claviforme was included in this group according to the RNA tree only.

- Loktanella/Sulfitobacter group: This group included species of Loktanella, Sulfitobacter, Planktomarina,
and Roseisalinus and distantly linked also Nereida ignava. It was supported by BchXYZ-PufHLM
and lacked PufC (Supplementary Table S1). According to the RNA tree, this group was not well
supported, and Roseobacter but not Roseisalinus was included.

- Roseobacter/Roseivivax group: This group contained species of Roseobacter, Roseivivax, Salipiger,
and Roseovarius. In line with the PS tree, PufC was present in all species, including Roseobacter.
The RNA tree excluded Roseobacter from this group.

- Dinoroseobacter/Jannaschia group: Dinoroseobacter shibae, Jannaschia aquamarina, Thalassobacter
stenotrophicus, and Roseibacterium elongatum formed a group of poorly linked bacteria, which did
not fit into any of the aforementioned groups. All four species had PufC. Within the RNA tree,
there was only weak support for this group (Figure 1).

Sphingomonadales. The Sphingomonadales formed a consistent lineage of aerobic phototrophic bacteria
within all considered phylogenetic trees. Sphingomonadaceae with Sphingomonas and Novosphingobium
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species (likely also Blastomonas, see [3]) were forming one sub-branch and the Erythrobacteraceae with
Erythrobacter and Porphyrobacter species (likely also Erythromicrobium, see [3]) a second one. There
was support for the inclusion of Erythrobacter marinus into the Sphingomonas group from BchXYZ and
BchXYZ-PufHLM phylogeny. In addition, Erythrobacter marinus contained PufC like Sphingomonas and
Novosphingobium species but unlike other Erythrobacteraceae. According to the RNA tree, Erythrobacter
marinus clustered with other Erythrobacter species, however, with low confidence in its position.

Brevundimonas (Caulobacterales). Brevundimonas subvibrioides represented an aerobic phototrophic
bacterium, which clearly but distantly was linked to the Sphingomonadales branch according to the PS
tree and RNA tree. Brevundimonas lacked PufC as the Erythrobacteraceae did. The deep branching point
of Brevundimonas in the PS tree indicated that it was closest to the common ancestor of this branch.

The Rhodobium/Hoeflea group. A most deeply branching stable lineage in the PS tree was found within
the radiation of the Alphaproteobacteria and was represented by the Rhodobium/Hoeflea group with
Rhodobium orientis, Hoeflea phototrophica, Labrenzia alexandrii, and Oceanibaculum indicum (Figures 2
and 3). Despite the formation of a coherent group according to the PS tree, the species had different,
though unsupported positions in the RNA tree (Figures 1 and 4). According to 16S rRNA, Hoeflea
phototrophica (Rhizobiales, Phylobacteriaceae) had a deeply branching unsupported position; Labrenzia
alexandrii (Rhodobacterales, Rhodobacteraceae) also had an unsupported position that was linked at the
basis to Brevundimonas and the Spingomonadales; Rhodobium orientis (Rhizobiales, Rhodobiaceae) was
found together with Afifella in a poorly rooted distinct branch; Oceanibaculum indicum (Rhodospirillales,
Rhodospirillaceae) appeared distantly associated with Rhodocista, Skermanella, and the Acetobacteraceae
(Figure 1). The photosynthesis of the Rhodobium/Hoeflea group represented one of the most ancient lines
among the purple bacteria, and the most recent divergence (between Labrenzia and Oceanibaculum) was
rooted much deeper as the basic divergence of the Rhodobacterales branch (Figure 3). In addition, there
is no close relative to the photosynthesis system among other known phototrophic bacteria, which is a
clear indication of the very ancient origin of photosynthesis in this lineage of phototrophic bacteria. If
we do trust the phylogenetic reliability of the 16S rRNA system, we should assume quite early genetic
transfers of major parts or the complete photosystem from an ancient ancestor within the Rhodobium
lineage to the other bacteria. Alternatively, as the species of this branch formed poorly rooted lines in
the RNA tree, the differences between PS and RNA tree might be explained by unresolved relationships
and not correctly rooted positions of these bacteria in the RNA tree.

The Rhodopseudomonas/Bradyrhizobium group. In the PS tree, the Rhodopseudomonas/Bradyrhizobium group
formed one of the most deeply branching lines distinct from other Rhizobiales. Both Rhodopseudomonas
and Bradyrhizobium lacked PufC. According to 16S rRNA phylogeny, Rhodopseudomonas and
Bradyrhizobium formed a sister branch to the photosynthetic Methylobacterium species, distant to
other Rhizobiales (Blastochloris and Rhodoplanes, Methylocella and Rhodoblastus, Prosthecomicrobium and
Rhodomicrobium).

The Rhodopila group. Another distinct group was represented by the Acetobacteraceae and supported by
both RNA tree and PS tree with species of Rhodopila, Acidiphilum, Paracraurococcus, and Rubritepida.

The Rhodospirillum group. According to the PS tree, species of Rhodospirillum, Pararhodospirillum, and
Roseospirillum parvum formed a group to which Rhodospira trueperi appeared distantly linked. In the
RNA tree, Caenispirillum was included in this group, while in the PS tree, it had a separate position and
formed a branch together with Rhodovibrio species, which, in turn, appeared as an isolated line at the
basis of the Alphaproteobacteria within the RNA tree.

In addition to these groups, several separate lineages were represented by single genera of Fulvimarina,
Rhodothalassium, Prosthecomicrobium, and Afifella in both PS and RNA trees (Figures 1 and 3). Thus, their
phylogenetic positions remained unclear. While Methylocella specifically associated with Rhodoblastus
in both RNA tree and PS trees, the following groupings were not well supported or had different
positions in PS tree and RNA tree:
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- Rhodocista centenaria and Skermanella species showed up jointly in the RNA tree with the
Acetobacteraceae as a sister branch, while both formed a deeply rooted unsupported branch in
the PS tree.

- Rhodomicrobium formed a distinct lineage within the Rhizobiales in the RNA tree but, according
to the PS tree, separated from other Rhizobiales together with Rhodoplanes in a distinct deeply
branching but unsupported line.

- Blastochloris separated from other Rhizobiales in the PS tree and formed an unsupported isolated
line together with the bacteriochlorophyll-b containing Rhodospira trueperi, while it was included
in a major branch of Rhizobiales in the RNA tree.

3.4. Distribution of PufC

The cytochrome associated with the photosynthetic reaction center is an important component
in many of the PS-II type photosynthetic bacteria. As a more peripheral part of the photosynthetic
reaction center, the cytochrome may be more easily replaced by alternative electron transport systems,
and this obviously happened in a number of phylogenetic lineages of the Alphaproteobacteria and
Betaproteobacteria (Supplementary Table S1). The general presence of the reaction center cytochrome PufC
in phototrophic purple bacteria and the absence in quite a few distinct groups of the Alphaproteobacteria
and Betaproteobacteria strongly suggested that PufC independently has been lost several times. PufC was
absent in Rhodoferax fermentans (but present in the related Rhodoferax antarcticus), in Rhodospirillum rubrum
(but present in the related Pararhodospirillum photometricum), in Bradyrhizobium and Rhodopseudomonas
species (but present in other Rhizobiales), in Brevundimonas, Porphyrobacter, and Erythrobacter species
(but present in Erythrobacter marinus and Sphingomonadaceae). It was also absent in one of the
major Rhodobacterales branches of the PS tree, including the Rhodobacter/Rhodobaca group and the
Loktanella/Sulfitobacter group. The presence/absence of PufC in species of the Alphaproteobacteria was
congruent with the photosynthesis phylogeny. The presence of PufC supported the inclusion of
Rhodobaculum into the Rhodovulum group, and its absence in Roseisalinus was in accord with its inclusion
into the Loktanella/Sulfitobacter group according to the PS tree. Following the PS tree and the presence
of PufC, Erythrobacter marinus fitted into the Sphingomonadaceae (rather than into the Erythrobacteraceae).
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Figure 4. Linear comparison tree of 16S rRNA gene sequences (right) and BchXYZ-PufHLM sequences
(left) of phototrophic bacteria.
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3.5. Phylogenetic Aspects of Aerobic Anoxygenic Photosynthesis

As oxygen was absent from the earth during the first billion years of life, in which the basic
concepts of photosynthesis are expected to have evolved and as oxygenic photosynthesis using two
different consecutive photoreactions is considered a late event in the evolution of photosynthesis,
the roots of anoxygenic, as well as oxygenic photosynthesis, are to be found in the ancient anoxic
environments [30,31]. We assume that with the onset of oxygenic photosynthesis, the basic concepts
of photosynthesis, as known today, have already been established. In fact, oxygen evolution by
photosynthesis using water as electron source is dependent on the use of two different consecutive
photosynthetic reactions that have evolutionary ancestors among anoxygenic phototrophic bacteria:
a type-I photosynthesis in ancestors of Heliobacteria, Chlorobi, and Chloracidobacterium and a type-II
photosynthesis in ancestors of Chloroflexi and all phototrophic purple bacteria [31].

The appearance of oxygenic photosynthesis approx. 3 billion years ago was a revolution in
ecology. It drastically changed the environmental conditions on earth, and over approx. 2 billion of
years caused the gradual increase of the atmospheric oxygen content to the actual level [32]. Quite
likely, during this transition period, the radiation of the purple bacteria diverged to its full extension.

During adaptation to oxic conditions, quite a number of anoxygenic phototrophic purple bacteria
may have gained the ability to perform under both anoxic and oxic conditions by maintaining the strict
regulation of biosynthesis of the photosynthetic apparatus and its repression by oxygen. An example
of such bacteria is found in Rhodobacter species performing anoxygenic photosynthesis under anaerobic
conditions in the light and aerobic respiration under oxic conditions in the dark [33–36]. During
further evolution, some of these phototrophic bacteria may have lost the ability to build up the
photosynthetic apparatus in the absence of oxygen and, in contrast, required oxygen for the formation
of the photosynthetic apparatus [37]. In bacteria, such as the anaerobic phototrophic Rhodobacterales,
that have already been adapted to arrange themselves with certain levels of oxygen, this could have
been a small step in modifying the oxygen-response in the formation of the photosynthetic apparatus.
As a result, in various phylogenetic branches, aerobic anoxygenic phototrophic bacteria have evolved,
of which Erythrobacter and Roseobacter species at present are the most well-known examples [37–39].

Aerobic representatives of phototrophic purple bacteria that require oxygen for the synthesis
of bacteriochlorophyll and the photosynthetic apparatus were found in a number of well-defined
groups. The Haliaceae of the Gammaproteobacteria and the Erythrobacteraceae and Sphingomonadaceae
of the Sphingomonadales at present exclusively contain aerobic representatives. In addition, isolated
lines of single representatives of aerobic phototrophic bacteria were found with species of Fulvimarina,
Gemmatimonas, Polynucleobacter, and Brevundimonas. In the Rhodobium/Hoeflea group, several aerobic
phototrophic bacteria joined the anaerobic phototrophic Rhodobium. In the Acetobacteraceae, several
aerobic representatives were found together with the anaerobic phototrophic Rhodopila. A larger group
of the aerobic phototrophic Rhizobiales with Methylobacterium, Methylocella, Prosthecomicrobium, and
Bradyrhizobium was related to the anaerobic phototrophic Rhodopseudomonas and Rhodoblastus species.
Among the Rhodobacterales, the groups around Loktanella/Sulfitobacter, Dinoroseobacter/Jannaschia, and
Roseivivax/Roseovarius represented branches with aerobic species.

With the exception of the aerobic phototrophic Rhodobacterales, most of the aerobic phototrophic
bacteria represented ancient phylogenetic lineages. This was especially the case for the Sphingomonadales,
Brevundimonas (Caulobacterales), the Haliaceae, and those within the Rhodobium/Hoeflea group. As traces
or small levels of oxygen already were present at the time when anaerobic phototrophic purple bacteria
presumably diversified approx. 2.5 billion years ago, the aerobic phototrophic purple bacteria could
have developed in parallel, which would explain the deep divergence of some of the lineages of aerobic
phototrophic Proteobacteria.

The pattern of distribution of aerobic phototrophic bacteria among the phototrophic purple
bacteria strongly suggested that aerobic phototrophic purple bacteria evolved from anaerobic ancestors
in independent and multiple events. The deep branching points of some lineages indicated their
early divergence from the anaerobic phototrophic ancestors. The phylogeny suggested that in the
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Rhodobium/Hoeflea group, photosynthesis of aerobic representatives evolved from an anaerobic ancestor
with a common root with Rhodobium. Known representatives of aerobic phototrophic Sphingomonadales,
Cellvibrionales (Haliaceae), Caulobacterales (Brevundimonas), and Gemmatimonas could be present-day
survivors of ancient anaerobic phototrophic relatives not known so far or extinct.

The development of aerobic phototrophic Rhodobacterales was considered to be a more recent
event, as these bacteria and their photosynthesis were much younger compared to most other
phototrophic bacteria (Figure 3). It has been calculated by molecular clock calculations using
sequences of representative genes that the divergence of the last common ancestor of Roseobacter and
Rhodobacter dates to approx. 900 Myr ago (+/- 200 Myr) [40]. At that time, the oxygen content of
the earth’s atmosphere almost had reached present-day levels [32], and it is tempting to assume that
aerobic phototrophic lineages branched off from anaerobic phototrophic Rhodobacterales under these
conditions. Though this is considered the more likely scenario, alternatively, the common ancestor
of the Rhodobacterales could have been an aerobic phototrophic bacterium. This scenario could find
support in the common roots of Rhodobacterales with the aerobic phototrophic Sphingomonadales and
Brevundimonas but implies that the ancestors of Sphingomonadales and Brevundimonas also were aerobic
phototrophic bacteria, which is not necessarily the case. It would also imply that aerobic phototrophic
Rhodobacterales transformed back to perform anaerobic photosynthesis, which from an evolutionary
and ecological perspective appears quite unlikely. Therefore, we assume that aerobic phototrophic
representatives of Rhodobacterales, Sphingomonadsales, and Brevundimonas evolved independently from
anaerobic phototrophic ancestors.

3.6. General Aspects

Traditionally and especially due to the pioneering work of Carl Woese [25], the 16S rRNA gene
sequence has been established as the basic tool for the analysis of bacterial phylogenies. Though the
sequence information contained in this molecule is of limited size (approx. 1400 nt), it is considered as
particularly conservative in evolutionary terms. In consequence, 16S rRNA gene sequences still are
used as a backbone for phylogenetic considerations, although limitations are to be expected due to the
comparable small sequence information and restricted resolution. Further limitations may be due to
multiple changes in individual sequence positions and insertions/deletions over time, which could
blur the phylogenetic roots in particular of the deep branching lineages.

In this context, it was quite remarkable that some of those species/groups that revealed the most
obvious differences between the PS tree and RNA tree also showed the deepest branching points within
the PS tree. In fact, a number of those species and branches that were not congruent with respect to
RNA and PS phylogeny had statistically poorly supported positions in either one or both of the trees.
This was especially relevant for most of the Alphaproteobacteria, which appeared—with the remarkable
exception of the Rhodobacterales—to be the most ancient group of phototrophic Proteobacteria.

Despite the uncertainty in the resolution of the very deeply branching lineages, the transfer
of photosynthesis genes could explain several of the discrepancies between the PS and RNA trees.
Such mechanisms have been postulated earlier [26,29], and genetic exchange could have occurred
repeatedly in the early ages of photosynthesis in Proteobacteria. Examples of such possible exchange
events during early diversification of the phototrophic purple bacteria may be found in Gemmatimonas
phototrophica, the Rhodobium/Hoeflea group, and the Betaproteobacteria with different events of Rhodocyclus
and Rubrivivax and their relatives.

The situation was different within the Rhodobacterales, which is a well-resolved group with a
clear distinction from other Proteobacteria. It is the youngest diversification within the phototrophic
Proteobacteria. For this group, lateral gene transfer has been demonstrated [41]. It could, in fact, be
shown that the photosynthetic gene cluster in several genomes, including Sulfitobacter and Roseobacter
species, is located on a plasmid, which enforces the genetic exchange of the whole cluster [41]. Several of
such exchanges could explain the divergences between photosynthesis phylogeny and RNA phylogeny
among the Rhodobacterales [41]. Despite the established gene transfer inside the Rhodobacterales, it
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appears highly unlikely that the whole group received the photosynthetic gene cluster by lateral
transfer from an external donor. The long phylogenetic distance to most other photosynthesis systems
and the basically good correlation of RNA and PS phylogeny in regard to relations of Sphingomonadales,
Brevundimonas, and Rhodobacterales precludes the transfer from any other known phototrophic lineage.
As we have no knowledge of the existence of similar gene transfer agents in other phototrophic
bacteria, this kind of genetic exchange of the complete photosynthetic gene cluster could be a late
acquisition and unique to the Rhodobacterales. However, it would be interesting to study the situation
in Erythrobacter marinus, which could have similarly received its photosynthesis genes from a relative
of the Sphingomonadaceae branch.

4. Conclusions

The immense phylogenetic diversity of photosynthetic prokaryotes was demonstrated by the
wide systematic range of these bacteria. Bacteria considered in this communication were cultured
representatives from six phyla (the cyanobacteria were not considered here) with 15 orders, 27 families,
and 90 genera. The most ancient representatives of the phototrophic bacteria, the first that made
bacteriochlorophyll (chlorophyllide reductase, BchXYZ) and performed photosynthesis were the
phototrophic green bacteria, in particular, those with a type-I photosystem (Chlorobi, Heliobacterium,
Chloracidobacterium) (Figures 1 and 2). Among those with a type-II photosystem, the Chloroflexi have by
far the most ancient roots [3], and Proteobacteria, together with their photosystem, diversified to the
present-day forms much later (Figures 1 and 3). There was an apparent large gap in the evolution of
photosynthesis in the phototrophic green bacteria and in the Proteobacteria. This is an indication for the
loss of early stages of the photosystem present in the Proteobacteria (Figures 1 and 2).

Today phototrophic Proteobacteria are by far the most diverse and the most abundant in the
environment and have to be considered the most successful to adapt to the largely oxic environment.
If we consider that the basic divergences within the Rhodobacterales (e.g., the separation of Rhodobacter
and Roseobacter) have occurred approx. 1 billion years ago [40] and that the first photosynthetic
prokaryotes have evolved approx. 3.2–3.5 billion years ago, it is reasonable to conclude from the
phylogeny of photosynthesis that phototrophic Proteobacteria appeared around 2–2.5 billion years
ago. If we use these rough estimates as a guide for the interpretation of the phylogenetic relations
of photosynthesis, we can conclude that the ancestors of the green bacteria dominated the field over
approx. a billion years and quite likely ancestors of the strictly anaerobic Chlorobi played a prominent
role in the sulfur oxidation during this time. The Chlorobi maintained their strict phototrophic and
also an anaerobic way of life up to today and consequently are pushed back to the few anoxic/sulfidic
ecological niches that receive light. In the early ages also, the photosystem type-II originated and
presumably soon separated into a system represented by our present-day Chloroflexi and a system
that developed later within the phototrophic Proteobacteria. If we assume a common origin of the
photosystem type-II in Chloroflexi and Proteobacteria, the system, as we know it from the Proteobacteria,
is an advanced stage of a parallel development that diversified together with these bacteria much later.
Ancient forms that could represent a link between the two type-II photosystems, apparently, were
extinct or survivors have not yet been detected.

The most ancient roots of photosynthesis among Proteobacteria are found in the Alphaproteobacteria
(excluding Rhodobacterales) and Betaproteobacteria with often unsupported deep divergences and
long lines to the present-day representatives, the species/strains studied. Photosynthesis in
Gammaproteobacteria diversified significantly later with the origin of the Ectothiorhodospira group,
predating that of the others (Halorhodospira, Chromatiaceae, Cellvibrionales). As the photosynthesis
phylogeny in general terms was congruent with the RNA phylogeny (Figures 1–4), it was concluded
that this type-II photosystem diversified together with the Proteobacteria.

Compared to the phylogenetic depth and the systematic width found in the radiation of
the Alphaproteobacteria, relatively few genera are known of these bacteria, with the exception of
Rhodobacterales. The Rhodobacterales, on the other hand, represent the most recently diverged group.
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These bacteria apparently are the most successful to live in our mostly oxic world today, are most
versatile in their metabolism, are well adapted to live in the oxic environment, and represent one
of the largest orders of phototrophic bacteria living today. A second large gap in the evolution of
photosynthesis is, in fact, seen between the Rhodobacterales and all other Proteobacteria (Figure 3).
Another large group, which is clearly separated from the others, but diversified earlier than the
Rhodobacterales is represented by the Chromatiales. These bacteria characteristically are adapted to the
borderline between the anoxic/sulfidic and the oxic environment, have found ecological niches over
billions of years and survived successfully until today.

The phototrophic bacteria included in this investigation were representatives of most of those that
are known and in laboratory culture today. Therefore, the presented data gave a comprehensive basis
of the phylogeny of anoxygenic photosynthesis, although the view was limited due to the fact that all
those that have escaped cultivation attempts or for other reasons have not been cultured could not be
considered. As genetic studies with communities of phototrophic purple bacteria from marine coastal
sediments based on the PufLM metagenomic diversity demonstrated that many of those present (or
close relatives thereof) already had been cultivated [7], it was concluded that a great part of those out
in nature have already been identified, at least from coastal marine sediments. Nevertheless, we will
certainly continue finding new species and phylogenetic lines of phototrophic bacteria, in particular
when unstudied or poorly studied locations and environments are investigated. Comprehensive
metagenome studies on a great number of environmental communities might even detect missing
links of photosynthesis evolution.
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Abstract: Strains of Chloropseudomonas ethylica, 2-K, N2, and N3 are known to be composed of
a syntrophic mixture of a green sulfur bacterium and a sulfur-reducing colorless component.
Upon sequence analysis, the green sulfur photosynthetic bacterial component of strain N3 was
dominant and was readily sequenced, but the less abundant sulfur-reducing bacterial component was
apparent only when analyzed by metagenomic binning. Whole-genome comparison showed that the
green bacterium belonged to the genus Prosthecochloris and apparently was a species for which there
was no genome sequence on file. For comparison, we also sequenced the genome of Prosthecochloris
sp. DSM 1685, which had previously been isolated from the 2-K mixture in pure culture and have
shown that all three Prosthecochloris genomes belong to a new species, which we propose to be
named Prosthecochloris ethylica comb. nov. Whole genomes were also sequenced for the isolated
Desulfuromonas strains DSM 1675 (from strain 2-K) and DSM 1676 (from strain N2) and shown to be
nearly identical to the genome found in the N3 mixture. The genome of the green sulfur bacterium
contains large genes for agglutination proteins, similar to the ones proposed to be involved in larger
photosynthetic consortia of Chlorochromatium aggregatum. In addition, we also identified several
unique “tight adhesion (tad)” pili genes that are presumably involved in the formation of cell–cell
interactions. The colorless component, on the other hand, contained a unique large multiheme
cytochrome C and unique genes for e-pili (geopilin) formation, genetically clustered with a conserved
ferredoxin gene, which are all expected to play an electron transfer role in the closed sulfur cycle in
the syntrophic mixture. The findings from the simultaneous genome sequencing of the components
of Cp. ethylica have implications for the phenomenon of direct interspecies interactions and coupled
electron transfer in photosynthetic symbionts. The mechanisms for such interactions appear to be
more common in the environment than originally anticipated.

Keywords: green sulfur bacteria; syntrophy; e-pili; adhesion protein; photosynthetic symbionts;
large multiheme cytochrome; metagenomic binning

1. Introduction

Chloropseudomonas ethylica was originally described as a motile green sulfur bacterium capable
of utilizing ethanol [1]. However, no pure cultures of green sulfur bacteria were previously known
that would utilize ethanol or that were motile. Strains of Cp. ethylica were isolated from the Krujalnik
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Estuary, near Odesa, Russia (strain 2-K) and from Lake Saksky in Crimea, Russia [2], which in hindsight
is a remarkable coincidence considering the approximately 200-mile distance between these habitats.
However, doubts were raised about the purity of the strains when two different cell morphologies
were observed in growing cultures [2,3]. Subsequently, the colorless, motile, ethanol-oxidizing,
and sulfur-reducing bacterium Desulfuromonas acetoxidans strains DSM 1675 and DSM 1676 were
isolated from either the 2-K or the N2 syntrophic mixtures [4]. A pure culture of Ds. acetoxidans DSM
684T was also isolated from South Orkney Island, Antarctica [4]. The green component was either
described as a species of Chlorobium [2] or Prosthecochloris [3]. The amino acid sequences of cytochrome
C-555, alternatively known as c5, from the Cp. ethylica 2-K mixture was clearly related to those of
Prosthecochloris species and not to Chlorobium [5], whereas the cytochrome C-551.5, alternatively known
as c7 [6] came from the Desulfuromonas component [7]. It is unclear whether there is a specificity to
the connection between the two species in the Cp. ethylica mixture. Agar shake cultures with ethanol,
sulfide, and bicarbonate show large green colonies (faster-growing when involved in sulfur cycling)
and small green colonies. The large ones were verified to be in mixed culture and the smaller ones as a
pure culture [8] and our unpublished observations.

Mutualistic relationships that involve close cell–cell interactions are most studied between
bacterial and eukaryotic interactions, e.g., between nitrogen-fixing Rhizobium species and legumes,
or bacterial pathogens and eukaryotic hosts. Symbiotic interactions amongst archaea and bacteria
can be found in microbial mats where nutrient exchange and waste removal roles are crucial,
in anaerobic methane-oxidizing communities of marine environments or in human digestive
systems [9–13]. These interactions have only recently been studied in more detail and appear to
be more common than historically expected. Larger bacterial and archaeal consortia that are formed
through cell–cell interactions of two or more microorganisms have been observed to form a high degree
of interdependence between taxonomically unrelated species [14–16]. Phototrophic consortia of this
sort were first reported over a century ago [17]. The nature of the Cp. ethylica syntrophy appears to be
centered around a closed sulfur cycle [18], similar to what has been shown in syntrophic cocultures of
Chlorobium phaeovibrioides and Desulfuromonas acetoxidans, where acetate is oxidized by Ds. acetoxidans,
with sulfur as an electron acceptor [19]. The process leads to the recycling of the sulfide that can then
be used for anoxygenic photosynthesis by Cb. phaeovibrioides. Although these syntrophic cocultures
appear to be more widespread than commonly expected and the nutrient cycle and mutual benefits
are clear in some cases, very little is known about the physical interaction and formation of these
cell–cell interactions and the specific components of the electron chemistry involved to establish such a
mutually beneficial nutrient cycle. Studies with larger phototrophic consortia, such as Chlorochromatium
aggregatum, have shown that the green sulfur bacteria involved in this complex are likely preadapted
to a symbiotic lifestyle, and specific ultrastructures (periplasmic extruding tubules) can be formed
between the central bacterium and the epibiont [14,20]. Cp. ethylica was not described to form larger
aggregates and appears to form a simpler model of syntrophy. However, the formation of such larger
consortia, even in Chlorochromatium aggregatum, is dependent on the cultivation strategy. To gain
further insight into the possible physical interactions and the electron transfer mechanism involved in
Cp. ethylica, we set out to determine the genomes of the syntrophic mixtures.

We now report the simultaneous determination of the genome sequences of the green and
colorless components of the Cp. ethylica N3 mixture. Although the genome sequence of Desulfuromonas
acetoxidans DSM 684T was previously determined [21], we have now also established the genome
sequences of the Desulfuromonas strains 2-K (DSM 1675) and N2 (DSM 1676), previously isolated
from two of the Cp. ethylica mixtures. We attempted to simultaneously determine the sequences of
both organisms from strain N2, but obtained only the genome belonging to the green sulfur bacterial
genome, likely due to slightly different culture conditions that may have led to a lower abundance of
the colorless component in the mixture.
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2. Materials and Methods

2.1. Cultures and DNA Preparation

Cultures of Chloropseudomonas ethylica N3 and N2 were originally obtained by one of us
(Terry E. Meyer) directly from the laboratory of E.N. Kondrat’eva, and had been grown in our
laboratory over the years and kept in a lyophilized state. Cultures were grown according to [8]
and harvested by centrifugation. DNA extracted from decades-old frozen cultures of the N3 and
N2 syntrophic mixtures were the source for the genomic analysis presented here. Genomic DNA
was extracted using the GeneJET DNA purification kit (Thermo Scientific, Waltham, MA, USA).
The quantity and purity of DNA, determined using Qubit and Nanodrop instruments, showed an
A260/280 ratio of 1.75.

Genomic DNA for Prosthecochloris sp. DSM 1685, Desulfuromonas acetoxidans DSM 1675 and
DSM 1676 was obtained from DSMZ (Deutsche Sammlung von Mikroorganismen und Zellkulturen,
GmbH). The quantity and purity of DNA, determined using Qubit and Nanodrop instruments, showed
A260/280 ratios between 1.8 and 1.9.

2.2. DNA Sequencing, Assembly, and Annotation

The DNA libraries were prepared with the Nextera DNA Flex Library Prep Kit (Illumina, Inc.,
San Diego, CA, USA). All five genomes were sequenced, using 500 μL of a 1.8 pM library, with an Illumina
MiniSeq instrument, using paired-end sequencing (2× 150 bp). Quality control of the reads was performed
using FASTQC within BaseSpace (Illumina, version 1.0.0), using a k-mer size of 5 and contamination
filtering. The data for each of the genomes of Chloropseudomonas ethylica N3 and N2, Prosthecochloris
sp. DSM 1685, and Desulfuromonas acetoxidans DSM 1675 and DSM 1676 was assembled de novo using
Unicycler within PATRIC (Pathosystems Resource Integration Center) [22]. The genome sequences were
annotated using RAST (Rapid Annotations using Subsystem Technology; version 2.0) [23].

Average percentage nucleotide identity (ANIb) between the whole genomes was calculated using
JSpecies [24]. A whole-genome-based phylogenetic tree was generated applying the CodonTree method
within PATRIC [22], which used PGFams as homology groups. Moreover, 519 PGFams were found
among these selected genomes using the CodonTree analysis to construct the Prosthecochloris tree,
while 598 unique PGFams were identified for the Desulfuromonas tree. The aligned proteins and coding
DNA from single-copy genes were used for RAxML analysis [25,26] for the trees. The support values
for the phylogenetic tree were generated using 100 rounds of the “Rapid bootstrapping” option of
RaxML. Tree visualization was performed with iTOL [27].

This Whole-Genome Shotgun project has been deposited at DDBJ/ENA/GenBank, and the accession
numbers for all of the sequenced genomes are listed in Table 1.

2.3. Metagenomic Binning

The sequencing reads of Cp. ethylica N3 were used to perform a metagenomic binning using the
Metagenomic Binning service within PATRIC [22]. Paired-end reads were used as input, and default
parameters were used. Sets of contig bins were constructed, with hits against contigs that have less
than fourfold coverage or are less than 400 bp in length being removed. The contig pool was split
into bins using reference genomes. Quality control of each bin was performed using checkM [28].
Each bin was automatically annotated using RAST within PATRIC [22], and consistency checks of the
annotation were performed, producing a coarse score (percentage of roles that are correctly present or
absent) and a fine score (percentage of roles that are correctly absent or present in the correct number).
Identified genomes were ranked based on their coarse score, fine score, and completeness.

2.4. Synteny Analysis

For synteny analysis, comparative genome regions were generated using global PATRIC PGFam
families to determine a set of genes that match a focus gene. All genomes were used in the search
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and compared to the reference genome. The gene set was compared to the focus gene using
BLAST and sorted by BLAST scores within PATRIC [22]. The Prosthecochloris ethylica N3 TadZ/CpaE
(PGFam_00109911) and agglutination protein (PGFam_02064367) were used as focus genes to analyze
synteny of the Tad pili and adhesion protein gene clusters, respectively. For the Desulfuromonas
acetoxidans synteny comparisons, the Type IV major assembly protein PilA (PGFam_00056426) and
cytochrome C-551.5 (PGFam_10701576) were used as focus genes.

3. Results

The results of the genome sequences that were determined in this work, i.e., N2 and N3 syntrophic
mixtures, those of the pure cultures DSM 1675 and DSM 1676 (isolated from the N2 and 2-K mixtures),
and the pure culture DSM 1685 (from the 2-K mixture) are shown in Table 1. Knowing that Cp. ethylica
N2 and N3 consists of a mixture of two species, we attempted to separate the raw genome data by
metagenomic binning. In the case of Cp. ethylica N3, we obtained two valuable bins, one genome
related to Prosthecochloris sp. (97.0% coarse consistency and 96.7% fine consistency), the other to
Desulfuromonas acetoxidans (98.4% coarse consistency and 97.3% fine consistency), both with 100 %
completeness (included in Table 1). From the Cp. ethylica N2 data, we only obtained the genome of the
Prosthecochloris sp.

Table 1. Genome characteristics of the Prosthecochloris and Desulfuromonas genomes used in this study.

Species
Genome

Size
GC

Content
Contigs Coverage CDS tRNAs Reference

Genbank
Accession #

Prosthecochloris (N3 mix) 2.45 Mb 55.1 72 223x 2480 45 this study JADGII000000000
Prosthecochloris (N2 mix) 2.47 Mb 55.1 60 187x 2340 46 this study JADGIH000000000

Prosthecochloris (2K, DSM 1685) 2.44 Mb 55.1 66 123x 2348 45 this study JABVZQ010000000
Desulfuromonas (N3 mix) 3.78 Mb 51.9 121 84x 3557 51 this study JADGIJ000000000

Desulfuromonas (N2, DSM 1676) 3.81 Mb 51.9 52 38x 3567 55 this study JABWTG010000000
Desulfuromonas (2K, DSM 1675) 3.80 Mb 51.9 59 39x 3550 55 this study JABWTF010000000

Desulfuromonas DSM 684 3.83 Mb 51.8 51 N/A 3573 49 unpublished NZ_AAEW00000000

3.1. Prosthecochloris Genome from the Green Sulfur Component

Average nucleotide identity (ANIb) comparison showed that the genome sequences of the green
component of the N2 and N3 mixtures were virtually the same as the one isolated from the 2-K mixture
(DSM 1685) and both were similar to those of Prosthecochloris species, with an average nucleotide
identity (ANI) of 75% to the nearest, previously determined, strain HL130 (Table 2). The ANI values of
all the other Prosthecochloris species are well below 95%, which is the arbitrary cutoff value for species
differentiation [24]. It is, therefore, likely that the genome sequence of the green component of the
N2, N3, and 2-K mixture is from a new species, which we propose to be called Prosthecochloris ethylica
comb. nov.

Table 2. Percentage Average Nucleotide Identity (ANIb) of Prosthecochloris green bacteria.

Pr. ethylica DSM 1685, isolated in pure culture from the Cp. ethylica 2K mixture
99.91 Pr. ethylica N2 in the Cp. ethylica N2 mixture
99.95 99.93 Pr. ethylica N3 in the Cp. ethylica N3 mixture
74.5 74.7 74.6 Prosthecochloris sp HL130

71 70.9 70.9 70.3 Prosthecochloris sp Ty
Vent

72.8 73 72.9 72.2 70.8 Pr. aestuarii DSM 271
69.5 69.5 69.5 69.5 70.5 70.2 Pr. marina VI
69.8 69.9 69.8 69.6 71.1 70.5 77.2 Prosthecochloris sp A305
70.3 70.3 70.3 70.5 71.5 71.4 74.6 76.3 Pr. phaeobacteroides BS1
72.2 72.3 72.3 72 70 71.2 68.9 69 70.4 Pr. vibrioforme DSM 260
72 72.2 72.1 71.8 69.9 71 68.9 69 70.3 98.3 Pr. phaeum 2401

Bold means: ANI values above 95% which is the arbitrary cutoff value for species differentiation.
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As expected, these genomes contained a gene for cytochrome C-555, for which the translated
protein sequences of strains N2 and N3 were identical (100% identity) to that previously reported for
the green component of the Cp. ethylica strain 2-K mixture [5], as shown in Figure 1.

A whole-genome phylogenetic tree for Prosthecochloris placed the green component of the N2 and
N3 mixtures as nearly similar to that of strain DSM 1685, isolated from the 2-K mixture (red clade in
Figure 2). This is consistent with the ANI comparisons mentioned above and clearly distinguishes this
clade as separate from the other sequenced Prosthecochloris strains, with strain HL130 as the closest
relative. This further supports the proposal of a new Prosthecochloris species.

1)                         AVTKADVEQYDLANGKTVYDANCASCHAAGIMGAPKTGTARKWNSRLPQ 
2) MKRTVSALTLSAIFALSFGLDAQAAVTKADVEQYDLANGKTVYDANCASCHAAGIMGAPKTGTARKWNSRLPQ 
3) MKRTVSALTLSAIFALSFGLDAQAAVTKADVEQYDLANGKTVYDANCASCHAAGIMGAPKTGTARKWNSRLPQ 
4) MKRTVSALTLSAIFALSFGLDAQAAVTKADVEQYDLANGKTVYDANCASCHAAGIMGAPKTGTARKWNSRLPQ 
  
1) GLATMIEKSVAGYEGEYRGSKTFMPAKGGNPDLTDKQVGDAVAYMVNEVL 
2) GLATMIEKSVAGYEGEYRGSKTFMPAKGGNPDLTDKQVGDAVAYMVNEVL 
3) GLATMIEKSVAGYEGEYRGSKTFMPAKGGNPDLTDKQVGDAVAYMVNEVL 
4) GLATMIEKSVAGYEGEYRGSKTFMPAKGGNPDLTDKQVGDAVAYMVNEVL 
 

1)                     ADVVTYENKKGNVTFDHKAHAEKLGCDACHEGTPAKIAIDKKSAHKDACKTCH 
2) MKKLIVAIMLVAFAATAAFAADVVTYENKKGNVTFDHKAHAEKLGCDACHEGTPAKIAIDKKSAHKDACKTCH 
3) MKKLIVAIMLVAFAATAAFAADVVTYENKKGNVTFDHKAHAEKLGCDACHEGTPAKIAIDKKSAHKDACKTCH 
4) MKKLIVAIMLVAFAATAAFAADVVTYENKKGNVTFDHKAHAEKLGCDACHEGTPAKIAIDKKSAHKDACKTCH 
 
1) KSNNGPTKCGGCHIK  
2) KSNNGPTKCGGCHIK  
3) KSNNGPTKCGGCHIK 
4) KSNNGPTKCGGCHIK 

Figure 1. (A) Sequence alignment of cytochromes c5 from Prosthecochloris. (1) Van Beeumen et al. [5]
soluble protein from 2-K mix, (2) translated genome from pure 2-K DSM 1685, (3) translated genome
from N2 mix, and (4) translated genome from N3 mix. (B) Sequence alignment of cytochromes c-551.5
from Desulfuromonas. (1) Ambler [6] soluble protein from 2-K mix, (2) translated genome from pure 2-K
DSM1675, (3) translated genome from pure N2 DSM1676, and (4) translated genome from N3 mix.

Figure 2. Whole-genome-based phylogenetic tree of all sequenced Prosthecochloris species.
The phylogenetic tree was generated using the CodonTree method within PATRIC [22], which used
PGFams as homology groups. The support values for the phylogenetic tree are generated using 100
rounds of the “Rapid bootstrapping” option of RaxML [25]. Chlorobaculum sp. 24CR was used as an
outgroup [29]. The branch length tree scale is defined as the mean number of substitutions per site,
which is an average across both nucleotide and amino acid changes. Species marked in red belong to
the newly proposed Prosthecochloris ethylica comb. nov.

A search for protein families that are unique amongst the Prosthecochloris strains using PATRIC
revealed a Tad (Tight Adhesion) pili gene cluster that is found exclusively in strains N2, N3,
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and DSM1685 and with lower homology in strains GSB1 and CIB2401, but appears to be absent
from all other Prosthecochloris strains. This Tad pili gene cluster consists of at least 10 genes related to
Type II/IV Flp pili assembly and secretion. The synteny of the gene cluster is preserved in all these
species (Figure 3), indicating an evolutionary conservation of this cluster. The closest relatives with a
similar gene cluster were found to be Pelodictyon phaeoclathratiforme BU-1 and Chlorobium luteolum DSM
273. Interestingly, P. phaeoclathratiforme is a brown-colored Chlorobiaceae that was described to form
net-like colonies [30].

Figure 3. Gene cluster organization and synteny comparison of the Tad (Tight Adhesion) genes
identified in the Prosthecochloris genomes. Genes are colored according to protein family (PGFam).

Tad pili gene clusters encode a macromolecular transport system (type II secretion system).
They are present in the genomes of a wide variety of both Gram-negative and Gram-positive bacteria
and are involved in close adhesion of cells within biofilm formation, colonization, and, sometimes,
pathogenesis [31–34]. The long filamentous fibrils are formed by bundles of individual pilus strands,
consisting of the fimbrial low-molecular-weight protein Flp [35–37]. Their attachment to surfaces
and other cells are expected to create an optimized environment for nutrient, metal, and electron
exchange between cells [31,33]. Given the presence of these conserved genes and the synteny in the
Prosthecochloris strains isolated from the three Cp. ethylica mixtures, these Tad-encoded pili likely play a
similar role in the syntrophic relationship of these strains by forming cell–cell interactions.

It has been described earlier that in larger multicellular phototrophic consortia of Chlorochromatium
aggregatum, a few large genes encode proteins that are anticipated to play an important role in the
formation of close interspecies interactions [14]. This was suggested based on in silico analysis, but the
exact physical role of these proteins in forming these interactions have not been described. The four
involved putative ORFs showed similarities to hemagglutinins (2 ORFs), an RTX toxin and hemolysin,
and were found to be some of the largest genes detected in prokaryotes and to contain multiple
characteristic repeats [13,14]. When searching for large ORFs in the Prosthecochloris genomes that we
sequenced, we found the largest ORF (coding for 2417 aa.) to be annotated as “hypothetical protein.”
When performing an NCBI BLASTP search using this sequence, we found it to be homologous to an
“outer membrane adhesin-like protein” from Pelodictyon phaeoclathratiforme and a “tandem-95 repeat”
protein from Prosthecochloris aestuarii, albeit with low protein identity (<39%). Further comparison
showed that all three of these proteins are homologous to hemagglutinin/adhesin-like proteins, similar
to outer membrane adhesin proteins of the RTX toxin family, which contain numerous, internally
repeated, calcium-binding domains [38].

Although highly diverse in terms of structure and/or adhesives properties, outer membrane
adhesins in Gram-negative bacteria are usually grouped into two main categories: the adhesins
secreted through a type 1 secretion system (T1SS) and the adhesins secreted through one of the type 5
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secretion systems (T5SS) [39]. The most studied of these secreted adhesins are the biofilm-associated
family of proteins (Bap), which are high-molecular-weight multidomain proteins containing an
N-terminal secretion signal, a core domain of highly repeated motifs, and a glycine-rich C-terminal
domain. Bap family members have been shown to be involved in cell adhesion to abiotic surfaces
and biofilm formation in both Gram-positive and Gram-negative bacteria (for reviews, see [40,41]).
However, only a few of these proteins have been characterized experimentally. A closer look at the
gene region surrounding the large Prosthecochloris putative adhesion protein revealed, first, that the
gene is located at the end of a contig in the genomes of strains N3, N2, and DSM1685, indicating
that the full size of the encoded protein might be larger than 2417 amino acids and, second, that the
gene is followed by a gene encoding an agglutination protein (TolC family type I secretion outer
membrane protein), an ABC transmembrane transporter (type I secretion system ATPase), and a HlyD
homologous protein (type I secretion membrane fusion protein) (Figure 4). Comparison of this gene
region to closely related genomes showed that Pr. aestuarii DSM 271 contains a complete sequence for
the adhesin-like gene (encoding 4748 amino acids) and is preceded by a large protein (4983 amino acids)
that is homologous to the structural toxin protein RtxA (which is a T1SS-143 repeat domain-containing
protein) in a similar gene cluster. The presence of the large RtxA homologue and the adhesin-like
protein in a gene cluster with other T1SS-related proteins indicates that these genes indeed encode
adhesins, secreted through a type 1 secretion system.

The occurrence of the adhesin-like gene at the end of a contig in our Prosthecochloris genomes
is likely due to the fact that these genes contain multiple sequence repeats, which are known to
be a potential challenge for next-generation sequencing-based genome assembly programs [42].
When searching the N3 genome with the adhesin and RtxA toxin-like proteins from Pr. aestuarii DSM
271 (using BLASTP in PATRIC), we did find partial genes (annotated as hypothetical proteins) located
at the ends of two other contigs (contigs 008 and 029). These partial gene-containing contigs from strain
N3 align very well with the gene cluster identified in strain DSM 271 (see Figure 4), which supports the
hypothesis that the missing partial adhesin gene is due to assembly software limitations. The same was
true for the 2-K (DSM1685) and N2 genomes where the RtxA homologue was also found on separate
contigs. We can conclude that the Prosthecochloris genomes from the 2-K, N2, and N3 mixtures all
contain large genes similar to the putative ORFs (hemagglutinin and RTX toxin) that were described in
C. aggregatum to be important for the formation of close interspecies interactions [13,14].

Figure 4. Gene cluster organization and synteny comparison of the large adhesin-like protein-encoded
genes, identified in the Prosthecochloris N3 genome and homologues. The genes for large extracellular
outer membrane adhesion protein and RtxA discussed in the text are marked in bold.

3.2. Desulfuromonas Genome from the Colorless Sulfur-Reducing Component

Based on ANIb comparisons (Table 3) and whole-genome phylogenetic analysis (Figure 5) of the
colorless component in the N3 mixture, we can conclude that it is very similar to Ds. acetoxidans DSM
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1675 and DSM 1676, previously isolated from the mixtures 2-K and N2, and that they are nearly the
same as the type strain DSM 684.

The Cp. ethylica 2-K cytochrome C-551.5 protein [6] was identical to that of the translated gene from
the Desulfuromonas component of the N3 mixture and from the DSM 1675 and DSM 1676 pure culture,
as shown in Figure 1B, but was apparently absent from the type strain DSM 684. The C-551.5 gene
synteny is conserved in the N3 mixture, DSM 1675, and DSM 1676 genomes (Figure 6), and the gene is
surrounded in all of the strains by a gene for cytochrome C (PGFam_04122568; located downstream)
and a Mg/Co/Ni transporter MgtE (PGFam_04560429; upstream and antisense). These surrounding
genes are both present in strain DSM 684; however, they are each located near the end of separate
contigs (Figure 6). It is, therefore, possible that the C-551.5 gene was lost during assembly of the DSM
684 genome. Further studies will be needed to conclude the presence of C-551.5 in the type strain.

Table 3. Percentage average nucleotide identity of some Desulfuromonas sulfur-reducing bacteria.

Ds. acetoxidans DSM 684T pure culture
99.92 Ds. acetoxidans 2K DSM 1675 pure culture
99.91 99.99 Ds. acetoxidans N2 DSM 1676 pure culture
99.86 99.92 99.93 Ds. acetoxidans in the Cp. ethylica N3 mixture
69.9 69.9 70 70 Ds. thiophila DSM 8987
67.2 67.4 67.4 67.4 68.9 Ds. acetexigens null
67.4 67.5 67.5 67.4 68.7 72.1 Ds. sp. WTL
67.2 67.3 67.3 67.2 69.5 71.5 72.3 Ds. sp. DDH 964

Bold: ANI values above 95% which is the arbitrary cutoff value for species differentiation.

Figure 5. Whole-genome-based phylogenetic tree of all sequenced Desulfuromonas species.
The phylogenetic tree was generated using the CodonTree method within PATRIC [22], which used
PGFams as homology groups. The support values for the phylogenetic tree are generated using 100
rounds of the “Rapid bootstrapping” option of RaxML [25]. Geobacter sulfurreducens KN400 was used
as an outgroup [43]. The branch length tree scale is defined as the mean number of substitutions per
site, which is an average across both nucleotide and amino acid changes.

Figure 6. Gene organization comparison around the cytochrome c-551.5 gene in Desulfuromonas
genomes. Genes are colored according to protein family (PGFam).

The genomes of Desulfuromonas strains DSM 1675, DSM 1676, DSM 684T, and the genome isolated
from the N3 mixture contain many genes from unique protein families (PGFams identified in PATRIC)
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that are apparently not found in the other sequenced Desulfuromonas strains. At least 18 unique
PGFams were related to the synthesis of Type IV pili of two different classes. Eight of them encoded
mannose-sensitive hemagglutinin (MSHA) type pili, and the other 10 encode the elements of a different
Type IV pili group (Table 4). Type IV pili are found on the surface of a variety of Gram-negative
bacteria [44] and have been demonstrated to be important as host colonization factors, bacteriophage
receptors, mediators of DNA transfer and, more recently, also as electron transfer factors over longer
distances (so called e-pili) [45–47].

Table 4. Overview of some of the PGFams uniquely identified in Ds. strains DSM 1675 (2-K), DSM 1676
(N2), N3, and DSM 684 (red clade in Figure 5).

Gene PGFam Protein Description Size (aa.)

PilA PGF_00056426 Tfp pilus major pilin assembly protein 314
PilZ PGF_00414431 Type IV pilus assembly protein 121
PilX PGF_03889320 Type IV fimbrial biogenesis protein 174

PGF_04686021 204
PilV PGF_04940117 Type IV fimbrial biogenesis protein 141

PGF_05800309 126
PilP PGF_06326322 Type IV fimbrial biogenesis protein 171
PilW PGF_10370792 Type IV fimbrial biogenesis protein 330
FimT PGF_10544072 Type IV fimbrial biogenesis protein 143
PglB PGF_05008343 Pilin glycosylation protein 206
Ferro PGF_00004340 Ferrodoxin domain protein 260
MshA PGF_06702067 MSHA pilin protein 169

PGF_12682451 178
MshD PGF_01602851 MSHA pilin protein 152
MshI PGF_05907321 MSHA biogenesis protein 198
MshJ PGF_02203893 MSHA biogenesis protein 230
MshK PGF_00018410 MSHA biogenesis protein 119
MshN PGF_00938251 MSHA biogenesis protein 430
MshP PGF_01166820 MSHA biogenesis protein 130
CytC PGF_12883110 Multiheme Cytochrome C family protein 624

The type IV major pilin assembly protein PilA found exclusively in the four Desulfuromonas
strains is significantly larger (314 residues) than the common PilA homologue found in many other
bacteria (only ~60–70 aa.). The typical shorter PilA homologue was also found in all of the sequenced
Desulfuromonas strains. This larger PilA protein (PGFam_00056426) contains a transmembrane region
(from ~residues 70–160), and a BLASTP search revealed a geopilin domain membrane protein (247 aa.;
PGFam_10038571) from Pelobacter carbinolicus DSM 2380 as the closest relative (49% protein identity
and 67% similarity). Geopilin proteins have been implicated in direct interspecies electron transfer
(e-pili) within syntrophic aggregates [48–50] and have also been shown to enhance current production
in fuel cells [51].

The synteny of the geopilin-PilA protein is conserved in all four of our sequenced Desulfuromonas
strains (Figure 7). The gene is preceded by a ferredoxin domain protein (PGFam_00004340) and
followed by DUF419 (a protein of unknown function; PGFam_00038332), which are both also unique
to these four Desulfuromonas strains. Ferredoxins are small proteins containing iron-sulfur clusters and
function as biological “capacitors” that can accept or discharge electrons and are involved in electron
transfer reactions in many organisms (for review see [52]). The presence of the ferredoxin protein
directly upstream of the geopilin, which is proposed to be an electron-transfer pili (e-pili), is certainly
intriguing and points towards a functional coupling of these proteins. In addition, unique PGFams
for PilZ, PilX, PilV, PilP, and PilW, as well as FimT biogenesis proteins and the Pilin glycosylation
protein PglB were found at other locations in our selected genomes. Using BLASTP (within PATRIC),
we were able to identify one other Desulfuromonas strain, BM513, which contains a distant homologue
of the larger PilA protein (66% sequence identity); however, the gene synteny is less conserved
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(Figure 7). This latter genome was assembled from a metagenomic sample of an environmental isolate,
and nothing is currently known about potential symbiotic relationships of this strain. The presence
of this larger geopilin-PilA homologue and several of the type IV pili biogenesis proteins indicates
that the Desulfuromonas strains N3, N2, 2-K, and possibly the environmental strain BM513, are able to
produce a unique set of type IV pili (e-pili) that could play a role in syntrophy and electron transfer.

Figure 7. Gene organization comparison around the geopilin-PilA pilus assembly protein in
Desulfuromonas genomes. Genes are colored according to protein family (PGFam). The gene for
the large major pilin protein PilA, discussed in the text, is marked in bold.

The mannose-sensitive hemagglutinin (MSHA; Table 4) is likewise a member of the family of
type IV pili. While the exact function of MSHA is unknown, studies have shown that mshA mutants
of Vibrio cholerae are unable to produce biofilms on abiotic surfaces, and these pili might have an
environmental role of survival outside the host [53]. Two homologues of MshA were found to be
present in DSM 1675, DSM 1676, DSM 684, and the N3 strain, in addition to homologues for MshD, I, J,
K, N, and P, which are essential for MSHA pili biosynthesis (Table 4). Although these Msh PGFams
were not found by PATRIC in the other Desulfuromonas strains, we also identified, by performing
a BLASTP search within all Desulfuromonas strains in PATRIC, more distant homologues (<40% aa.
identity) of MshA, and found the same conserved gene cluster in the genomes of Desulfuromonas sp.
AOP6, BM513, and Ds. thiophila. This indicates that the msh pili gene cluster might be more widespread
amongst the Desulfuromonas species.

Besides these pili genes, the Desulfuromonas genomes also contain genes for several flagellar
proteins, including the flagellar assembly protein FliH, flagellar basal body P-ring formation protein
FlgA, the basal body rod protein FlgF, flagellar protein FlgJ (2 copies), and a flagellar regulatory protein
FleQ. These were initially found as unique families by PATRIC in strains N3, DSM 1675, DSM 1676,
and DSM 684. However, when performing a BLAST search, we found homologues of them (<45%
protein identity) in several of the other strains, e.g., DSM1397, AOP6, and Ds. thiophila. This is
consistent with the earlier observations that the Desulfuromonas acetoxidans species in the syntrophic
mixtures are motile and able to produce functional flagella [8].

3.3. Comparison of the Geobacter sulfurreducens Genomes to the Desulfuromonas Genomes

It has been shown that Prosthecochloris could grow by direct interspecies electron transfer from
Geobacter sulfurreducens, a close relative of Desulfuromonas [54]. To elucidate potential unique features
in the species that have been shown to form the Prosthecochloris syntrophy, we compared the Geobacter
sulfurreducens genomes of strains PCA and KN400 to the Desulfuromonas genomes. This revealed
a unique large cytochrome C family protein (624 aa; PGFam_12883110) that is only present in the
genomes of Ds. DSM1675 (2-K), DSM1676 (N2), N3, 684, AOP6, and the two Gb. sulfurreducens
strains. An EXPASY-BLASTP search revealed that this is a multiheme cytochrome, with the closest
relative being an uncharacterized cytochrome C from Geothermobacter sp. HR-1 (67% identity and 80%
similarity), and several homologues in other Geobacter and Thermodesulfovibrio strains, but missing from
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all the other Desulfuromonas strains. The protein contains an N-terminal signal peptide and, as shown in
the alignment in Figure 8, at least 9 possible heme-binding sites (identified as CXXCH) were found to be
present. The function of this large multiheme cytochrome is currently unknown and the surrounding
genes consist of mainly hypothetical genes in all of the Desulfuromonas strains where it was found,
so it does not appear to be genetically associated with any known specific pathway. The recently
published genome of Ds. strain AOP6 showed that this strain has genes for a large c-type cytochrome
and unique Type IV pili [55], although no further analysis was performed. We now found this to be the
case for our four genomes of Desulfuromonas as well. Since the Geobacter species can produce type IV
pili and cytochromes that directly transport electrons through the pili to crystalline Fe(III) and Mn(IV)
oxides [47,56], it is possible that this related multiheme cytochrome c and the Type IV pili play similar
electron transport roles in the Desulfuromonas strains that contain these specific proteins.

Figure 8. Alignment of the large unique multiheme cytochrome C sequences from Desulfuromonas
genomes and their closest relatives from Geothermobacter and Geobacter species. Potential heme-binding
sites are marked in yellow. Ds = Desulfuromonas acetoxidans.

4. Discussion

It is apparent that all three syntrophic mixtures analyzed, Cp. ethylica N2, N3, and 2-K, are virtually
the same in both the green and colorless components. That is, the interaction between the two
components of the mixtures appears to be highly specific, although no physical connection has been
described and the mixtures were isolated from different habitats hundreds of miles apart. However,
the finding that both the green component and the colorless component of the three syntrophic mixtures
are virtually the same asks for some explanation. It would require to be quite a coincidence considering
that the mixtures were isolated from habitats geographically separated by hundreds of miles in Russia
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and that the type strain of Desulfuromonas was isolated from the Antarctic on the far side of the
Earth. In support of coincidence, Biebl and Pfennig [18] reported that there is no specificity in the
syntrophic growth of Desulfuromonas DSM 1675 with green bacteria. As far as growth yield is concerned,
Prosthecochloris DSM 1685 could be replaced by Chlorobium strain DSM 258, and Desulfuromonas DSM
1675 could be replaced by Desulfuromonas DSM 684T in the syntrophic mixture. However, the doubling
times were not measured, which might have shown a difference. A far better explanation of the identity
of the three isolates, therefore, is that there is some undetected physical interaction between the two
species in the mixtures.

A cell–cell complex, however fleeting, may require surface recognition proteins as previously
postulated for the green bacterial consortia of C. aggregatum [13]. In that larger consortium, a single
central, nonpigmented, heterotrophic bacterium forms close cell–cell interactions with multiple
green-sulfur bacteria (15–40 cells) [13,14]. Even though the metabolic interactions in the Cp. ethylica
symbiotic relationship are possibly different from the C. aggregatum and other large consortia, and are
likely driven by sulfur cycling in the case of Cp. ethylica, the fact that similar large adhesin/agglutination
proteins are detected in Prosthecochloris ethylica strains indicates that similar interactions may be formed
in this more simple symbiont as those in the larger green sulfur consortia. The fact that this gene
cluster appears to be present in other Prosthecochloris genomes as well (Figure 4) indicates that the
capability to produce large outer membrane adhesin structures might be more widespread among
green sulfur bacteria than anticipated.

The presence of unique Tad (tight adhesion) pili genes, only found in the Prosthecochloris strains
that are known to form a symbiotic relationship, suggests that the structural formation of the cell–cell
interactions occurs through specific pili and that large agglutination proteins are expected to help
maintain this interaction. Both in the larger C. aggregatum and in a similar archaeal consortium with
Nanoarchaeum equitans, fibers are observed that form periplasmic tubules surrounding the entire cell
surface [14,20]. The exact nature of these fibers is still unresolved. However, tight adhesion pili, like the
ones we found in the Prosthecochloris ethylica genomes, may be involved in the initial formation of
the connecting tubules. Possibly, the pili are forming the initial connection before wider periplasmic
tubules are established. This process would be similar to the better-known process of how conjugation
pili (F pili) help to establish conjugation bridges during the process of DNA conjugation in many
bacteria. It is interesting that both the Tad pili and the adhesion protein products described here are
best known from studies of bacterial virulence factors. However, based on their presence in other
nonpathogenic species, they seem to be more widespread amongst bacteria and are likely involved in
many environmentally important syntrophic interactions between bacteria.

In the Chloropseudomonas ethylica syntrophy, the colorless Ds. acetoxidans bacterium likely reduces
sulfur compounds and returns the resulting H2S to the Prosthecochloris green sulfur component,
as proposed by Biebl and Pfennig [18]. This would allow the green sulfur bacteria to use sulfide
for their anoxygenic photosynthesis. Studies have shown that various cytochrome c7s can directly
reduce metal ions or sulfur, and the Desulfuromonas C-551.5 is no exception in that respect [57,58].
Thus, this cytochrome may be responsible for sulfur cycling in the mixtures. In fact, it has previously
been shown that Ds. acetoxidans cytochrome C-551 is capable of reducing polysulfides and is suggested
to be the terminal reductase [59]. It was also shown that another strain of Prosthecochloris can grow by
direct interspecies electron transfer with Geobacter sulfurreducens (a close relative of Desulfuromonas)
as the electron donor and that they could form a cell–cell complex [54]. These results suggest that
the Desulfuromonas c7 (C-551.5) in the Chloropseudomonas mixtures may transfer electrons directly to
Prosthecochloris without reducing sulfur to sulfide, although that too is a possibility, as shown above.
Based on our findings of geopilin-type pili genes and of a larger multiheme cytochrome C gene
found exclusively in the genomes of the strains that form these syntrophic mixtures, it is likely that
a more complex system of electron transfer through e-pili and multiheme cytochromes is involved,
with cytochrome C-551.5 functioning as the terminal sulfur reducing agent in this complex.
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Large multiheme cytochromes with monomeric molecular masses of 50 and 65 kDa (containing
6 and 8 hemes, respectively) were previously observed in Ds. acetoxidans, but no sequence
data to compare with our current multiheme cytochrome C are available [59]. These multiheme
cytochromes were found to cover an extremely wide range of reduction potential, but did not show any
hydroxylamine oxidoreductase nor polysulfide reductase activity. Multiheme cytochromes of Geobacter
and Desulfuromonas have been shown to play critical roles in the processing of many metals [57,60],
although the monomers were much smaller in size (70–80 residues). A recent review on the role of
multiheme cytochromes in anaerobic bacterial respiration [61] reports that multiheme cytochromes
with a large molecular ratio of weight/heme ratio (7kDa/heme, or higher) appear to be most common
in so-called electroactive organisms that are involved in the reduction of extracellular substrates,
such as Geobacteraceae and Shewanellaceae. The mechanism used by Geobacter to transfer electrons onto
solid extracellular substrates is still poorly understood, but involves both a pool of periplasmatic
cytochromes and several outer membrane multiheme cytochromes. At least some of these form larger
polymers [61,62]. The exact electron transfer process is still undetermined, but it is likely a complex
multicomponent system where at least some of the multiheme cytochromes have overlapping functions
covering the wide range of reduction potentials. By sequence homology alone we cannot state the
function of the unique larger multiheme cytochrome C from the Desulfuromonas acetoxidans strains,
but its high molecular weight/heme ratio (estimated to be 7.5 kDa/heme), N-terminal signal sequence,
and unique homology to Geobacter large multiheme cytochromes point to a role in extracellular
electron transfer.

Our findings from the simultaneously sequencing and comparison of the genomes in the Cp. ethylica
syntrophic mixtures, in combination with observations described in related organisms, allow us to
propose a basic model by which Tad pili and large agglutination proteins from the green sulfur
Prosthecochloris are key elements in the formation of the syntrophic complex (Figure 9). This may be in
conjunction with the formation of periplasmic tubules that were observed in larger photosynthetic
consortia. The formation of larger consortia is dependent on cultivation conditions and is not easily
reproduced under laboratory conditions. Although this has not been observed yet in Cp. ethylica,
given the detection of similar adhesion proteins and pili, it is possible that it could produce similar
larger consortia under the right cultivation conditions. Once close cell–cell interactions are formed,
the closed sulfur cycle can be established by electron transfer through specialized e-pili and several
cytochromes produced by the Desulfuromonas component (Figure 9). Further biochemical studies will
be needed to determine the exact electron transfer chain and the function of the cytochromes involved,
but it is likely that cytochrome C-551.5 plays an essential role in the sulfur reduction. The sulfur
metabolism of green sulfur bacteria involves the oxidation of sulfide and the deposition of elemental
sulfur globules outside the cells [63]. The e-pili produced by Desulfuromonas are therefore expected to
be involved in extracellular electron transfer to the sulfur acceptor deposited extracellularly by the
green sulfur bacterium (Figure 9). The expression of both specific geopilin and MSHA pili (particularly
the major pilin mshA gene) in the related organism Pelobacter carbinolicus was found to be substantially
upregulated during ethanol oxidation, presumably for improved attachment or electron transfer to
the extracellular electron acceptor S0 [50]. It requires further functional analysis, but the conserved
ferredoxin protein directly upstream of the geopilin gene in Ds. acetoxidans may potentially be involved
in the electron transfer through the e-pili.
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Figure 9. Schematic overview of proposed interactions in the Chloropseudomonas ethylica syntrophic
mixture. Unique protein structures identified in the genomes are indicated in green for Prosthecochloris
ethylica and in brown/red for Desulfuromonas acetoxidans. Image created in BioRender.com.

Irrespective of the electron transfer proteins involved, the mutualistic metabolic benefits to each of
the components are clear from the sulfur and electron cycling. In addition, the colorless Desulfuromonas
also contains several genes for flagella production, and, therefore, provides the additional benefit of
motility. The potential advantage of motility was previously proposed for the larger C. aggregatum
consortium [14] and appears to be a part of the Cp. ethylica syntrophy as well. None of the green
sulfur bacteria observed in these consortia produce flagella and obtaining motility provided by the
nonpigmented component is likely to result in a competitive advantage to orient themselves much
faster towards light and sulfide gradients in stratified or meromictic lakes.
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Abstract: Heterocystous cyanobacteria of biocrusts are key players for biological fixation in drylands,
where nitrogen is only second to water as a limiting resource. We studied the niche partitioning
among the three most common biocrust heterocystous cyanobacteria sts using enrichment cultivation
and the determination of growth responses to temperature in 30 representative isolates. Isolates
of Scytonema spp. were most thermotolerant, typically growing up to 40 ◦C, whereas only those of
Tolypothrix spp. grew at 4 ◦C. Nostoc spp. strains responded well at intermediate temperatures. We
could trace the heat sensitivity in Nostoc spp. and Tolypothrix spp. to N2-fixation itself, because the
upper temperature for growth increased under nitrogen replete conditions. This may involve an
inability to develop heterocysts (specialized N2-fixing cells) at high temperatures. We then used a
meta-analysis of biocrust molecular surveys spanning four continents to test the relevance of this
apparent niche partitioning in nature. Indeed, the geographic distribution of the three types was
clearly constrained by the mean local temperature, particularly during the growth season. This allows
us to predict a potential shift in dominance in many locales as a result of global warming, to the
benefit of Scytonema spp. populations.

Keywords: biological soil crust; drylands; niche partitioning; nitrogen fixing cyanobacteria

1. Introduction

In drylands, where plant growth is limited by water and nutrients, the soil surface can be occupied
by communities of microorganisms known as biological soil crusts (biocrusts; see [1] for a primer, and [2]
for a monograph), which play crucial roles for the fertility and stability of drylands. Their presence
enhances resistance to erosion caused by water [3] or wind [4,5], modifies soil surface temperature [6],
and influences water retention and runoff [7–9]. Colonization of bare soils, typically pioneered by
highly motile filamentous cyanobacteria like Microcoleus vaginatus and Microcoleus steenstrupii [10]
results in the formation of incipient communities. Once the surface is stabilized, sessile, heterocystous
cyanobacteria colonize secondarily. The community also hosts a variety of populations of heterotrophic
bacteria [11,12], archaea [13], and fungi [14] as well as lichens and mosses [15], which are typical of the
most developed crusts. Once established, these heterocystous cyanobacteria are significant contributors
to dinitrogen inputs in soils crusts [16], taking over this role from the heterotrophic diazotrophic
bacteria [17] that enter in C for N symbioses with M. vaginatus in early succession stages [18]. Three
phylogenetically well-defined clades, Scytonema spp., Nostoc spp. and Tolypothrix/Spirirestis spp., have
been identified as the most abundant diazotrophic cyanobacteria in biocrusts communities of the
Southwestern US [19]. Soil crusts are typically in a perennial state of N deficiency because the internal
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N cycle is broken (denitrification is apparently absent from most biocrusts; [20,21]). Biological fixation
thus remains a necessity for continued growth. Fixed atmospheric C and N [20,22,23], along with other
elements [24] can then be exported to underlying soils, improving landscape soil fertility. Because
drylands cover nearly 45% of the total Earth continental area [25], and aridity is predicted to increase
due to global warming [26–28], this N export activity of biocrusts matters not only locally, but also
globally. In fact, the global N2-fixation of cryptogamic covers, much of which are biocrusts, has been
estimated at 49 Tg/yr, accounting for nearly 50% of the biological N2-fixation on land [29].

N2-fixation activity has been determined experimentally to be optimal in the range of 15–30 ◦C
regardless of the biocrusts origin or successional stage assayed in the US Southwest [30,31], with rates
decreasing significantly between 30 and 35 ◦C [31]. This sensitivity has been ascribed to possible
deleterious effects of temperature on N2-fixing cyanobacteria [31]. Thermophysiological studies using
laboratory isolates [31–33] or geographical distribution in molecular tallies [34] have shown that the
three main clades of biocrust heterocystous cyanobacteria are characterized by different temperature
ranges for growth: the Scytonema spp. clade tends to be more thermotolerant, whereas the Tolypothrix
spp. clade shows psychrophilic preferences, and strains in the Nostoc spp. clade shows a preference
for mild temperatures (15 to 30 ◦C). However, these results come from the evaluation of a restricted
number of sites or strains, and the patterns were not always robust. Clearly, however, the results point
to a potential for differential sensitivity of these cyanobacteria to environmental warming, a future
scenario with which biocrust will have to contend. Drylands at large will likely become warmer and
drier in response to global warming. In particular, the US Southwest is predicted to experience an
increase in temperature of about 1 ◦C per decade [26], accompanied by alterations in precipitation
frequency [35–37].

In this contribution we wanted to evaluate in detail the thermophysiology of biocrust heterocystous
cyanobacteria using cultivated isolates, and to test if their niche differentiation is regulated by
N2-fixation. Finally, we wanted to test if the physiological data obtained from cultures, can explain
the current biogeographic distribution of each clade, and hence potentially help us predict their fate
in the face of global warming. Our results show that these cyanobacteria show markedly different
thermophysiological patterns in culture and consistent world-wide distributions in nature. This points
to a potential for differential sensitivity among them to global warming, allowing us to predict a
microbial replacement that biocrusts will have to contend with in future climate change scenarios.

2. Materials and Methods

2.1. Enrichment Cultures

Field biocrusts were collected from the (cold) Great Basin Desert (Utah, USA), and from the (warm)
Chihuahuan desert (New Mexico, USA), and from two soil textural types in each, Great Basin: sandy
clay loam and clay loam, and Chihuahuan: clay loam and loamy sand. Locations and soil types details
are given in [38]. Three enrichment cultures were prepared from each site and incubation temperature
by randomly placing small biocrust crumbles and spreading it over 1.5 % (w/v) agar-solidified minimal
medium without combined nitrogen (BG110; [39,40]) in Petri dishes. They were incubated at 4, 25 and
30 ◦C, for 20 days, under 20 to 27 μmoL m−2 s−1 light from fluorescent bulbs under a 14 h photoperiod.
After incubation, colonies were counted, sampled and observed under the compound microscope
(labophot-2, Nikon, Tokyo, Japan) to be assigned to one of the three morphotypes. Differences in the
relative proportions were assessed via permutational multivariate analysis of variance (PERMANOVA).
PERMANOVAS were performed on the Bray-Curtis distance matrices of relative proportions derived
from colonies counts and used 999 permutations. PERMANOVAS were run on PRIMER 6 software
with PERMANOVA+ add on [41,42].

44



Microorg 2020, 8, 396

2.2. Experimental Organisms and Growth Conditions

Thirty cyanobacterial strains: 12 Scytonema spp., 10 Nostoc spp., and eight Tolypothrix spp.
previously isolated as a part of our “microbial biocrust nurseries” protocols (see [38] as well as a
description of the cyanobacterial community structure of the biocrust communities of origin), were
used in our experiments. Briefly, strains were isolated from enrichment cultures in agar-solidified
BG110 Petri plates followed by multiple streaking of colonies on fresh agar plates. Strain identity was
first assessed by microscopy, and then confirmed by PCR amplification of the V4 region of the 16S
rRNA gene using cyanobacteria specific primers CYA359F/CYA781R [43] (PCR protocol therein), blast
comparisons, and by placing the sequences on the cyanobacterial tree Cydrasil (https://itol.embl.de/
tree/1491698589270801574806192). PCR products were sequenced using Sanger sequencing. All strains
were unicyanobacterial, are kept in our local culture collection, and are available upon request. Strain
accession numbers along with their denomination coding for site of origin can be found in Table S3.
Stock cultures were grown in 175 mL cell culture flasks containing 100 mL of medium free of combined
nitrogen (BG110). Cultures were maintained at 25 ± 2 ◦C, under a 14 h photoperiod, illuminated at
20–27 μmoL (photon) m−2 s−1 provided by white fluorescent tubes.

2.3. Delineation of Temperature Range for Growth and Survival of Isolates

Prior to inoculation, stock liquid cultures of each strain were homogenized by repeatedly forcing
biomass through a 60 mL sterile syringe, and immediately washed with fresh BG110 medium by five
consecutive centrifugations (8 min, 8437 g, 25 ◦C). Aliquots of this homogenized cultures served as
inoculum (5% v/v) for experimental cultures, which were run on 50 mL cell culture flasks filled to
the 20 mL mark. Each strain was incubated at 4, 15, 25, 30, 35, 40 and 45 ◦C in triplicate, exposed
to a light intensity of 20–27 μmoL (photon) m−2 s−1 provided by white fluorescent tubes, in a 12 h
photoperiod regime. Growth was estimated visually after 30 days as either positive for growth (there
was an obvious increase in biomass at the end of the incubation period compared to initial inoculum)
or negative for growth (either no-growth (stasis) or patent death). Assays assigned to “no-growth”
looked healthy, with brightly pigmented cells, but did not show appreciable biomass increase during
the incubation, whereas assays assigned to patent death exhibited a total loss of pigmentation. The
whole experiment was replicated a second time in full, and growth in any of the trials was reported
as positive.

2.4. Influence of Diazotrophy on the Upper Temperature Limit for Growth

A homogenized, cleaned culture mix was prepared for each of the strains as detailed above,
and inoculated (5% v/v) in 50 mL cell culture flasks containing either medium without combined
nitrogen (BG110) or nitrogen-containing medium (BG11). Triplicate cultures were incubated at 35 and
40 ◦C, illuminated with 20–27 μmol (photon) m−2 s−1 provided by white fluorescent tubes, in a 12 h
photoperiod regimen, for 30 days.

2.5. Heterocyst and Vegetative Cell Counts

To determine the frequency of heterocysts we conducted microscopic cell counts on fresh wet
mounts under bright field illumination in a Nikon labophot-2 compound microscope. At least 200 cells
were counted in each determination. To determine the effect of nitrogen source and incubation
temperature on heterocyst frequency we examined triplicate cultures of each strain at 25, 35 and 40 ◦C,
all at day 7 after inoculation, time at which all tested strains appeared healthy. The full experiment
was replicated for a total n = 6.

2.6. Chlorophyll a Determination

Chlorophyll a (Chl a) was measured as a proxy for phototrophic biomass. Chl a was extracted
in triplicate, in 90% acetone, according to [44], vortexed for 30 s. and allowed to extract for 24 h at
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4 ◦C in the dark. Extracts were clarified by centrifugation (5 m at 8437 g). Absorbance spectra of the
clarified extracts was recorded on a UV-visible spectrophotometer (UV-1601, Shimadzu, Kyoto, Japan).
Interference from scytonemin and carotenoids was corrected using the trichromatic equation of [45].

2.7. Meta-analysis of Temperature Niches

In an attempt to look for a temperature segregation pattern among the studied taxa in the
natural biocrust environment, we performed a meta-analysis of all bacterial 16S rRNA tallies available
publicly. We performed a literature search, and either downloaded from public databases or directly
requested raw sequence data from authors from multiple environmental biocrust surveys conducted
at different locations around the world. We collected data from different arid and semiarid regions
in USA [6,34,46–48], Mexico [33] and Australia [49], from arid, semiarid and alpine regions in
Europe [32,50], from the arid Gurbantunggut desert in China [51], and from the Brazilian savannah
(Cerrado) [52]. A complete list of the biocrust surveys with locations, environmental variables, and
other relevant information can be found in Table S4.

For all but the dataset from [34], forward reads obtained with pyrosequencing [51] and paired-end
reads obtained with Illumina were demultiplexed, and quality controlled using the DADA2 plugin [53]
available in Qiime 2018.6 [54], creating a feature table containing representative sequences (features)
and their frequency of occurrence. Highly variable positions were removed using MAFFT [55], and
phylogenetic trees were generated using FastTree [56]. Preliminary taxonomic assignment was done
using the Naïve Bayes classifier [57] trained on the Greengenes 13.8 release database [58]. For the [34]
dataset, because quality files (.fastq) were not available, and in an effort to control for sequence quality
before preforming any downstream analysis, raw sequences were first filtered using USEARCH 7 [59] to
remove all sequences with less than 210 bp. Overall this step filtered out up to 5% of the total sequences in
some but not all samples. Additionally, the first and last 10 bp of each sequence were trimmed using Fastx
(http://hannonlab.cshl.edu/fastx_toolkit/). Quality controlled sequences were assigned to individual
samples and barcodes were removed using Qiime 1.8 [54] using the multiple_split_librairies_fastq.py
script. Operational taxonomic units (OTUs) were defined with a threshold of 97% similarity and
clustered using UCLUST [59] using the pick_open_reference_otus.py script in Qiime. Potential chimeras,
and singleton OTUs were removed from further consideration. Preliminary taxonomic assignments
were done with the RDP (Ribosomal Database Project) classifier [60], and representative sequences
were then aligned against the Greengenes database core reference alignment [58].

Cyanobacterial sequences (features) and OTUs were filtered out from the master file, and a more
refined taxonomic assignment at the genus and species level was further informed throughout
phylogenetic placements. Query cyanobacterial sequences (and OTUs) were phylogenetically
placed in our cyanobacteria reference tree CYDRASIL version-0.22a (https://github.com/FGPLab/
cydrasil/tree/0.22a, accessed in July, 2019), by aligning sequences to the cyanobacterial tree alignment
using PaPaRa [61], and then placing them into the reference tree using the RaxML8 Evolutionary
Placement Algorithm [62]. The resulting trees were imported and visualized in the iTOL4 server [63].
Accession numbers of representative strains of the clades in which Scytonema spp., Nostoc spp. and
Tolypothrix spp. were assigned according to CYDRASIL are included in Table S1.

The proportion of Scytonema spp., Nostoc spp. and Tolypothrix spp. within the heterocystous
cyanobacterial community was calculated by dividing the number of reads of either Scytonema spp.,
Nostoc spp. or Tolypothrix spp., by the sum of the number of reads of all N2-fixing cyanobacteria found
at each location. Resulting proportions were plotted against the mean annual temperature (MAT) and
the mean temperature of the wettest quarter of the year (growth season) in each location of origin.
A total of 25 (out of 109) locations at which the total relative abundance of N2-fixing cyanobacteria
was lower than 0.5 % of all reads were excluded from final plots. Mean annual temperature and mean
temperature of the wettest quarter of the year were calculated from environmental variables of monthly
climate data for minimum, mean, and maximum temperature and for precipitation for 1970–2000. Data
was downloaded from WorldClim -Global Climate Data -version 2 (http://www.worldclim.org; [64].
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Linear regressions between the proportion of sequence reads (arcsine transformed) of each taxon
among heterocystous cyanobacteria and climatic parameters (MAT and MTempWetQ) were used to
test significance of environmental patterns.

3. Results

3.1. Encrichment Cultivation

Enrichment cultures for diazotrophic photoautotrophs carried out at different temperatures using
inoculum from four different biocrusts were very revealing. Only heterocystous cyanobacteria were
enriched for in our medium free of nitrate and ammonium, and all 994 colonies examined belonged
to one of the three major clades known from biocrusts: Nostoc spp., Tolypothrix spp., and Scytonema
spp. [19], as determined by microscopic inspection. The relative proportions obtained, however, were
strongly dependent on the temperature of incubation (Figure 1). The composition of the enrichments
at 4 ◦C was significantly different from those growing at 25 ◦C (PERMANOVA pseudo-F: 6.22 df:
22 p ≥ 0.001) and 30 ◦C (PERMANOVA pseudo-F: 9.36 df: 22 p ≥ 0.001); the same was true for the
comparison of 25 and 30 ◦C (PERMANOVA pseudo-F: 6.43 df: 22 p ≥0.001). Scytonema spp. made
up the majority of the colonies at 30 ◦C, whereas Tolypothrix spp. was preferentially selected for at 4
◦C. Nostoc spp. had a slight advantage at lower temperatures as well. This was so regardless of the
origin of the crusts used for inoculation, in that there was no significant effect on outcomes by location
(PERMANOVA, p ≤ 0.2; full dataset presented in Table S2).

Figure 1. Relative proportion of colonies assignable to Scytonema spp., Nostoc spp., and Tolypothrix
spp. in enriched cultures obtained on medium without combined nitrogen as a function of incubation
temperature.

3.2. Temperature Range for Growth (or Survival) of Isolated Strains

All cyanobacterial strains (tested in medium without combined N) showed robust growth at 15
and 25 ◦C, while none grew at 45 ◦C (Figure 2), the lower limit of moderate thermophilly. Formally
then, all these strains were mesophiles with respect to temperature. At 4 ◦C, all Tolypothrix spp. strains
grew well, while only one Scytonema sp. strain did. At this temperature, three Nostoc spp. strains
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did not grow, while five strains were in apparent stasis (they neither grew nor show signs of cellular
degradation). At 30 ◦C four out of eight Tolypothrix spp., nine out of ten Nostoc spp., and eleven out of
twelve Scytonema spp. strains grew well. At 35 and 40 ◦C, no Nostoc spp. or Tolypothrix spp. strains
grew, while eleven out of twelve Scytonema spp. did.

Figure 2. Temperature range at which the studied cyanobacterial strains can grow or survive under
diazotrophic conditions. Colored rectangles indicate positive growth; hatched rectangles indicate stasis
(no growth, but no obvious deterioration).

3.3. Upper Temperature Limit for Growth and N2-Fixation

We looked at growth (and survival) responses more in detail as a function of nitrogen source
(N2-fixing vs. non N2-fixing conditions) in the upper range of temperature (35 and 40 ◦C) in an effort
to infer if N2-fixation was the most sensitive cellular process determining the observed outcomes.
Figure 3 shows the biomass yield of the 30 cyanobacterial strains after 30 days of growth cultivated in
medium without combined nitrogen (nitrogen-free) and nitrogen replete media.

Our results show that providing a source of fixed nitrogen expanded the range for growth in many
of them to 35 ◦C (Scytonema spp. JS003; Nostoc spp. HS002, HS094, HS013, Tolypothrix spp., HSN032,
HSN033, HSN034) and in some cases, strains survived at 40 ◦C (Nostoc spp. HSN008, HS020, HS002,
HS096, FB23, FB26; Tolypothrix sp. HSN042). The last column in Figure 3. shows the biomass yield
in nitrogen replete minus that attained in medium without combined nitrogen at 35 ◦C, indicating
a generalized positive effect on growth under nitrogen-replete conditions. For sixteen out of thirty
strains this difference in growth was significant. This gives support to the contention that the upper
temperature for growth may be determined by the sensitivity of N2-fixation in Nostoc spp. and
Tolypothrix spp.; whereas it is not nearly as determinant for Scytonema spp.
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Figure 3. Growth yield of N2-fixing cyanobacterial strains in the upper range of temperature for
growth in nitrogen free (◦) vs. nitrogen replete media (•). Rhombuses indicate the mean and error
bars indicate ± 1 SE, with n = 3. Vertical dashed lines indicate the amount of inoculum provided. At
40 ◦C, only observational data were recorded: colored rectangles indicate survival and white rectangles
indicate death. * Denotes statistically significant differences between growing conditions according to
Wilcox’s test.

3.4. Heterocyst Frequency

To determine if this effect on N2-fixation was perhaps due to an inability to develop heterocysts
(a developmentally specialized cell type dedicated to this process), we conducted microscopic counts of
vegetative cells and heterocysts in strains incubated for seven days at different temperatures (Table 1).
Counts were performed only on apparently healthy filaments, but at 35 and 40 ◦C, biomass from
all replicates of Nostoc sp. HSN008 and Tolypothrix sp. HSN042 looked yellowish, and microscopy
revealed high cell mortality as well. In fact, in one occasion, one set of replicates of Nostoc sp. HSN008
did not survive to day 7 (Table 1). All strains grown at 25 ◦C looked healthy when counts were
performed. Those caveats aside, the frequency of heterocysts declined precipitously for Nostoc spp.
strains above 35 degrees, and above 30 degrees for Tolypothrix spp. strains. In Scytonema spp., there
were only slight decreases in this frequency in the temperature range tested. This is consistent with
a cell developmental basis for the sensitivity of N2-fixation to high temperatures in Nostoc spp. and
Tolypothrix spp.
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Table 1. Frequency of heterocysts (number of vegetative cells per heterocyst) in representative
cyanobacterial strains after incubation at 30, 35 and 40 ◦C for 7 days. Averages of n = 6 determinations
± standard deviation are given. H: heterocystous, VG: Vegetative cells.

Strain

Incubation Temperature ◦C
25 35 40

H VG
Ratio
H:VG

H VG
Ratio
H:VG

H VG
Ratio
H:VG

Nostoc spp.

26 230 1:9 10 207 1:21 18 569 1:32
23 205 1:9 12 258 1:22 28 773 1:28
32 206 1:6 11 223 1:20 21 642 1:31
24 208 1:9 13 246 1:10 23 730 1:32
26 207 1:8 14 236 1:17 26 701 1:27
22 212 1:10 - - - 27 689 1:26

Tolypothrix spp.

35 467 1:13 6 628 1:105 3 900 1:300
38 507 1:13 3 444 1:148 4 900 1:225
40 538 1:13 2 250 1:125 2 900 1:450
37 557 1:15 5 576 1:115 6 900 1:150
43 613 1:14 6 553 1:92 4 900 1:225
36 582 1:15 3 324 1:108 4 900 1:224

Scytonema spp.

27 534 1:20 15 352 1:23 12 526 1:44
29 553 1:19 5 150 1:20 12 600 1:50
32 669 1:21 7 225 1:32 10 550 1:55
37 844 1:23 9 276 1:32 14 708 1:44
18 308 1:17 8 242 1:30 16 641 1:50
25 412 1:16 7 233 1:33 41 1087 1:55

3.5. Thermal Niche of Biocrust Heterocystous Cyanobacteria through Meta-Analyses of Molecular Surveys

A total of 84 locations from eleven different biocrust surveys conducted in different arid and
semiarid regions in North and South America, Europe, Australia, and China, and in the Brazil Savannah
(see Table S4), were used in a meta-analysis to assess the relative contribution of the three main clades
of heterocystous cyanobacteria along temperature related parameters. Figure 4 shows the relative
proportion of Scytonema spp., Nostoc spp. and Tolypothrix spp., plotted against the mean annual
temperature (MAT) of origin and the corresponding mean temperature during the wettest quarter of
the year (MTempWetQ). MTempWetQ was used as a proxy for growth season since biocrust organisms
are metabolically active only when water is available [65] and are relatively insensitive to heat stress
when dry. The relative abundance of Scytonema spp. was positively correlated with MAT (p = 4 × 10−4)
and with MTempWetQ (p = 10−8); Nostoc spp. was negatively correlated with MAT (p = 5 × 10−3)
and with MTempWetQ (p= 10−7). The relative abundance of Tolypothrix spp. was also negatively
correlated with MAT (p= 0.035) and with MTempWetQ (p = 3 × 10−3). Using linear regression on
arcsine transformed data, MAT explained 15, 9 and 1 of the variability in Scytonema spp., Nostoc
spp. and Tolypothrix spp., respectively. The explanatory power of MTempWetQ was much higher
in all cases, rising to 32, 28 and 11%, respectively. Based on MTempWetQ, Scytonema spp. could
attain dominance at warmer temperatures (Figure 4A), while at lower temperatures, Tolypothrix spp.
(Figure 4C), followed by Nostoc spp. (Figure 4B) attain higher maximal relative abundances. Detailed
statistics are in Supplementary Materials (Figure S1, Tables S5–S10).
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Figure 4. Proportion of sequence reads assignable to Scytonema spp. (A; orange), Nostoc spp. (B; yellow),
and Tolypothrix spp. (C; blue) to those assignable to all heterocystous (Order Nostocales) cyanobacteria,
in 16S rRNA molecular survey datasets, as a function of climate temperature indicators. Data are from
biocrust communities surveyed at 84 locations around the world (see Table S4). Each dot represents a
different location.

4. Discussion

The cyanobacteria Scytonema spp., Nostoc spp. and Tolypothrix spp. are secondary colonizers
in the ecological succession of biocrust communities [6], where they are among the most common
heterocystous organisms [6,19,32,38,50], and contribute much of the nitrogen inputs to the community
at this stage of development [66]. Therefore, it is logical to assume that their presence and relative
abundance have direct effects on the N2-fixation capability of late successional biocrusts. Using
quantitative enrichment cultures we could clearly demonstrate differential fitness in these cyanobacteria
at different temperatures, in a pattern that confirms the preferences inferred in prior field [32,34]
and cyanobacterial cultures thermophysiological assays [32–34], where the biocrust cyanobacteria M.
steenstrupii complex and Scytonema spp. were found to be more thermotolerant than M. vaginatus, and
Tolypothrix spp. and Nostoc spp., respectively.

Using a set of cultivated strains (12 Scytonema spp., 10 Nostoc spp. and eight Tolypothrix spp.)
isolated from cold and hot desert locations of the Southwestern US, the temperature range for growth
revealed a pattern of niche differentiation according to temperature: Tolypothrix spp. strains having
an advantage at the lower temperatures, and Scytonema spp. strains at higher temperatures. Nostoc
spp. strains occupied only the mesic part of the temperature range. This niche separation is similar to
that found in non-heterocystous filamentous cyanobacteria of soil crusts [34], and parallels the much
more conspicuous niche differentiation of cyanobacteria known from hot springs at temperatures
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between 45-73 ◦C [67]. Similar niche separation in cyanobacterial genera are found as a function of
salinity [68,69] or desiccation frequency in marine intertidal systems [70]. We could also show that the
upper temperature limit for growth (and survival) under N2-fixing conditions is more constrained
than that under non N2-fixing conditions (Figure 3), implicating N2-fixation as a possible driver of
the effective upper limit of temperature range in nature. Although measurements of N2-fixation rates
(by acetylene reduction assay or 15N isotopes) would give a much more direct result, the observed
thermophysiological responses of the tested strains at 35 ◦C, coincide with more dramatic decreases
in N2-fixation rates (above 30 ◦C) in cold than in hot biocrusts locations [31], and are congruent with
the fact that Nostoc spp. and particularly Tolypothrix spp. are more abundant in biocrusts from colder
locations, while Scytonema spp. typically dominate in warmer ones [32–34].

In an effort to better understand the basis for this effect on N2-fixation we determined the ratio of
heterocyst frequency at different temperatures in a selected set of strains, which were responsive to
our experimental conditions (Scytonema sp. JS006, Nostoc sp. HSN008 and Tolypothrix pp. HSN042,
Figure 3). The results suggest that in Nostoc spp. and Tolypothrix spp., the impossibility of these strains
to grow under N2-fixation conditions at temperatures above 30 ◦C may be determined by an inability to
carry out the sophisticated developmental cycle leading to the differentiation of heterocysts [71]. While
Scytonema spp. may have overcome such developmental problems (Table 1), nitrogenase denaturation,
which has been reported to happen at temperatures above 39 ◦C [72] could be the basis for the observed
differences in Scytonema spp. strains’ biomass yield at 35 ◦C (Figure 3). It is also possible that the
observed inability of Nostoc spp. and Tolypothrix spp. strains to differentiate heterocysts at higher
temperatures is the result of a resource allocation constraint to obtain the energy required to differentiate
these specialized cells. However, N2-fixation and heterocyst differentiation at temperatures above
40 ◦C is not a problem in principle, in that the freshwater thermophilic cyanobacterium Mastigocladus
laminosus performs N2-fixation at 45 ◦C [73], and is able to grow at temperatures as high as 57 ◦C [74].
Whether the observed heterocyst frequency decrease in Nostoc spp. and Tolypothrix spp. is a direct
effect of temperature rather than a side effect due to stress on other physiological processes will need
further investigation.

We tested the relevance of this temperature-based niche differentiation in nature by studying the
distribution of the three cyanobacterial types as a function of climate parameters in a meta-analysis of a
large dataset of biocrust surveys. Indeed, we found that the maximal relative proportion of Scytonema
spp. among all heterocystous cyanobacteria increased along the temperature gradient with increasing
temperatures (Figure 4A), when the average temperatures of the growth (wet) season was considered.
Clearly, however, the results point to a potential for differential sensitivity of these cyanobacteria to
environmental warming, a future scenario with which biocrust will have to contend. Drylands at large
will likely become warmer and drier in response to global warming. In particular, the US Southwest
is predicted to experience an increase in temperature of about 1 ◦C per decade [26], accompanied by
alterations in precipitation frequency [35,36].

Given the observed differential response of biocrust N2-fixing cyanobacteria to temperature, and
in agreement with Muñoz-Martín et al., (2018), it is reasonable to forecast that a microbial replacement
within biocrust heterocystous cyanobacteria may indeed be in store as a result of global warming.
Scytonema spp. may replace more cold- and mesic-temperature adapted Tolypothrix spp. and Nostoc spp.
In places such as the Colorado Plateau, the Mojave desert, the north part of the Chihuahuan Desert
(Sevilleta LTER) in the USA, Alicante in Spain, Western Australia [49], temperate areas in Mexico [33],
and the Brazilian savannah (Cerrado) [52], where the mean annual temperature during the growth
season falls between the 17 and 23 ◦C range, this microbial replacement will likely happen faster than
at those locations exhibiting mean average temperatures below 17 ◦C, that are not projected to reach
sensitive temperature ranges for decades to centuries, or locations with average temperatures above
24 ◦C, which already exhibit a dominance of Scytonema spp. (Figure 4). This microbial replacement
could have implications for drylands and biocrust nitrogen inputs beyond a mere compositional
change. Scytonema spp. have been shown to be one of the most sensitive taxa in biocrust to changes in
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precipitation patterns [47]. In this scenario, the N2-fixing cyanobacteria taxa that seem to be better
adapted to withstand increases in temperature, ironically, seem to be among the least adapted to
withstand drought. Although it makes sense that cyanobacterial distribution patterns with increasing
temperature became more apparent when mean temperature during the wettest quarter of the year
was used as an explanatory variable, we were surprised by the fact that plots using MAT did not
show clearer patterns (Figure 4). This highlights the need to take into account the ecophysiology of
microorganisms when seeking to find important climatic drivers.

These results can also serve to improve strategies to restore biological soil crust communities, of
much recent interest in conservation ecology [46,75], by providing information to optimize inoculation
season and microbial inoculum formulations.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2607/8/3/396/s1,
Table S1: Accession numbers for the main generic groups for Scytonema spp. Nostoc spp. and Tolypothrix spp.
according to our taxonomic assignment using our own cyanobacterial reference tree CYDRASIL., Table S2:
Outcome of enrichment cultures for nitrogen-fixing photoautotrophs (nitrogen and organic carbon free medium, in
the light) using variously sourced biocrusts as inoculum as a function of the incubation temperature. Given are the
number of colonies containing each cyanobacterial taxa of interest, as identified morphologically by microscopy
inspection. “S” stands for Scytonema spp., “N” for Nostoc spp., and “T” for Tolypothrix spp., Table S3: Cyanobacterial
strains and their accession number in NCBI of their partial 16S rRNA sequence. Strain denominations include
coding for the site of origin (HSN: cold desert sandy clay loam soil; HS: cold desert clay loam soil; FB: warm
desert loamy sandy soil; JS: warm desert clay loam soil), Table S4: Environmentalbiocrust surveys conducted
at different locations around the world used in the meta-analysis, and the corresponding climate data. Raw
sequences were downloaded from bacterial 16S rRNA tallies available publicly (see references). Environmental
data was downloaded from WorldClim. “MAT” stands for mean annual temperature and “MTemWetQ” for mean
temperature during the wettest quarter of the year (growth season)., Table S5: Full results for linear regression
between relative proportions (arcsine transformed) of Scytonema spp. and mean annual temperature (MAT).,
Table S6: Full results for linear regression between relative proportions (arcsine transformed) of Scytonema spp. and
mean temperature during the wettest quarter of the year (MTemWetQ)., Table S7: Full results for linear regression
between relative proportions (arcsine transformed) of Nostoc spp. and mean annual temperature (MAT)., Table S8:
Full results for linear regression between relative proportions (arcsine transformed) of Nostoc spp. and mean
temperature during the wettest quarter of the year (MTemWetQ)., Table S9: Full results for linear regression
between relative proportions (arcsine transformed) of Tolypothrix spp. and mean annual temperature (MAT).,
Table S10: Full results for linear regression between relative proportions (arcsine transformed) of Tolypothrix spp.
and mean temperature during the wettest quarter of the year (MTemWetQ)., Figure S1. Linear regressions between
the proportion of sequence reads (arcsine transformed) of each taxon among heterocystous cyanobacteria and
climatic parameters (MAT and MTempWetQ).
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Abstract: Despite significant interest and past work to elucidate the phylogeny and photochemistry of
species of the Heliobacteriaceae, genomic analyses of heliobacteria to date have been limited to just one
published genome, that of the thermophilic species Heliobacterium (Hbt.) modesticaldum str. Ice1T. Here
we present an analysis of the complete genome of a second heliobacterium, Heliorestis (Hrs.) convoluta
str. HHT, an alkaliphilic, mesophilic, and morphologically distinct heliobacterium isolated from an
Egyptian soda lake. The genome of Hrs. convoluta is a single circular chromosome of 3.22 Mb with a
GC content of 43.1% and 3263 protein-encoding genes. In addition to culture-based observations
and insights gleaned from the Hbt. modesticaldum genome, an analysis of enzyme-encoding genes
from key metabolic pathways supports an obligately photoheterotrophic lifestyle for Hrs. convoluta.
A complete set of genes encoding enzymes for propionate and butyrate catabolism and the absence of
a gene encoding lactate dehydrogenase distinguishes the carbon metabolism of Hrs. convoluta from its
close relatives. Comparative analyses of key proteins in Hrs. convoluta, including cytochrome c553 and
the Fo alpha subunit of ATP synthase, with those of related species reveal variations in specific amino
acid residues that likely contribute to the success of Hrs. convoluta in its highly alkaline environment.

Keywords: heliobacteria; Heliorestis convoluta; alkaliphilic bacteria; soda lake; anoxygenic phototroph;
bacteriochlorophyll g
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1. Introduction

Heliobacteria comprise a unique group of strictly anaerobic, anoxygenic phototrophs that have
been isolated from a wide diversity of soil and aquatic habitats [1–4]. Unlike all other phototrophic
bacteria, heliobacteria use bacteriochlorophyll (Bchl) g as the chief chlorophyll pigment for phototrophic
growth [5], but despite their ability to use light as an energy source, heliobacteria are apparently
incapable of autotrophic growth and, thus, are obligate heterotrophs [4,6]. Heliobacteria are the
only phototrophs of the large bacterial phylum Firmicutes [4,7,8], and although they typically
stain Gram-negatively, thin sections of cells of heliobacteria exhibit a Gram-positive cell wall
morphology [9,10]. In addition to these distinctive properties, cells of heliobacteria are able to
differentiate into heat-resistant endospores [4,11], and some heliobacteria have also demonstrated
the ability to reduce toxic metals, such as Hg2+, and therefore may be useful for applications in
bioremediation [12,13].

Species of Heliobacteriaceae can be divided into two physiological groups—neutrophiles and
alkaliphiles—that track closely with their phylogeny [7] (Figure 1). Included in the neutrophilic
clade, the moderate thermophile Hbt. modesticaldum was the first heliobacterium to have its genome
sequenced and, with its simple phototrophic machinery consisting of a type I reaction center (RC) and
no peripheral antenna photocomplex, has been a model organism for studies of photosynthesis and
related photochemistry [6,14]. Like other neutrophilic heliobacteria, Hbt. modesticaldum exhibits both
phototrophic growth in the light and chemotrophic growth in the dark [3,15–17].

Figure 1. Phylogenetic (16S rRNA) tree of Heliorestis convoluta and related Firmicutes. Heliobacteria,
the only phototrophic Firmicutes, are divided into alkaliphilic and neutrophilic species. Heliobacterium
modesticaldum (boxed) is the model organism for physiological and biochemical studies of the
heliobacteria; Hrs. convoluta (boxed) is the first alkaliphilic heliobacterium to have a described
genome. Note that the branching pattern shown here suggests a possible alkaliphilic origin to the
heliobacteria, as previously discussed by Sattley and Swingley [7]. The weighted neighbor-joining
method [18] and Jukes-Cantor corrected distance model were used for tree construction. Nodes
represent bootstrap values (≥50%) based on 100 replicates, and Escherichia coli was used to root the tree.
GenBank accession numbers for each sequence used in the analysis are shown in parentheses, adapted
from Sattley and Swingley [7], Adv. Bot. Res. 2013, 66, 67–97, Copyright 2013 Elsevier Ltd.
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Species of alkaliphilic heliobacteria grow optimally between pH 8–9.5 and, unlike neutrophilic
heliobacteria, are obligate photoheterotrophs, using light and organic compounds for growth but
incapable of chemotrophic growth in darkness [19–22]. Consistent with other alkaliphilic heliobacteria
originating from the soils and waters of soda lakes [19,20,22], Hrs. convoluta str. HHT was isolated from
the shore of the alkaline (pH 10) Lake El Hamra (Figure 2A), located in the Wadi El Natroun region of
northern Egypt [21]. In the past, the saline lakes of the Wadi El Natroun have also been a fertile source
of alkaliphilic purple bacteria, yielding many extremely alkaliphilic (and in some cases also extremely
halophilic) species, including in particular, new species of the genus Halorhodospira [23–25]. However,
Hrs. convoluta is the first heliobacterium to originate from these unusual lakes. Experimental work
with Hrs. convoluta revealed motile cells having an unusual tightly coiled morphology (Figure 2B)
and displaying a mesophilic (optimal growth at 33 ◦C) and alkaliphilic (optimal growth at pH 8.5–9)
physiology [21].

Figure 2. Habitat and cells of Heliorestis convoluta strain HHT. (A) Red bloom of alkaliphilic Bacteria
and Archaea on the shore of Lake El Hamra, Wadi Natroun, Egypt. M.T.M. sampled this bloom in May
2001, and enrichments for heliobacteria yielded Hrs. convoluta. The bloom is about 2 m in diameter.;
(B) Scanning electron micrograph of cells of Hrs. convoluta strain HHT. A cell of Hrs. convoluta is about
0.5 μm in diameter and coils are of variable length. Scale bar = 1 μm.

To complement the analysis of the genome sequence of Hbt. modesticaldum [6,26], we present
here a comparative analysis of the genome of Hrs. convoluta. Although a number of highly conserved
genes encoding proteins that coordinate key processes in the cell (e.g., phototrophy and central carbon
metabolism) are shared between these species, a close comparison of the two heliobacterial genomes
revealed several genes encoding functions in carbon metabolism, biotin biosynthesis, nitrogen and
sulfur assimilation, and carotenoid biosynthesis that are not held in common by these heliobacteria,
which inhabit vastly different extreme environments. In addition, a comparative analysis of selected
cytochrome and ATP synthase proteins in Hrs. convoluta revealed adaptations that likely facilitate
its alkaliphilic lifestyle. The availability of a second heliobacterial genome, as well as the recent
development of a genetic system in Hbt. modesticaldum [14], paves the way for increasing our
understanding of the unique metabolism and physiology of heliobacteria.

2. Materials and Methods

Total genomic DNA from Hrs. convoluta str. HHT (ATCC BAA-1281 and DSMZ 19787) [21]
was isolated through proteinase K treatment and subsequent phenol extraction. Complete genome
sequencing was performed using a random shotgun approach, and reads were assembled using
Velvet v. 2010 [27]. Pyrosequencing on a Roche-454 GS20 sequencer (Hoffman-La Roche AG, Basel,
Switzerland) provided 14-fold genome coverage, and an additional 35-fold coverage was generated by
the Illumina GAIIx platform.
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Annotation of the Hrs. convoluta genome was performed in accordance with the Prokaryotic
Annotation Pipeline of the University of Maryland School of Medicine’s Institute for Genome
Sciences [28]. This pipeline employs Glimmer for gene identification and then searches the protein
sequences with BLAST-extend-repraze (BER; a combination of BLAST and Smith–Waterman algorithms)
to generate pairwise alignments, Hidden Markov Model (HMM), transmembrane (Tm) HMM, and
SignalP predictions. An automated process employing the Pfunc evidence hierarchy is used to assign
functional annotations. Manual verification of automated annotations was facilitated through the
online tool Manatee [29] in conjunction with online databases including the Kyoto Encyclopedia of
Genes and Genomes (KEGG), the Braunschweig Enzyme Database (BRENDA), MetaCyc, and Uniprot.
The National Center for Biotechnology Information (NCBI) database was accessed to retrieve gene
and protein sequences from related species for comparative analyses with corresponding genes in the
genome of Hrs. convoluta.

The phylogenetic tree was generated as described in the legend to Figure 1. Genome statistics
were compiled using the Pfam database v. 30.0 [30], the SignalP database v. 4.1 [31], the TMHMM
database v. 2.0 [32], and CRISPRFinder v. 2.0 [33]. This complete genome sequence project has been
deposited at DDBJ/EMBL/GenBank under accession number CP045875.

3. Results and Discussion

3.1. Genome Properties

The 3,218,981 base-pair (bp) genome of Heliorestis convoluta str. HHT is organized into a single
circular chromosome with no plasmids (Table 1). The 43.1% GC content of Hrs. convoluta is among
the lowest of all heliobacteria (41%–57.7%) and is typical of alkaliphilic species of this group of
phototrophs [4]. Nearly 87% of the Hrs. convoluta genome content is protein-encoding, with a total of
3263 protein coding genes at an average length of 855 nucleotides (Table 1). The genome contains nine
ribosomal RNA (rRNA) genes, including multiple copies each of 5S, 16S (two full and one partial),
and 23S rRNA, which are distributed randomly on the chromosome. Nearly 11% of the open reading
frames (ORFs) were of unknown enzyme specificity or function, and 28% of genes were annotated as
hypothetical. The role category breakdown of protein-encoding genes of Hrs. convoluta is shown in
Table 2.

Table 1. Comparison of genome features of Heliorestis convoluta str. HHT and Heliobacterium
modesticaldum str. Ice1T [6].

Characteristic Hrs. convoluta Hbt. modesticaldum

Chromosome size (bp) 3,218,981 3,075,407
G + C content (%) 43.1 56.0
Coding DNA (%) 86.9 87

Protein-encoding genes (no.) 3,263 3,138
Average gene length (bp) 855 882
ATG initiation codons (%) 63.5 62.1
GTG initiation codons (%) 15.7 19.1
TTG initiation codons (%) 20.8 18.8

rRNAs (no.) 9 24
tRNAs (no.) 105 104

Transposases (no.) 18 70
Putative pseudogenes (no.) 22 8

CRISPR repeats (no.) 1 Not determined

Genes encoding a total of 105 transfer RNAs (tRNAs) were identified in the Hrs. convoluta genome,
as well as genes encoding all twenty common aminoacyl-tRNA synthetases except asparaginyl-tRNA
synthetase, which could not be confirmed. However, genes encoding aspartyl/glutamyl-tRNA
amidotransferase (gatABC) were identified in Hrs. convoluta and, as proposed for Hbt. modesticaldum [6],
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may encode a protein that compensates for the missing asparaginyl-tRNA synthetase by converting
aspartyl-tRNA to asparaginyl-tRNA [34,35].

Table 2. Functional role categories of Heliorestis convoluta str. HHT genes.

Characteristic Genes % of Genome Content *

Amino acid biosynthesis 119 3.64
Biosynthesis of cofactors, prosthetic groups, and carriers 142 4.35

Cell envelope and surface features 216 6.61
Cellular processes (cell division, motility, sporulation, etc.) 477 14.6

DNA metabolism 225 6.88
Energy and central intermediary metabolism 512 15.94

Fatty acid and phospholipid metabolism 66 2.02
Mobile and extrachromosomal element functions 76 2.33

Protein synthesis and fate 338 10.34
Purines, pyrimidines, nucleosides, and nucleotides 59 1.81

Regulatory functions 137 4.19
Signal transduction 80 2.45

Transcription 142 4.35
Transport and binding proteins 342 10.47

Hypothetical proteins 899 27.51

* Total exceeds 100%, as some genes are assigned to more than one role category.

3.2. Central Carbon Metabolism

Analysis of the Hrs. convoluta genome confirmed culture-based observations of the limited set of
carbon sources able to support light-driven growth of this species [21]. As an obligate photoheterotroph,
Hrs. convoluta grows only in anoxic, light conditions when supplied with mineral media containing
CO2 plus acetate, pyruvate, propionate, or butyrate as organic carbon sources [21]. Of the 12 described
species of heliobacteria (Figure 1), only Heliorestis acidaminivorans, Heliorestis daurensis, and Hrs.
convoluta are capable of propionate photoassimilation [4,19,21,22]. Genes encoding enzymes of the
methylmalonyl pathway, which converts propionyl-coenzyme A (CoA) to succinyl-CoA for propionate
assimilation, were identified in the Hrs. convoluta genome (Figure 3). Although a gene encoding
propionyl-CoA carboxylase, which is thought to catalyze the first step in the proposed pathway [36,37],
was not identified in the Hrs. convoluta genome, a gene predicted to encode methylmalonyl-CoA
carboxyltransferase (FTV88_3237), which could circumvent this deficiency, was identified.

Unlike other Heliorestis species, Hrs. convoluta and a few other heliobacteria can use butyrate
as a carbon source [19–21,38]. Analysis of the Hrs. convoluta genome revealed genes encoding
enzymes that catabolize butyrate to acetyl-CoA for incorporation into the citric acid cycle (CAC) [39]
(Figure 3). Genes encoding butyryl-CoA:acetate CoA transferase, which catalyzes the conversion of
butyrate to butyryl-CoA in butyrate catabolism [39], and propionyl-CoA synthetase, which converts
propionate to propionyl-CoA in propionate catabolism [37], were not identified in the genome of
Hrs. convoluta. However, an experimentally characterized butyryl-CoA:acetate CoA transferase
from Desulfosarcina cetonica [39] showed 47% amino acid sequence identity with 4-hydroxybutyrate
CoA-transferase (FTV88_0224) from Hrs. convoluta. In addition, the product of a gene annotated as
acetyl-coenzyme A synthetase (FTV88_0994) in Hrs. convoluta showed 37% sequence identity with
propionyl-CoA synthetase from Salmonella enterica and contained the conserved lysine residue (Lys592)
required in the initial reaction of propionate catabolism [40]. These findings suggest possible roles for
4-hydroxybutyrate CoA-transferase and acetyl-coenzyme A synthetase in butyrate and propionate
catabolism, respectively, in Hrs. convoluta.
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Although capable of growth on pyruvate, Hrs. convoluta str. HHT is unable to grow
photoheterotrophically on lactate [21], a phenotype distinct from that of most other heliobacteria
and the result of an underlying genetic deficiency. In this connection, a gene encoding a putative
L-lactate dehydrogenase in Hbt. modesticaldum [6] showed no meaningful similarity to any genes in
Hrs. convoluta. In addition to lactate, no growth was detected when alcohols of any kind were used as
sole carbon source in cultures of strain HHT [21]. Despite this observation, genes encoding alcohol
dehydrogenase and aldehyde dehydrogenase were annotated in the Hrs. convoluta genome and, thus,
could potentially play a role in non-energetic processes, such as detoxification.

Although a full complement of genes encoding enzymes of the glycolytic and nonoxidative
pentose phosphate pathways was present in the Hrs. convoluta genome (Figure 3), various common
sugars did not support photoheterotrophic growth of strain HHT [21]. An inability to use sugars
was also originally reported for Hbt. modesticaldum [16], but later experimentation showed that
Hbt. modesticaldum utilized the glycolytic pathway when D-ribose, D-glucose, or D-fructose were
supplied with low levels of yeast extract [41]. Although no gene encoding a hexose transporter was
annotated in the Hrs. convoluta genome, a putative ribose ABC transporter complex (FTV88_0053,
FTV88_0054, FTV88_0055) was identified and may allow for carbohydrate transport [41]. As genes
encoding glycolytic pathway enzymes are present in the Hrs. convoluta genome, it is tempting to
speculate that the alkaliphile can utilize sugars in a manner similar to Hbt. modesticaldum. The absence
of genes encoding glucose 6-phosphate dehydrogenase and 6-phosphogluconolactonase suggest
incomplete Entner-Doudoroff and oxidative pentose phosphate pathways, which was also the case for
Hbt. modesticaldum [6].

It is likely that Hrs. convoluta can catalyze many of the steps in the CAC based on biochemical
studies of Hbt. modesticaldum [42] and high sequence similarity of key CAC enzymes between the
two species (Figure 3). However, since both Hrs. convoluta and Hbt. modesticaldum lack a gene
encoding pyruvate dehydrogenase for oxidizing pyruvate to acetyl-CoA, this reaction in heliobacteria
is likely catalyzed by the enzyme pyruvate:ferredoxin oxidoreductase (PFOR); the gene encoding
PFOR in Hrs. convoluta (FTV88_3370) shares 61% sequence identity to an orthologous gene in Hbt.
modesticaldum [6]. Furthermore, an unusual citrate synthase, citrate (re)-synthase, which specifically
catalyzes the addition of the acetyl moiety from acetyl-CoA to the re face of the ketone carbon of
oxaloacetate [a stereospecificity opposite to that of citrate (si)-synthase], has been identified in several
clostridia and other strictly anaerobic Firmicutes, including Hbt. modesticaldum [42]. In Hrs. convoluta,
a gene (FTV88_1447) having high amino acid sequence identity (81%) to the gene encoding citrate
(re)-synthase (HM1_2993) in Hbt. modesticaldum supports the presence of citrate (re)-synthase in Hrs.
convoluta and suggests this unusual form of citrate synthase is common to all heliobacteria.

In regards to photoautotrophic capacity, no genes encoding enzymes of any form of the
Calvin-Benson cycle, including ribulose 1,5-bisphosphate carboxylase and phosphoribulokinase,
were identified in the Hrs. convoluta genome. In addition, the lack of genes encoding key enzymes
of other autotrophic pathways, such as malyl-CoA lyase (3-hydroxypropionate/4-hydroxybutyrate
pathway) and acetyl-CoA synthase (Wood-Ljungdahl pathway), also prevents Hrs. convoluta from
assimilating CO2 into organic carbon molecules for growth. The capacity for CO2 fixation by the
reverse CAC, as observed in green sulfur bacteria [43], is apparently disrupted by the absence of a gene
encoding ATP-citrate lyase. Although an ORF identified as a citrate lyase family protein (FTV88_0308)
was annotated in the Hrs. convoluta genome based on sequence identities of approximately 50% with
corresponding genes from other Firmicutes (but having no similarity to genes in Hbt. modesticaldum),
biochemical analysis of this gene product would be required to assess its activity and role, if any, in
metabolic pathways of Hrs. convoluta. Although anapleurotic CO2 assimilation has been shown in
heliobacteria supplied with usable organic carbon sources [44], cultures of Hrs. convoluta strain HHT,
like all other cultured heliobacteria, were unable to grow using CO2 as sole carbon source [21], thus
supporting the premise that heliobacteria require an organic carbon source during phototrophic growth.
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In addition to phototrophy, neutrophilic heliobacteria are able to grow chemotrophically in the dark
by pyruvate fermentation [4]. Interestingly, however, the capacity for pyruvate fermentation has not been
observed in any alkaliphilic heliobacterial isolate to date, including Hrs. convoluta [4,15,17,21]. Studies
have suggested that the neutrophile Hbt. modesticaldum carries out substrate-level phosphorylation
via acetyl-CoA conversion to acetate in dark, anoxic (fermentative) conditions through the activity of
phosphotransacetylase (PTA) and acetate kinase (ACK) [15,17,41]. A gene encoding ACK (FTV88_2009)
was annotated in the genome of Hrs. convoluta and has 67% sequence identity to a corresponding gene
in Hbt. modesticaldum. However, a gene encoding PTA could not be identified in either Hrs. convoluta
or Hbt. modesticaldum. Therefore, the genetic determinants that coordinate pyruvate fermentation in
neutrophilic heliobacteria but are apparently absent from alkaliphilic heliobacteria remain unidentified.

Three Hrs. convoluta genes encoding acetyl-CoA synthetase (ACS) were identified in the
genome, one of which showed 87% amino acid sequence identity with the corresponding gene
in Hbt. modesticaldum. Activity of ACS in Hbt. modesticaldum cell extracts was detected only under
phototrophic (light/anoxic) conditions, and expression levels of the ACS gene decreased when the
bacterium was cultured in darkness [41], thus indicating that, although technically reversible, ACS
activity is predominately skewed toward the production of acetyl-CoA from acetate (Figure 3). Activity
of ACS therefore allows both Hbt. modesticaldum and Hrs. convoluta to grow photoheterotrophically
using acetate as sole carbon source [16,21].

In contrast to all other heliobacteria, which require biotin for growth, Hrs. convoluta and close
relative Hrs. acidaminivorans (Figure 1) have no growth factor requirements [21,22]. The presence of a
full complement of genes (bioABCDF) encoding enzymes for biotin biosynthesis allows Hrs. convoluta
to synthesize biotin, thereby supporting culture-based observations [21]. By contrast, analysis of the
Hbt. modesticaldum genome revealed the absence of two key genes for biotin biosynthesis, bioC and
bioF, thus explaining the absolute requirement for biotin in that species [16].

3.3. Nitrogen Metabolism

Hrs. convoluta is strongly diazotrophic [21], and as in Hbt. modesticaldum, genes for nitrogen
fixation are grouped into a single nif gene cluster containing nifI1, nifI2, nifH, nifD, nifK, nifE, nifN,
nifX, fdxB, nifB, and nifV [6]. Each of these genes shows between 63% and 93% sequence identity and
analogous gene synteny to corresponding genes in Hbt. modesticaldum. A study with Paenibacillus sp.
WLY78—also an endospore-former within the phylum Firmicutes—concluded that nine genes (nifB,
nifH, nifD, nifK, nifE, nifN, nifX, hesA, nifV), which were grouped into a single gene cluster, are essential
to synthesize a catalytically-active nitrogenase for dinitrogen assimilation [45]. All of these nitrogen
fixation genes, except for hesA, were identified in the Hrs. convoluta and Hbt. modesticaldum genomes.
Since HesA is proposed to play a role in metallocluster biosynthesis [45], it is possible that a gene
(FTV88_2056) located outside of the nif gene cluster and encoding a putative dinitrogenase Fe/Mo
cofactor biosynthesis protein fills this role in Hrs. convoluta. This encoded protein showed high (~64%)
sequence identity to a corresponding protein in Hrs. acidaminivorans and over 50% sequence similarity
to that from a variety of nonphototrophic Firmicutes, but it showed no significant similarity to proteins
encoded by Hbt. modesticaldum.

Research on Hbt. modesticaldum revealed changes in expression levels of numerous genes essential
for various metabolic, biosynthetic, and other cellular pathways when the organism was grown under
N2-fixing conditions [46]. This diazotrophic effect likely exists in other heliobacteria as well, including
Hrs. convoluta. In terms of regulation of nitrogen fixation genes, however, it is interesting that neither
orf1 nor nifA, which encode regulatory proteins for the expression of nif structural genes [47,48], could
be identified in the Hrs. convoluta genome. In Hbt. modesticaldum, the orf1 gene product likely regulates
the expression of nif genes when levels of fixed nitrogen are too low to support non-diazotrophic
growth of the organism [16,48]. It is possible that Hrs. convoluta lacks the orf1 and nifA regulatory genes
and instead employs only nifI1 (FTV88_2453) and nifI2 (FTV88_2454) to coordinate post-translational
regulation of nitrogenase [49].
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Hrs. convoluta and Hbt. modesticaldum both contain gene clusters (hypABCDEF and hupCDLS)
that encode an uptake [NiFe] hydrogenase that can putatively catalyze the oxidation of H2 produced
during nitrogen fixation [6] (Figure 3). The arrangement of these genes in Hrs. convoluta is identical
to that reported for Hbt. modesticaldum [6], being organized into a single cluster instead of dispersed
throughout different regions of the chromosome, as has been observed in the genomes of other
Firmicutes (Figure 4).

Figure 4. Comparison of uptake [NiFe]-hydrogenase genes in related Firmicutes. The genes are
concatenated within a single region in Heliorestis convoluta, but they are dispersed in different regions
of the Desulfitobacterium hafniense chromosome. Colors: blue, [NiFe]-hydrogenase structural genes;
purple, hydrogenase expression/formation; red, hydrogenase assembly/maturation. Adapted from
Sattley et al. [6]. J. Bacteriol. 2008, 190, 4687–4696. Copyright 2008 American Society for Microbiology.

In addition to performing N2 fixation, cells of Hrs. convoluta strain HHT could assimilate ammonia,
glutamine, and asparagine as nitrogen sources [21]. Accordingly, genes encoding the ammonium
transporter protein Amt (FTV88_2595) and enzymes of the glutamine synthetase-glutamate synthase
pathway, which incorporates ammonia in the formation of glutamine from glutamate [50,51] (Figure 3),
were identified in the Hrs. convoluta genome. Following transport, glutamine can then be used for purine
biosynthesis or, through the activity of NADPH-dependent glutamate synthase, can be condensed
with α-ketoglutarate to yield two molecules of glutamate for other biosynthetic pathways [50,51].
In addition, a gene encoding NADP-specific glutamate dehydrogenase (FTV88_2506) enables Hrs.
convoluta to assimilate ammonia when synthesizing glutamate directly from α-ketoglutarate (Figure 3).
Finally, genes encoding a glutamine-hydrolyzing asparagine synthetase (FTV88_1161 and FTV88_3319),
which converts asparagine and glutamate into aspartate and glutamine, respectively (Figure 3), allow
for the use of asparagine as a nitrogen source. In contrast, aspartate and glutamate cannot serve as
nitrogen sources for strain HHT [21]. Taken together, these findings suggest that, although the reactions
are generally considered reversible, the enzymes catalyzing the conversion of asparagine to aspartate
and glutamine to glutamate are physiologically unidirectional, strongly favoring the formation of
aspartate and glutamate, respectively (shown as bolded arrows in Figure 3).

3.4. Assimilation of Sulfur

Growth studies indicate Hrs. convoluta is capable of assimilatory sulfate reduction [21]. Consistent
with these observations, genomic analyses revealed that the pathway of assimilatory sulfate reduction
in Hrs. convoluta begins with sulfate uptake using a sulfate/thiosulfate ABC transporter (cysAWTP).
Typically, an enzyme encoded by cysD and cysN, sulfate adenyltransferase, catalyzes the assimilation
of sulfate as adenosine phosphosulfate (APS) [52,53]. Hrs. convoluta lacks cysD, but genes encoding
the bifunctional enzyme CysN/CysC (FTV88_1460 and FTV88_1458, respectively), which can also
perform this function [54], are present. As shown in Figure 3, adenylyl-sulfate kinase (cysC) and
phosphoadenylyl-sulfate reductase (cysH, FTV88_1461) catalyze the subsequent reaction to yield
sulfite [52,53].

To produce sulfide for amino acid biosynthesis, sulfite must undergo further reduction through
sulfite reductase [53]. However, a gene encoding sulfite reductase could not be identified, suggesting
that Hrs. convoluta may employ an unusual reductase or an alternative mechanism to perform this
reaction. Genes encoding all successive enzymes necessary to synthesize cysteine, homocysteine,
and methionine from hydrogen sulfide were identified (data not shown). By comparison, the Hbt.
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modesticaldum genome lacked cysN, cysH, and sulfite reductase, supporting physiological studies
indicating that Hbt. modesticaldum requires a reduced sulfur source for biosynthetic purposes [16].

Interestingly, cultures of Hrs. convoluta strain HHT were able to grow well in the presence of
high levels of sulfide (10mM), with sulfide oxidation accompanied by the production of elemental
sulfur globules during growth [21]. However, the pathway for this reaction remains unclear, as
the Hrs. convoluta genome appears to lack genes encoding traditional sulfide oxidoreductases,
such as the sulfide:quinone oxidoreductase (SQR) from the green sulfur bacterium Chlorobaculum
(Chlorobium) tepidum that oxidizes H2S to S0 and reduces quinone [55], or sulfide:flavocytochrome c
oxidoreductase from the purple sulfur bacterium Allochromatium vinosum that oxidizes sulfide to sulfur
or polysulfides [56]. Thus, it is possible that Hrs. convoluta contains a novel sulfide oxidoreductase for
this purpose.

3.5. Photosynthesis Genes and Pigment Biosynthesis

Heliobacteria synthesize bacteriochlorophyll (BChl) g, a pigment absorbing light maximally
between 785 and 790 nm, for phototrophic growth [4]. Accordingly, genes encoding enzymes that
catalyze the conversion of glutamic acid to divinyl protochlorophyllide (gltX, hemALBCDEN, and
bchIDHME) for pigment biosynthesis (Figure 5) were annotated in Hrs. convoluta. However, as for
Hbt. modesticaldum, neither of the genes encoding protoporphyrinogen oxidase (hemY or hemG), which
catalyzes the oxidation of protoporphyrinogen to protoporphyrin, was identified in the Hrs. convoluta
genome. Moreover, comparisons with hemG from Escherichia coli and hemY from Bacillus subtilis yielded
no significant sequence identity to genes in the Hrs. convoluta genome. Due to the anaerobic nature of
Hrs. convoluta, an alternative and unidentified enzyme likely acts as a dehydrogenase rather than an
oxidase in this step of pigment biosynthesis. Studies with Desulfovibrio gigas, also a strict anaerobe,
suggest that electron carriers, such as flavins and pyridine nucleotides, or electron-transport complexes,
such as nitrite and fumarate reductases, do not use O2 as the electron acceptor in the conversion of
protoporphyrinogen to protoporphyrin [57,58]. More recently, however, an alternative pathway that
does not use protoporphyrin to synthesize heme has been described in Hbt. modesticaldum [59], and a
similar mechanism likely exists in Hrs. convoluta.

Following the synthesis of divinyl protochlorophyllide in Hrs. convoluta, genes encoding
protochlorophyllide reductase (bchLNB), chlorophyllide reductase (bchXYZ), and bacteriochlorophyll
synthase (bchG) are present to facilitate catalysis of subsequent reactions and produce BChl g. Previous
work with Hbt. modesticaldum suggested the need for an isomerase in the interconversion between
8-vinyl bacteriochlorophyllide a and bacteriochlorophyllide g [6], but more recent experimental work
with this species revealed the ability of chlorophyllide reductase to perform both reduction and
isomerization of divinyl chlorophyllide a and circumvent the need for a separate isomerase in the
biosynthesis of bacteriochlorophyllide g [60,61].

Heliobacteria also contain an alternative form of chlorophyll (Chl) a, 81-OH-Chl a, which was
observed as a smaller absorption peak at 672 nm in spectrophotometric studies of Hrs. convoluta [21].
Whereas BChl g, a bacteriochlorin-type chlorophyll, is reduced at the C-7 and C-8 bond and has an
ethylidene functional group at C-8 [5], 81-OH-Chl a, a chlorin, has a double bond connecting C-7 and
C-8 with a hydroxyethyl group at C-8 [44]. BChl g and 81-OH-Chl a are putatively synthesized from a
common precursor, divinyl chlorophyllide a [7,60].

Hydration of the C-8 vinyl group of divinyl chlorophyllide a is catalyzed by 8-vinyl chlorophyllide
hydratase, and bacteriochlorophyll synthase catalyzes the addition of a farnesyl group to produce
the mature 81-OH-Chl a [7,60]. However, a gene encoding chlorophyllide hydratase or an analogous
enzyme was not identified in the genomes of Hrs. convoluta or Hbt. modesticaldum [6]. Hence, a possible
alternative mechanism for 81-OH-Chl a synthesis includes steps of dehydrogenation and subsequent
hydroxygenation of bacteriochlorophyllide g to produce 81-OH-chlorophyllide a [60], but genes
encoding enzymes for this reaction were not identified in either Hrs. convoluta or Hbt. modesticaldum.
Yet another possible mechanism for 81-OH-Chl a synthesis would require the irreversible conversion of
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BChl g into 81-OH-Chl a upon exposure to O2 and light [62]. However, as strict anaerobes, the viability
of heliobacteria is compromised upon exposure to O2, and therefore this mechanism is unlikely as the
major pathway for 81-OH-Chl a production [3,62].

Figure 5. Predicted biosynthetic pathway of major pigments in Heliorestis convoluta. The non-mevalonate
pathway shows the synthesis of farnesyl diphosphate for either conversion into carotenoids (orange)
or incorporation into the final chlorophyll (green) structures. The enzymes that catalyze each
individual numbered reaction are (1) 1-deoxy-d-xylulose-5-P synthase, (2) 1-deoxy-d-xylulose-5-P
reductoisomerase, (3) 4-(CDP)-2-C-methyl-d-erythritol synthase, (4) 4-(CDP)-2-C-methyl-d-erythritol
kinase, (5) 2-C-methyl-d-erythritol 2,4-cyclo-PP synthase, (6) 4-hydroxy-3-methylbut-2-enyl-PP
synthase, (7) 4-hydroxy-3-methylbut-2-enyl-PP reductase, (8) isomerase, (9) geranyl diphosphate
synthase, (10) farnesyl diphosphate synthase, (11) 4,4′-diapophytoene synthase, (12) diapophytoene
dehydrogenase, (13) hydratase, (14) glucosyl transferase, (15) esterase, (16) enzymes encoded by gltx
and hemALBCDENYG genes, (17) enzymes encoded by bchIDHME genes, (18) protochlorophyllide
reductase (bchLNB), (19) chlorophyllide reductase (bchXYZ), and (20) bacteriochlorophyll synthase
(bchG). Red, boxed numbers represent enzymes not yet identified in the Hrs. convoluta genome but are
proposed based on the predicted pathway. Adapted from Takaichi et al. [63], Arch. Microbiol. 2003, 179,
95–100. Copyright 2002 Springer Nature; Dubey et al. [64] J. Biosci. 2003, 28, 637–646. Copyright 2003
Springer Nature; Sattley et al. [6] J. Bacteriol. 2008, 190, 4687–4696. Copyright 2008 American Society
for Microbiology; Sattley and Swingley [7], Adv. Bot. Res. 2013, 66, 67–97, Copyright 2013 Elsevier Ltd.;
and Tsukatani et al. [60], Biochim. Biophys. Acta 2013, 1827, 1200–1204. Copyright 2013 Elsevier Ltd.
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Due to high sequence identity between genes allowing for phototrophic growth (data not shown),
a mechanism similar to BChl g and 81-OH-Chl a biosynthesis in Hbt. modesticaldum [6,7,60] is predicted
for Hrs. convoluta (Figure 5). Many of the genes encoding enzymes required for pigment biosynthesis
are grouped into a single photosynthesis gene cluster (PGC) in heliobacteria. The PGCs of Hrs.
convoluta and Hbt. modesticaldum were nearly identical and displayed a shared gene synteny in all key
genes, including those associated with pigment and cofactor biosynthesis, electron transport, and light
harvesting, suggesting that a common genetic architecture—one that differs substantially from the
PGCs present in the genomes of purple bacteria—defines the heliobacterial PGC (Figure 6).

 
Figure 6. Photosynthesis gene clusters from Heliorestis convoluta and the purple bacterium Rhodobacter
capsulatus. Shared genes are outlined in bold. Lines indicate gene synteny: black, single gene
rearrangements; red, inverted genes; and blue, inverted genes with a gene insertion. Dashed boxes show
Rba. capsulatus photosynthesis genes absent from Hrs. convoluta. Colors: green, bacteriochlorophyll
biosynthesis (bch); orange, carotenoid biosynthesis (crt); pink, proteobacterial reaction centers (puf) and
light harvesting complexes (puh); olive, heliobacterial reaction center (psh); teal, regulatory proteins;
light green, electron transport (pet); red, cofactor biosynthesis; purple, cell division and sporulation;
light blue, nitrogen fixation; grey, transcription; light grey, other nonphotosynthesis genes; and white,
uncharacterized genes. Adapted from Sattley et al. [6]. J. Bacteriol. 2008, 190, 4687–4696. Copyright
2008 American Society for Microbiology.

Like BChls c, d, and e of green sulfur bacteria, both BChl g and 81-OH-Chl a of heliobacteria are
esterified with farnesol [63]. A non-mevalonate pathway is employed to synthesize the esterifying
alcohol, farnesyl diphosphate, of heliobacterial pigments [64]. As was noted for Hbt. modesticaldum,
Hrs. convoluta contained the complete complement of genes for this pathway, beginning with pyruvate
and glyceraldehyde-3-phosphate and proceeding to an unidentified but predicted isomerase that could
catalyze the interconversion of isopentenyl diphosphate and dimethylallyl diphosphate [6,64] (Figure 5).
Following this, farnesyl diphosphate can either be incorporated into the final structures of BChl g and
81-OH-Chl a or further transformed into the major carotenoids found in Hrs. convoluta [63] (Figure 5).
The high specificity of BchG for incorporation of a farnesol moiety over longer alcohol groups, such
as phytol, has been demonstrated in studies of pigment biosynthesis in Hbt. modesticaldum [61], and
the high sequence identity (68%) of BchG from Hrs. convoluta to that of Hbt. modesticaldum suggests a
similar activity in the alkaliphile.

Experimental work and pigment extraction from Hrs. convoluta, Hrs. daurensis, and Hrs. baculata
revealed that the major carotenoid in alkaliphilic heliobacteria is OH-diaponeurosporene glucoside
C16:0 ester, followed by 4,4′-diaponeurosporene, OH-diaponeurosporene glucoside C16:1 ester, and
8,8′-zeta-carotene [21,63]. These novel glucoside esters in alkaliphilic heliobacteria were not found
in neutrophilic heliobacteria, in which 4,4′-diaponeurosporene was the major carotenoid [63,65].
The synthesis of these C30 carotenoids [66] is complicated by the apparent absence of a gene (crtM)
encoding 4,4′-diapophytoene synthase in both Hbt. modesticaldum [6] and Hrs. convoluta. Presumably,
the presence of an enzyme with 4,4′-diapophytoene synthase activity is essential in the proposed
biosynthetic pathway for each of the carotenoids found in heliobacteria [63] (Figure 5). Although crtM
was not identified, two nonidentical copies of crtN (FTV88_2648 and FTV88_3059) having a sequence
identity of 71% were annotated in the Hrs. convoluta genome, and it is possible that one of their gene
products exhibits CrtM-like activity.
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In alkaliphilic heliobacteria, a proposed CrtC-like hydratase catalyzes the formation of
OH-diaponeurosporene from 4,4′-diaponeurosporene, followed by synthesis of OH-diaponeurosporene
glucoside by a CrtX-like glucosyl transferase, with a putative esterase making the final conversion
to the mature glucoside ester [63]. Genes encoding the enzymes catalyzing the final three steps of
OH-diaponeurosporene glucoside ester synthesis were not identified in Hrs. convoluta (Figure 5), but
genes encoding two carotenoid biosynthesis proteins (FTV88_0301 and FTV88_0302) were annotated.
These genes showed no significant sequence similarity to genes of the neutrophilic Hbt. modesticaldum,
and they may be candidates for encoding proteins to perform the final steps of carotenoid biosynthesis
in alkaliphilic heliobacteria.

3.6. Reaction Center and Electron Transport Chain

Heliobacteria possess a type I (Fe–S type) photosynthetic reaction center (RC) imbedded in
the cytoplasmic membrane [4,67,68]. As the simplest known and perhaps most ancient extant
(bacterio)chlorophyll-binding photochemical apparatus [69], the heliobacterial RC is a symmetrical
homodimer consisting of the PshA polypeptide and the novel, single-transmembrane helix PshX
polypeptide [70]. PshA of Hrs. convoluta (encoded by pshA, FTV88_2638) showed 71% sequence identity
to PshA of Hbt. modesticaldum but nearly 96% identity to PshA of Hrs. acidaminivorans (GenBank
accession WBXO01000000, unpublished). As is the case in Hbt. modesticaldum, pshX (FTV88_2551) is
situated outside of the PGC in Hrs. convoluta and encodes a protein consisting of just 31 amino acids.
The PshX RC subunit from Hrs. convoluta showed a 74% sequence identity to that of Hbt. modesticaldum.

The crystal structure of the Hbt. modesticaldum RC revealed the presence of 54 BChl g molecules,
two 81-OH-Chl a molecules, two carotenoids (4,4′-diaponeurosporene), four BChl g′ molecules (a C-13
epimer of BChl g that functions as the primary electron donor, P800) [68,71,72], two lipids, and one
[4Fe–4S] cluster [70]. Experimental data on the structure of the Hrs. convoluta RC are not yet available.
However, with their highly similar PshA and PshX proteins, the geometry and pigment composition of
the Hrs. convoluta RC should closely resemble that of the Hbt. modesticaldum RC [69]. Nevertheless,
some distinctions may materialize considering the alternative carotenoids produced by alkaliphilic
heliobacteria and their inherently alkaline habitat [63].

Proteins of the electron transport chain (ETC) of Hrs. convoluta exhibited high sequence similarity to
those from Hbt. modesticaldum, and thus the overarching mechanism of light-driven energy conservation
is likely to be highly conserved across all heliobacterial taxa. Although not experimentally confirmed,
it is likely that electrons first enter the chain by the activity of either NADH:quinone oxidoreductase
(Figure 3), a 14-subunit protein complex embedded in the cytoplasmic membrane and encoded by
nuoABCDEFGHIJKLMN, or perhaps a complex having ferredoxin:menaquinone oxidoreductase activity.
As observed in Hbt. modesticaldum, the nuoEFG genes in Hrs. convoluta are not co-localized within the
same operon as the other nuo genes. However, unlike in Hbt. modesticaldum, in which nuoEF are fused,
nuoE and nuoF exist as individual genes (present in duplicate copies) in Hrs. convoluta (Figure 7). With
the exception of this distinction, all nuo genes show high sequence identity (62–79%) between the two
species. As for Hbt. modesticaldum, menaquinone is predicted to shuttle electrons from Complex I to the
cytochrome bc complex (PetABCD), and electron transfer through these complexes drives translocation
of H+ to the periplasmic space (Figure 3), forming a proton motive force (PMF) [6,73].

Cytochrome bc1 complexes, which are found in a variety of anoxygenic phototrophs and also in
eukaryotic mitochondria, consist of a minimum of three protein subunits: cytochrome b, cytochrome
c1, and the Rieske iron-sulfur protein [74]. In contrast, the related cytochrome b6f complex, which is
present in cyanobacteria and chloroplasts, is comprised of cytochrome f (PetA), cytochrome b6 (PetB),
the Rieske iron-sulfur protein (PetC), and subunit IV (PetD) [74]. Having similar functions but distinct
structural properties, cytochrome b contains eight transmembrane helices, whereas cytochrome b6 and
its associated subunit IV contain four and three transmembrane helices, respectively [74]. Cytochrome
b6 shows homology to the N-terminal half of cytochrome b, and subunit IV is homologous to the
C-terminal half of cytochrome b [74].
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Figure 7. Comparison of nuoEFG genes in Heliorestis convoluta and Heliobacterium modesticaldum.
Whereas in Hbt. modesticaldum (and Heliobacillus mobilis) nuoE and nuoF are fused, these genes are
independent in Hrs. convoluta. In both species, however, nuoEFG are separated from other nuo genes
on the chromosome. In addition, unlike in Hbt. modesticaldum, Hrs. convoluta contains two copies of
nuoEFG, as well as the hydEFG maturase genes (FTV88_1003–1005) that may impart [FeFe] hydrogenase
activity. Colors: gold, NADH dehydrogenase subunits; orange, structural genes.

An analysis of the cytochrome bc complex of Hrs. convoluta indicated that it resembles a hybrid of
the cytochrome b6f complex and the cytochrome bc1 complex. A comparison of cytochrome b6 and
subunit IV proteins from Hrs. convoluta and the model cyanobacterium Synechocystis PCC 6803 showed
48% and 42% amino acid sequence identity, respectively. However, cytochrome b6 and subunit IV
from Hrs. convoluta also showed 36% and 30% amino acid identity, respectively, to the N-terminal and
C-terminal halves of cytochrome b from the purple bacterium Rhodobacter sphaeroides. Furthermore,
whereas subunit IV from Hrs. convoluta is predicted to contain the usual three transmembrane helices,
cytochrome b6 from Hrs. convoluta contained a predicted five transmembrane regions instead of
the four typically observed in the b6f complex. Notably, cytochrome b6 from Hbt. modesticaldum is
predicted to contain the conventional four transmembrane helices. Therefore, considering the above
sequence analyses and their total of eight predicted transmembrane helices, the PetB and PetD proteins
of Hrs. convoluta may represent a structural and evolutionary intermediate between cytochrome b and
cytochrome b6/subunit IV proteins, a distinction perhaps not shared with neutrophilic heliobacteria.

The PetA protein in heliobacteria is also of interest because it functions as a diheme cytochrome
c (as opposed to the typical monoheme protein) and shows no sequence or structural similarity
to cytochrome f [74]. Although unusual among the Firmicutes, the diheme cytochrome c has been
identified in all heliobacteria studied thus far and is likely a universal feature of these phototrophs.
PetA from Hrs. convoluta showed high sequence identity with PetA from Hrs. acidaminivorans (79%),
and sequence identities to PetA from neutrophilic heliobacteria (e.g., Hbt. modesticaldum, Hbt. gestii,
Heliobacillus mobilis, and Heliophilum fasciatum) were all near 50%. Based on similarities in its N- and
C-terminal domains, the heliobacterial diheme cytochrome c may have been the result of a past gene
duplication and subsequent fusion [75].

A single operon containing all eight genes encoding the subunits of ATP synthase (atpABCDEFGH)
was identified in the genome of Hbt. modesticaldum [6,26], and the encoded ATP synthase
itself has since been biochemically characterized [76]. The composition and arrangement of ATP
synthase genes in Hrs. convoluta was identical to that in the Hbt. modesticaldum genome. Kinetic
studies with Hba. mobilis and Hbt. modesticaldum and physiological similarity to photosystem I of
cyanobacteria suggest that a PMF established by cyclic electron flow drives photophosphorylation in
heliobacteria [73,77,78]. For overviews of electron transfer reactions in heliobacteria, see Sattley and
Swingley [7], Kondo et al. [79], and, more recently, Kashey et al. [73].

3.7. Endosporulation

A likely universal trait of heliobacteria is the ability to form endospores [11], differentiated and
largely dormant cells that are highly resistant to environmental extremes, such as heat and desiccation.
Genomic comparisons of Hrs. convoluta and Hbt. modesticaldum revealed high similarity between
endosporulation genes in each species. For example, genes encoding key sporulation sigma factors
(σH, σE, σF, σG, σK) in Hbt. modesticaldum were also identified in the Hrs. convoluta genome. Like Hbt.
modesticaldum, Hrs. convoluta lacked the spo0M gene functioning to regulate stage 0 development of
endosporulation [80] and the spoIIB gene necessary for robust sporulation in B. subtilis [81]. This may
help explain the sporadic (as opposed to consistent) production of endospores in serially subcultured
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cells of Hrs. convoluta strain HHT [21], as the deletion of either spo0M or spoIIB in B. subtilis results in
impairment of endosporulation [80,81]. Additionally, the 20 cot genes encoding proteins that comprise
the protective spore coat for B. subtilis, including cotH required for spore coat assembly [82], did
not show significant similarity to genes in Hbt. modesticaldum [6] or Hrs. convoluta. Likewise, key
proteins that coordinate spore coat assembly and composition in Clostridioides (Clostridium) difficile,
including CotA and CotB [83], showed no sequence similarity to genes in Hrs. convoluta. Despite these
deficiencies, cells of Hrs. convoluta strain HHT were still capable of forming heat-resistant endospores,
even if sporadically [21]. These findings suggest shared biosynthetic and regulatory mechanisms
governing endosporulation in Hbt. modesticaldum and Hrs. convoluta that differ in some respects from
those that govern endosporulation in species of Bacillus and Clostridium.

3.8. Molecular Adaptations to Alkaliphily in Heliorestis convoluta

Alkaliphilic bacteria employ several mechanisms to maintain intracellular pH homeostasis in
their highly alkaline environments. Experimental work conducted with alkaliphiles revealed that
these organisms maintain a lower cytoplasmic pH than their external environment—up to a 2.3 pH
unit difference—for optimal enzyme activity and cellular functioning [84,85]. Despite its optimal
growth pH of 8.5–9 and ability to grow slowly at pH 10 [21], it is likely that Hrs. convoluta maintains a
cytoplasmic pH at or below pH 8, as is true from studies of several alkaliphilic strains of Bacillus [84,86].

Cytoplasmic pH homeostasis in Hrs. convoluta is likely supported by the presence of a Na+/H+

antiporter encoded by nhaA (FTV88_0116). To maintain cytoplasmic pH at homeostatic levels, the
Na+/H+ antiporter operates in an electrogenic manner, facilitating the import of twice as many H+ as
Na+ exported [87,88]. The inward movement of protons through the antiporter acidifies the cytoplasm
to maintain a pH closer to neutral [87–89]. The NhaA protein from Hrs. convoluta was found to be 87%
identical in amino acid sequence to NhaA from Heliorestis acidaminivorans—also an alkaliphile—but
only 50% identical to NhaA from the neutrophile Hbt. modesticaldum. The NhaA enzyme may, therefore,
be a good candidate to study which amino acid residues facilitate antiporter activity in alkaline versus
neutral environments.

In addition to its role in cytoplasmic pH maintenance, the Na+/H+ antiporter generates a sodium
motive force (SMF) that has been shown to be important for secondary active transport of various
substrates [89–91] (see Figure 3 for examples in Hrs. convoluta). The use of Na+-coupling for transport
is potentially more important in Hrs. convoluta than in its neutrophilic relative, Hbt. modesticaldum, as
genes encoding multiple Na+-dependent transporters (FTV88_2418 and FTV88_1400) and a Na+/Ca+

antiporter (FTV88_2739) in Hrs. convoluta showed little to no significant similarity with genes in
Hbt. modesticaldum.

The more neutral cytoplasm compared to the alkaline extracellular milieu would seemingly
create an outward-directed bulk PMF rather than the inward-directed PMF needed to drive ATP
synthesis [89–91]. Despite this, most alkaliphiles, including Hrs. convoluta, still employ a PMF rather
than a SMF to power ATP synthase [89,92]. Alkaliphilic bacteria must therefore have mechanisms
in place to prevent H+ equilibration with the external environment so that an effective local PMF
can be established. To this end, carotenoids, which are produced in large quantities by alkaliphilic
heliobacteria [93], have been proposed to play a role in organizing proton pumps close to ATP synthases
in the membrane, thus facilitating more efficient ATP generation [91,94,95]. In addition, cardiolipin,
a glycerophospholipid that assists in membrane domain organization, may also help prevent H+

equilibration by functioning as a proton sink for the H+-coupled ATP synthase [96–98]. By functioning
in this capacity, cardiolipin allows for the retention of H+ near the surface of the cell membrane so
that they are unable to spontaneously diffuse into the alkaline environment. Notably, a gene encoding
cardiolipin synthase was present in Hrs. convoluta (FTV88_2523), but no corresponding homolog was
identified in Hbt. modesticaldum.

In addition to producing proteins and other molecules that counteract the pH difference between
the cytoplasm and environment and the consequences thereof, homologous proteins also have amino
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acid substitutions that optimize the functioning of normal processes for the alkaline environment.
In alkaliphiles, the portions of extracellular enzymes that are exposed to the external environment
tend to have decreased numbers of basic residues (arginine, histidine, or lysine), with acidic amino
acids (aspartate or glutamate) or neutral residues in their place [99–101]. In a noteworthy example, the
amino acid sequence for cytochrome c553 (PetJ) of Hrs. convoluta contained 13 more acidic amino acid
residues and 11 fewer basic residues than PetJ of Hbt. modesticaldum (Figure 8A). In line with previous
discussion, the elevated number of acidic residues and corresponding decrease in basic residues in the
externally-functioning Hrs. convoluta PetJ should contribute to OH− repulsion and H+ attraction near
the membrane surface and help maintain the PMF [89]. Although additional investigation of the cell
surface of Hrs. convoluta is required to confirm its electrochemical nature, genomic data suggest that
this phototroph can sequester H+ near the cell surface to create an effective PMF for ATP synthesis and
flagellar motility.

 

Figure 8. Amino acid sequence alignments for cytochrome c553 and ATP synthase Fo alpha subunit
of Heliorestis convoluta with related species. (A) The sequence alignment for cytochrome c553 of
Hrs. convoluta and Heliobacterium modesticaldum. Acidic amino acid residues (red), aspartate (D) and
glutamate (E), and basic amino acid residues (blue), arginine (R) and lysine (K), that differed between
each species were indicated by a colored dash directly above or below the residue. Acidic or basic
amino acids in the gap (–) regions were not marked. (B) Sequence alignment for ATP synthase Fo alpha
subunit of Hrs. convoluta and Bacillus pseudofirmus OF4. The lysine residue of interest at position 180 in
B. pseudofirmus aligns with Lys182 in Hrs. convoluta (red box). (C) Sequence alignment for ATP synthase
Fo alpha subunit of Hrs. convoluta and Hbt. modesticaldum. The lysine residue of interest at position 182
in Hrs. convoluta aligns with Gly179 in Hbt. modesticaldum (red box). All sequence alignments were
generated using the BLAST algorithm.

75



Microorg 2020, 8, 313

In a similar way, several key amino acid residues and motifs in ATP synthase have been found to
contribute to optimal functioning of the enzyme at different pH levels [89,91,102,103]. For example, a
lysine residue found at position 180 in the Fo alpha subunit of ATP synthase in Bacillus pseudofirmus
OF4 was determined to favor H+-powered ATP synthesis at an alkaliphilic pH due to its basic
properties [102,104–106]. As expected, a corresponding Lys182 in the Hrs. convoluta Fo alpha subunit
(Figure 8B) can presumably capture protons optimally from the alkaline environment and release them
into the rotor subunit of ATP synthase at an external basic pH near the high pKa of the side chain [102].
The lysine residue would be detrimental to ATP synthesis in a neutral pH range, as H+ would be
retained on the residue side chain at ~pH 7 (below the side chain pKa). This highlights the significance
of a glycine residue at the corresponding position in the Fo alpha subunit in neutrophilic bacteria,
including Hbt. modesticaldum [102] (Figure 8C).

Several alkaliphilic bacteria use a SMF to power flagellar motor proteins, thus reserving the
valuable and limited PMF for ATP production [107,108]. Research conducted with alkaliphilic Bacillus
spp. concluded that a highly conserved valine residue is present in H+-driven (MotB) flagellar
motor protein sequences, whereas a leucine residue takes the place of this valine in Na+-driven
(MotS) motor protein sequences [107,108]. The alkaliphilic Bacillus spp. contained MotS with the
conserved leucine amino acid, allowing these bacteria to use a SMF to power Na+-coupled flagellar
motility [107,108]. Interestingly, MotB—with its conserved valine—was identified in both Hrs. convoluta
and Hbt. modesticaldum, suggesting that a PMF is used to power motility in both alkaliphilic and
neutrophilic heliobacteria. Genomic analyses confirmed the presence of a core set of 24 genes
(fliCDEFGHIMNPQR, flgBCDEFGKL, motAB, flhAB) in Hrs. convoluta that are essential for PMF-driven
swimming motility in numerous flagellated bacteria [109].

4. Conclusions

The analysis of the complete genome sequence of Hrs. convoluta has provided further insight into
the photoheterotrophic metabolism, nitrogen utilization, sulfur assimilation, and pigment biosynthesis
pathways of heliobacteria, as well as molecular adaptations to an alkaliphilic existence. Further
biochemical and genetic experimentation with alkaliphilic heliobacteria, including Hrs. convoluta, is
necessary to confirm genomics-based predictions regarding the roles of specific genes and the apparent
absence of specific enzyme activities.
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Abstract: Osmotic adaptation and accumulation of compatible solutes is a key process for life at high
osmotic pressure and elevated salt concentrations. Most important solutes that can protect cell struc-
tures and metabolic processes at high salt concentrations are glycine betaine and ectoine. The genome
analysis of more than 130 phototrophic bacteria shows that biosynthesis of glycine betaine is common
among marine and halophilic phototrophic Proteobacteria and their chemotrophic relatives, as well as
in representatives of Pirellulaceae and Actinobacteria, but are also found in halophilic Cyanobacteria
and Chloroherpeton thalassium. This ability correlates well with the successful toleration of extreme
salt concentrations. Freshwater bacteria in general lack the possibilities to synthesize and often
also to take up these compounds. The biosynthesis of ectoine is found in the phylogenetic lines of
phototrophic Alpha- and Gammaproteobacteria, most prominent in the Halorhodospira species and a
number of Rhodobacteraceae. It is also common among Streptomycetes and Bacilli. The phylogeny of
glycine-sarcosine methyltransferase (GMT) and diaminobutyrate-pyruvate aminotransferase (EctB)
sequences correlate well with otherwise established phylogenetic groups. Most significantly, GMT se-
quences of cyanobacteria form two major phylogenetic branches and the branch of Halorhodospira
species is distinct from all other Ectothiorhodospiraceae. A variety of transport systems for osmolytes
are present in the studied bacteria.

Keywords: genomes of photosynthetic bacteria; glycine betaine biosynthesis; ectoine biosynthesis;
osmotic adaptation; phylogeny of osmolyte biosynthesis

1. Introduction

Phototrophic bacteria are widely distributed at suitable habitats in the marine and
hypersaline environment. They are exposed to sometimes dramatically changing salt con-
centrations and some are found in saturated brines of salt and soda lakes, where they regu-
larly develop massive blooms, often forming patches and pinkish-red layers, even within
deposits of crystalized salts [1,2]. One of the prerequisites to cope with high salt and solute
concentrations is the ability to keep an osmotic balance, i.e., a positive turgor pressure
inside the cells through the accumulation of solutes in the cytoplasm that are compatible
with the metabolic processes, even at high concentrations, and preserve active structures of
proteins and nucleic acids [3]. In consequence, these bacteria need proper mechanisms of
osmotic adaptation and ways to accumulate osmotically active compatible solutes up to
several molar concentrations at the extremes.

Limitation to protect cell structures and metabolism is given by the compatibility of
the solutes and the ability to accumulate to high or extremely high, several molar concen-
trations inside the cell. Glycine betaine (in some cyanobacteria also glutamate betaine)
and ectoine (also hydroxyectoine) are the top candidates for this function in bacteria.
Glycine betaine (hereafter “betaine”) accumulation is widespread among phototrophic and

Microorg 2021, 9, 46. https://doi.org/10.3390/microorganisms9010046 https://www.mdpi.com/journal/microorganisms

83



Microorg 2021, 9, 46

chemotrophic eubacteria [4–8]. Ectoine was first identified as a compatible solute in the ex-
treme halophilic Halorhodospira halochloris [9] and was later shown to be widely distributed
among marine and halophilic eubacteria [10]. Though a number of other solutes are accu-
mulated in bacteria in response to osmotic stress, these can provide protection only at low
to moderate osmotic stress. Such compounds include sugars such as trehalose and sucrose,
amino acids in particular glutamate, glucosyl glycerol, N-acetyl-glutaminyl glutamine
amide, N-carbamoyl-glutamine amide, and others [6,7,11–13]. Basically, the accumulation
can be achieved by uptake from the environment or by biosynthesis.

Betaine biosynthesis can be achieved by three consecutive methylation steps from
glycine and includes the formation of monomethylglycine (sarcosine) and dimethylglycine
as intermediates. In most of the bacteria studied, these enzymes are encoded by two genes
and have overlapping enzymatic activities. In Halorhodospira halochloris, the first enzyme
(glycine and sarcosine methyltransferase GMT) catalyzes the formation of monomethyl-
glycine and dimethylglycine and the second one (dimethylglycine methyltransferase
DMT) catalyzes the methylations to dimethylglycine and betaine [14,15]. In the halophilic
cyanobacterium Aphanothece halophytica, the second enzyme specifically catalyzes the
methylation of dimethylglycine [16]. In Actinopolyspora halophila, the two genes are fused,
showing corresponding sequence homologies to the two genes in Halorhodospira halochloris [14].

An alternative route of betaine biosynthesis starts from choline and oxidizes this
compound in two steps to betaine, catalyzed by choline dehydrogenase (BetA) and betaine
aldehyde dehydrogenase (BetB). This route is widely distributed among bacteria but
requires the external presence and uptake of choline. One possible uptake system is the
high-affinity secondary transporter BetT, considered to be a specific choline transporter in
E. coli [17] and a betaine transporter in Aphanothece halophytica [18]. In E. coli, the betT gene,
together with a regulatory betI gene, is included in the bet gene cluster.

The biosynthesis of ectoine, which was first identified in the extreme halophilic
phototrophic bacterium Halorhodospira halochloris [9], starts from aspartate. Aspartate is acti-
vated to L-aspartate-phosphate (Ask_ect) and then reduced to L-aspartate-β-semialdehyde
(Asd), followed by a transamination (with glutamate or alanine as donor of the
amino group) to L-diaminobutyric acid (EctB), acetylation of the amino group to
N-acetyldiaminobutyric acid (EctA), and finally ring closure (EctC) to form ectoine, as shown
for Halorhodospira halophila and Halomonas elongata [19,20]. Genes responsible for ectoine
biosynthesis and their osmotically regulated expression were first identified in Marinococcus
halophilus [21]. The oxidation of ectoine to hydroxyectoine, which was first demonstrated
in Streptomyces parvulus [22], turned out to be common to many Actinobacteria. The hy-
droxylation of ectoine (EctD) is strongly dependent on the presence of molecular oxygen
and is accompanied by the oxidative decarboxylation of oxoglutarate forming CO2 and
succinate [23]. While the ask_ect gene, which encodes a specific aspartate kinase not un-
derlying the feedback control of threonine [24,25], is often included in the ect gene cluster,
asd usually is at a different locus in the genome. The coexpression of ask_ect together
with the osmotically induced gene cluster ectABC, ensures optimal supply of the precur-
sor L-aspartate-β-semialdehyde under osmotic stress conditions. Aspects of ectoine and
hydroxyectoine biosynthesis were recently reviewed by Czech et al. [10].

Osmotic adaptation can also be achieved by uptake of osmolytes rather than biosyn-
thesis. Provided that such solutes are available in the environment, uptake generally is
the favored way, because it is far less energetically expensive than de novo synthesis.
Laboratory culture media with complex carbon sources (e.g., proteose peptone and yeast
extract), often contain these compounds. In such media, betaine was accumulated to
high levels exceeding 1 M concentrations by a number of salt-tolerant chemoheterotrophic
bacteria isolated from hypersaline soils [5]. Additionally, a number of phototrophic green
and purple sulfur bacteria are able to take up and accumulate betaine but are incapable
of its biosynthesis [13]. In nature, such situations can occur, whenever large decaying
biomass is accumulated and betaine or choline becomes available, leaking from living cells
or released upon cell lysis. Under such conditions, which are likely found in microbial mats,
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uptake might become an important strategy to accumulate compatible solutes, although
dependent on biosynthesis as their primary producers. Uptake systems for betaine, choline,
and ectoine are found in numerous bacteria, many of which are unable to biosynthesize
these molecules. Best known is a widely distributed transport system first identified in the
transport of proline ProU (ProVWX), which has low affinity to choline and also transports
glycine betaine, proline betaine, carnitine, and ectoine [26,27]. Another betaine transport
system is OpuA. Both of these systems are ABC type transport systems and include bind-
ing proteins for the substrate and for ATP and a permease (ProVWX, OpuAA,AB,AC).
Several more other transport systems for osmolytes are known (see [27]). Of these, OpuD is
a single-component secondary transporter for betaine. BetT might also be active in betaine
transport as found in Aphanothece halophytica [18].

In the present study, we focused on the biosynthetic capability of phototrophic bacteria
to produce betaine and ectoine, using genomic information available from new genome
sequences and from databases. The genomic repertoire and the distribution of the studied
biosynthesis pathways are related to salt responses of the bacteria to conclude on their re-
quirements for environmental adaptation. In addition, the phylogeny of ectoine and betaine
biosynthesis was studied by comparing sequences of glycine–sarcosine–methyltransferase
(GMT) and diaminobutyrate–pyruvate aminotransferase (EctB) of phototrophic bacteria,
together with selected chemotrophic bacteria.

2. Materials and Methods

2.1. Cultivation and DNA Extraction

Cells were grown in the appropriate media, as described for the purple sulfur bacte-
ria [28,29] and several groups of phototrophic nonsulfur purple bacteria [30]. Extraction of
DNA was done as described earlier [31]. DNA from 2 mL of a freshly grown culture was
extracted with the DNeasy® Blood&Tissue Kit, according to the manufacturer’s instruc-
tions (QIAgen, Hilden, Germany), including the pretreatment for Gram-positive bacteria
(consisting of enzymatic lysis buffer, proteinase K, and RNAse) and then dissolved in
the TE-buffer. The extracted DNA was checked for quantity and quality by agarose gel
electrophoresis with linear and double-stranded Lambda DNA used as control (Thermo
Fisher Scientific, Waltham, MA, USA, Cat.No. SD0011). DNA was purified using a gel
extraction procedure with the MoBio Ultra DNA Purification Kit (Cat.No. 12100-300).

2.2. Sequencing and Assembly

Sequencing of DNA and the assembly of sequences were done, as described ear-
lier [31]. Samples were prepared with the Nextera® XT DNA Sample Preparation kit from
Illumina, following the manufacturer’s protocol. Afterwards, the samples were pooled and
sequenced on the MiSeq using the MiSeq® Reagent Kit v3 600 cycles sequencing chemistry.
The library was clustered to a density of approximately 1200 K/mm2.

Read quality filtering was performed with Trimmomatic v0.36 [32]. Reads were
scanned for residues of Illumina Nextera XT adapters. Quality trimming was conducted
with a 5-base pairs (bp) sliding window, trimming the read once the average Phred quality
score within this window dropped below 30. Reads with a minimum length of 21 bp
after quality trimming were retained. Single reads (i.e., reads with their mate deleted)
were retained and included into downstream analysis. Reads were further checked for
ambiguous base calls as well as for low complexity, employing the DUST algorithm [33].
They were filtered accordingly with an in-house R script in Microsoft R Open v3.3.2 (R Core
Team 2016). Retained reads are referred to as ‘filtered reads’. Filtered reads were pre-
assembled with SPAdes v3.10.0 [34,35], using default k-mer lengths. Scaffolds ≥500 bp of
this pre-assembly were subjected to extension and second-round scaffolding with SSPACE
standard v3.0 [36].
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2.3. Genome Annotation and Submission to GenBank

Genome sequences were annotated by the “Rapid Annotation using Subsystem Tech-
nology” (RAST) [37]. Sequences of EctB, GMT, and ProW were retrieved from the anno-
tated genomes using the RAST and The SEED Viewer provided by this platform [38,39],
which also offered the option to search with gene/protein sequences within the annotated
genomes. In addition, standard protein BLAST of the NCBI database was used with EctB
and GMT sequences to retrieve additional protein sequences. All genome sequences were
deposited in the GenBank database (Supplementary Table S4). Accession numbers of
gene and genome sequences, together with species and strain designations as well as the
corresponding higher taxonomic ranks, are included in Supplementary Tables S1–S4.

2.4. Phylogenetic Sequence Analyses

For phylogenetic analysis, protein sequences of GMT, EctB, and ProW were aligned
using ClustalX version 2.1 [40] and the trees were calculated by the neighbor-joining (NJ)
method with correction for multiple substitutions, according to ClustalX [41]. NJ plot was
used to draw the phylogenetic trees expressed in the Newick phylogenetic tree format [42].
The tree topologies were evaluated with bootstrap analyses, based on 1000 replicates and
the values are indicated in the trees.

3. Results and Discussion

3.1. Osmotic Adaptation in Phototrophic Bacteria

According to genome analysis of representative phototrophic bacteria, the genetic
repertoire and kind of possible responses to osmotic stress of these bacteria varies widely
between the different groups and between freshwater, marine, and halophilic species.
The genetic repertoire of all studied phototrophic bacteria is shown in Tables 1–3. While al-
most all marine and halophilic phototrophic bacteria can synthesize either betaine or
ectoine or both, true freshwater bacteria lack the ability to synthesize betaine and ectoine.
Often, they also lack the possibility of uptake of these osmolytes or their biosynthetic
precursors, while marine and halophilic bacteria generally have this option. Obviously,
biosynthesis or uptake of betaine more than that of ectoine is a prerequisite for their ability
to thrive in marine and hypersaline habitats and to tolerate high salt concentrations.
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The ability to produce betaine or ectoine from the currently known routes is absent
from the freshwater bacteria examined here, which include Heliobacteria, Chloracidobacterium,
Chloroflexi, and the majority of Cyanobacteria and Chlorobiaceae, as well as phototrophic
Betaproteobacteria (Table 1). Most of these bacteria also lack corresponding transport systems.
Both pathways are also absent from the phylogenetic groups of freshwater phototrophic
species of Rhizobiales, Acetobacteraceae, Rhodospirillaceae, Betaproteobacteria, and Chromatiaceae
(Tables 1–3). In all freshwater bacteria that lack any of the options to accumulate betaine or
ectoine, a limited osmotic adaptation might be achieved by accumulation of sugars, in par-
ticular trehalose and sucrose or glucosylglycerol, but also N-acetyl-glutaminylglutamine
amide and N-carbamoyl-L-glutamine amide (Severin et al., 1992). Even potassium gluta-
mate to some extent might contribute to osmotic adaptation [1,6,7].

3.1.1. Cyanobacteria

It was demonstrated that the salt-tolerance of Cyanobacteria was clearly related to
the compatible solutes accumulated, those of the lowest tolerance (freshwater strains
growing below 0.7 M NaCl) accumulate sucrose and trehalose, those of moderate tolerance
(marine strains growing up to 1.8 M NaCl) accumulate glucosylglycerol, and those with
the highest tolerance (strains of marine and hypersaline origin, in great majority classified
as Synechococcus strains) accumulate glycine betaine or glutamate betaine [11]. Apparently,
the majority of cyanobacteria adapted to marine environments count on glucosylglycerol as
osmoticum [43–45]. The formation of a fused molecule with glycerol (glucosyl glycerol) as a
component appears to be a clever strategy to keep at least, in part, the excellent compatible
nature of glycerol but reduce leakage through the cell membrane. Those Cyanobacteria
originating from salt lakes and hypersaline ponds (tolerance of >20% NaCl) accumulate
betaine, which apparently is essential to provide sufficient protection at moderately and
extremely high salt concentrations [11].

Betaine biosynthesis is found in two major phylogenetic branches of Cyanobacteria,
but ectoine biosynthesis is absent (Table 1, Figure 1). One branch is formed by Aphanothece
halophytica (Halothece PCC7418), together with other Chroococcales. Aphanothece halophytica
is a characteristic inhabitant of hypersaline environments and among the most halotolerant
of Cyanobacteria. A gene cluster of the two methyltransferases (GMT and DMT) is present
in these bacteria (Table 1). The BetT present in Aphanothece halophytica, which lacks choline-
dependent betaine synthesis, is characterized as a specific transporter of betaine [18].
A second major branch of Cyanobacteria includes representatives of the heterogeneous
groups of the Synechococccus and Prochlorococcus species and is phylogenetically quite
distinct from the first branch (Figure 1). These Cyanobacteria have proXWV genes included
in a cluster with GMT and DMT genes (Table 1).

The two groups are also distinguished by significant difference in the G + C content of
the DNA. Representative strains of the Prochlorococcus group have a G + C content near 50
mol% for the Prochlorococcus marinus (strain MIT9313: 50.7 and strain MIT9303: 50.0%) and
near 59% for Synechococcus (strain WH8102: 59.4% and strain WH8103: 59.5%). Much lower
values are present in the Halothece/Aphanothece group: 42.9 mol% in Aphanothece halophytica,
41.1 mol% in Euhalothece natronophila, and 42.4 mol% in Dactylococcopsis salina. Although
systematically assigned to the Synechococcales, Dactylococcopsis salina fits very well into the
Halothece group, according to the gene repertoire and the phylogeny of the GMT sequence
(Figure 1, Table 1) as well as the G + C content, which puts a question mark to its current
taxonomic affiliation.
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Figure 1. The phylogeny of betaine biosynthesis based on the sequences of glycine/sarcosine methyltransferase GMT is
shown in a neighbor-joining tree. Sequences and gene bank accession numbers are shown in the Supplementary Table S1.
Bootstrap values expressed as percentages of 1000 replications are given at the branches. The bar indicates an evolutionary
distance of 0.1. The following color code highlights the different systematic groups.
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3.1.2. Chlorobiaceae

As most of the green sulfur bacteria thrive in freshwater habitats, it is not surprising
that they lack possibilities of synthesis of betaine and ectoine. The marine Chloroherpeton
thalassium is the only one that can produce betaine from glycine (Table 1 and Figure 1).
However, members of the genus Prosthecochloris and in particular Prosthecochloris aestuarii
are also regularly found in brackish and marine coastal or saline habitats. They might
cope with marine concentrations of salt by accumulation of trehalose, as shown to occur
in Prosthecochloris vibrioformis DSM 260 (Pfennig 6030) and Chlorobaculum thiosulfatophilum
DSM 249 (Pfennig 6230) [13]. If grown in marine media supplied with betaine, they can
also accumulate the betaine [13]. Therefore, they have limited possibilities to cope with salt
stress by accumulation of trehalose and uptake of betaine from the environment, to thrive
at elevated salt concentrations. It is expected that they take advantage of betaine uptake
when occurring in hypersaline habitats. A gene cluster annotated as proVopuAB,AC in
Prosthecochloris vibrioformis DSM 260 (Table 1) presumably is a betaine transport system.
The sequence of OpuAB is clearly distinct from those found in the Chromatiaceae and
Ectothiorhodospira species, as well as from the ProW sequences found in other Chromatiaceae
and Halorhodospira species and its ProV sequence is an outsider of the OpuAA branch
(data not shown). This indicates that components of the transport system of Prosthecochloris
vibrioformis might be related to an ancient ancestor of both the OpuA and the ProU transport
systems, both of which might have evolved from a similar ancient ancestor. It would be
interesting to study their catalytic properties and the evolutionary path of both systems.

3.1.3. Chloroflexi

Genes for the synthesis of ectoine and betaine were not found in the Chloroflexus and
Roseiflexus species (Table 1). Additionally, transport systems for osmotica are absent from
the Chloroflexus species, which characterizes them as strict freshwater bacteria. An ABC
transport system (annotated as opuCBproXV and an ABC transport protein) found in the
Roseiflexus castenholzii and Roseiflexus species RS-1 (Table 1) might as well represent an
ancient evolutionary form of osmolyte transport and betaine uptake from the environment.
Thereby, the Roseiflexus species might gain limited possibility for osmotic adaptation.
As these bacteria are among the oldest mat-forming phototrophic bacteria and Roseiflexus
might be able to take up betaine or other osmolytes, they or relatives thereof are expected to
be found in marine microbial mats. It would be interesting to see, whether marine relatives
have possibilities of compatible solute biosynthesis. The species known and characterized
so far are expected to have lost such possibilities.

3.1.4. Marine Rhizobiales

Freshwater Rhizobiales (species of Rhodoblastus, Rhodopseudomonas, Blastochloris, Rhodomi-
crobium, and Rhodoplanes) lack both, biosynthesis genes for ectoine and betaine (from
choline and glycine) as well as transport systems for these osmolytes (Table 2). In a group
of marine Rhizobiales (Fulvimarina pelagi, Hoeflea phototrophica, Rhodobium orientis, Afifella
species), the choline-dependent biosynthesis of betaine (BetABI) and a BetT transporter are
present (Table 2). In addition, one or more copies/versions of the ProU system are found.
Therefore, osmotic adaptation of these bacteria to the marine environment can be achieved
by uptake of betaine or choline. In the absence of these compounds in the environment,
other compatible solutes might be accumulated. For Afifella marina (formerly Rhodopseu-
domonas marina), the accumulation of trehalose was demonstrated [12].

3.1.5. Marine and Halotolerant Rhodobacteraceae

The Rhodobacteraceae include freshwater, marine and halophilic species. With the
exception of the freshwater Rhodobacter species, all of them have a complete gene cluster for
ectoine biosynthesis (ectRectABCask-ect). In addition, the extremely halotolerant Roseivivax
halodurans, Roseivivax roseus, Rhodosalinus sediminis, and Roseovarius nitratireducens (not Ro-
seivivax halotolerans and Roseovarius halotolerans) have genes of betaine biosynthesis from
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glycine, with gene clusters of varying composition (Table 2). In these bacteria, the GMT
and DMT methyltransferase genes are fused, as in some of the halophilic Rhodospirillaceae
(see below). Most of the Rhodobacteraceae have several transport systems for osmolytes.
All have the BetT transport system, some strains have multiple copies. With the excep-
tion of Rhodobaculum claviforme and Rhodovulum imhoffii, they have several ProU systems,
which according to the ProW sequences are phylogenetically distinct (Table 2 and see below
under Section 3.5).

3.1.6. Acetobacteraceae

Phototrophic Acetobacteraceae are freshwater bacteria. Rhodopila globiformis lacks
possibilities of synthesis and transport of betaine and ectoine, and Paracraurococcus ruber de-
pends on external supply of such compounds and on transport via a ProU system (type W2)
for osmotic adaptation (Table 2). Acidiphilium species, however, can produce ectoine and
hydroxyectoine and in addition have a ProU (type W3) uptake system associated with
the genes of betaine biosynthesis from choline (proXWVbetBA). Acidiphilium species are
adapted to life in acidic freshwater habitats and their acidophilic nature should preclude
their development in neutral/basic marine habitats. Therefore, the accumulation of ectoine
and possibly also betaine might play a role in adaptation to highly acidic conditions rather
than to saline habitats.

3.1.7. Marine and Halophilic Rhodospirillaceae

Freshwater species of Rhodospirillaceae including species of Pararhodospirillum, Rho-
dospirillum, and Phaeospirillum lack ectoine and betaine biosynthesis (from glycine) and
only some strains of Rhodospirillum rubrum can synthesize betaine from choline or have a
ProU transport system (Table 2). On the other hand, marine and halophilic Rhodospirillaceae
(Rhodospira, Rhodovibrio, Roseospira, Roseospirillum, and Caenispirillum species) are genomi-
cally well equipped with possibilities of osmotic adaptation. These species are adapted to
moderately and extremely high salt concentrations. In particular, the Rhodovibrio species
tolerate more than 3 M (up to 20%) NaCl. All of them synthesize ectoine (Caenispirillum
salinarum also hydroxyectoine) and betaine. With the exception of Rhodospira trueperi and
Roseospirillum parvum, they can also transform choline to betaine (betABI). Different to other
Rhodospirillaceae, in the Rhodovibrio species, the GMT and DMT genes are not fused and
form a gene cluster with MAT and SHAase. Their GMT gene is the only example of a
B-type GMT gene in Alphaproteobacteria, and the ectA gene is not included in an ectABC
cluster, as in almost all other phototrophic bacteria producing ectoine. In addition to betT
(multiple), marine Rhodospirillaceae have one or more ProU transport systems. These are
related to the proVWX type W1 (proU of E. coli), proXWV (type W2), or proXVW (type W4)
systems. In Caenispirillum salinarum, a type W3 ProW system is present (Table 2).

3.1.8. Halophilic Rhodothalassium salexigens

Rhodothalassium salexigens is a moderate halophilic and especially salt tolerant bac-
terium that grows at salt concentrations exceeding 3 M (20% NaCl). The outstanding
properties of Rhodothalassium salexigens as distinct from all other phototrophic Alphapro-
teobacteria are demonstrated by sequences of the 16S rRNA gene and of the photosynthesis
reaction center and bacteriochlorophyll biosynthesis genes [46]. These are in line with
its recognition as a separate genus, family and order of the Alphaproteobacteria [47,48].
Ectoine biosynthesis is absent (Table 2). Betaine biosynthesis from glycine is possible and
GMT sequences form a distinct lineage among those of the Alphaproteobacteria (Figure 1).
In addition, BetT and a type W1 ProU transport systems are present.

3.1.9. Chromatiaceae

Freshwater Chromatiaceae including Chromatium, Allochromatium, and Thiocystis
species lack betaine and ectoine biosynthesis and corresponding transport systems (Table 3),
Marine and halophilic Chromatiaceae can synthesize betaine from glycine and have the
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BetT transport system, but lack ectoine biosynthesis. With the exception of Marichromatium
gracile and Thiorhodococcus drewsii, betaine biosynthesis from choline is absent. The group
of marine representatives including the Marichromatium, Thiorhodococcus, and Imhoffiella
species, Thiocapsa marina and Thiocystis violacea DSM 208 has an opuA gene cluster, but lacks
the ProW permease protein of ProU. An exception is Thiorhodococcus minor, which has a
ProU (type W1) instead of the OpuA system (Table 3) like all other marine and halophilic
Chromatiaceae.

3.1.10. Ectothiorhodospiraceae

According to phylogeny of 16S rRNA and photosynthetic reaction center genes,
the Ectothiorhodospira and Halorhodospira species form two clearly separated branches
that might even require a separation at the family level [46]. This clear separation is also
reflected in different options for osmotic adaptation and in different lineages of normal as
well as B-type GMT sequences (Table 3, Figure 1, see Section 3.2.2).

The Ectothiorhodospira species lack ectoine biosynthesis, but can synthesize betaine
from glycine (GMT-DMT-MAT), with the exception of Ectothiorhodospira mobilis and Ectoth-
iorhodospira marismortui also from choline (betABIproX). They have a gene cluster includ-
ing genes of the OpuA and BetT transport systems (betT-opuAA,AB,AC) and additional
betT gene copies (except Ectothiorhodospira vacuolata and Ectothiorhodospira shaposhnikovii),
but lack the otherwise common ProU transporter (Table 3). An exception is the Ectothiorho-
dospira magna, which obviously lacks the biosynthetic capabilities and entirely depends on
the uptake of betaine and ectoine (betT-opuAA,AB,AC) (Table 3). Ectothiorhodosinus mongoli-
cus and Thiorhodospira sibirica are exceptions among the Ectothiorhodospiraceae. While the
first lacks genes for biosynthesis of betaine and ectoine and only has ProU (type W1) and
BetT transport systems, the latter has no annotated osmotic stress genes at all. This limits
the possible adaptation to elevated salt concentrations and suggests that alternative mecha-
nisms/solutes are used to cope with the salt in the environment. Sucrose, N-carbamoyl-
L-glutamine amide, or N-acetyl-glutaminylglutamine amide are possible candidates that
were found to accumulate in other purple sulfur bacteria, though in marine and halophilic
species, they are found only in addition to betaine [12].

The Halorhodospira species are the most halophilic and halotolerant phototrophic bac-
teria and can thrive even in saturated salt solutions [1,2]. All Halorhodospira species have
complete gene clusters for ectoine (ectABC) and betaine biosynthesis from glycine, but lack
genes for transformation of choline to glycine (Table 3). They are the only Gammaproteobac-
teria to include adenosylmethionine synthetase (MAT), adenosylhomocysteinase (SAHase)
and 5,10-methylene tetrahydrofolate reductase (MTHFR) into a gene cluster, together
with the two methyltransferase genes (GMT-DMT-MAT-SAHase-MTHFR). They are well
equipped with the transport systems for osmolytes and have multiple copies of BetT,
the secondary transporter OpuD (except Halorhodospira neutriphila) and the ProU (type W1)
transport system (except Halorhodospira halochloris). These transport systems assure that os-
molytes leaking out of the cells at very high, several molar cytoplasmic concentrations can
be regained by the cells, and are not wasted to the environment. Therefore, it is assumed
that the available transport systems are able to take up betaine and ectoine.

3.2. Phylogeny of Glycine-Methyltransferase GMT

The methyltransferases that transform glycine to betaine, glycine and sarcosine methyl-
transferase (GMT), and dimethylglycine methyltransferase (DMT) are present in a wide
range of phototrophic bacteria, Alpha-, and Gammaproteobacteria, Cyanobacteria and green
sulfur bacteria, as revealed by genome analysis using the SEED facility of the RAST plat-
form [39]; shown in Tables 1–3. A phylogenetic tree of GMT methyltransferases, which in
addition to phototrophic bacteria includes data from the genomes of chemotrophic bacteria
as well as from BLAST searches, is shown in Figure 1. Though many of the deep branching
points are poorly resolved and not supported by bootstrap values, it is obvious that the
phylogeny of GMT is well depicted in a number of major phylogenetic branches. The phy-
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logenetic grouping correlates well with differences in the gene clusters involved in betaine
biosynthesis (Figure 1). The following major groups and distinct phylogenetic lineages
are recognized.

3.2.1. Chromatiaceae

Among the phototrophic Gammaproteobacteria, marine and halophilic phototrophic
Chromatiaceae and Ectothiorhodospiraceae species have the ability to produce betaine from
glycine. Marine and halophilic species encoding this pathway of betaine biosynthesis
are found in different phylogenetic lineages with (a) the halophilic species of the genus
Halochromatium, Lamprobacter modestohalophilus, Thiohalocapsa halophila forming one branch
and (b) the marine species of Marichromatium, Thiocapsa, Thiorhodococcus, Thiorhodovibrio,
and Thiocystis violacea DSM 208, Rhabdochromatium marinum, together with Thiococcus
pfennigii and Thioflavicoccus mobilis, forming a second one (Figure 1). In both of these
branches of Chromatiaceae, including the separate lineages of Thiohalobacter thiocyanaticus
and Imhoffiella purpurea, just the two methyltransferases (GMT and DMT) form a distinct
gene cluster (Table 3).

3.2.2. Ectothiorhodospiraceae

According to GMT sequences, species of Halorhodospira and Ectothiorhodospira form
two clearly separated groups (Figure 1). In Ectothiorhodospira, species including Thioalka-
livibrio nitratireducens and related species, GMT and DMT genes form a cluster together
with the gene encoding S-adenosylmethionine synthetase (methionine adenosyl trans-
ferase, MAT), which is essential for performance of the methylation by providing the
methyl donor S-adenosylmethionine. In the Halorhodospira species, in addition, the genes
encoding S-adenosyl homocysteinase (SAHase) and 5,10-methylene tetrahydrofolate re-
ductase (MTHFR) are included in this gene cluster (Table 3). The methionine synthase (MS)
that completes the methionine cycle is located at a different location within the genome.
The coordinated action of these enzymes is expected to allow optimal performance of
betaine biosynthesis by providing the essential methyl groups and removing the byproduct
S-adenosylhomocysteine, which strongly inhibits the reaction [15]. The chemotrophic
Arhodomonas aquaeolei and Nitrococcus mobilis (only GMT-DMT cluster) form a distinct
subbranch within the Ectothiorhodospiraceae.

There is a curiosity with the presence of a second additional single GMT gene within
a few species of Chromatiales, which is phylogenetically distinct from the genes commonly
found in other phototrophic bacteria, except the two Rhodovibrio species (Figure 1). We refer
to these genes as the B-type methyltransferases in betaine biosynthesis,
compared to the “common” system. GMT sequences of this B-type group form three
lineages of phototrophic Gammaproteobacteria, (i) marine and halophilic Chromatiaceae
species (Halochromatium salexigens, Halochromatium glycolicum, Rhabdochromatium marinum
and Thioflavicoccus mobilis), (ii) Halorhodospira species (Halorhodospira halophila, Halorho-
dospira neutriphila), and (iii) Ectothiorhodospira species (Ectothiorhodospira mobilis, Ectothiorho-
dospira marismortui, Ectothiorhodospira marina) (Figure 1). In contrast, the B-type GMT genes
of Rhodovibrio sodomensis and Rhodovibrio salinarum are the only ones for biosynthesis of
betaine in these bacteria that are unique among Alphaproteobacteria. While this gene is
included in a functional gene cluster and is quite likely active in the betaine synthesis of
the Rhodovibrio species (GMT-DMT-MAT-SAHase), its role in the Chromatiales is unclear
and it might represent an evolutionary relict or a backup.

3.2.3. Cyanobacteria

Clearly two distinct branches of common GMT sequences of betaine biosynthesis are
found in Cyanobacteria (Figure 1). The most divergent branch in the tree is represented by
the Prochlorococcus group, including Synechoccoccus WH8102 and Prochlorococcus marinus.
The second major phylogenetic branch of Cyanobacteria, the Halothece/Aphanothece group,
is represented by the most prominent member of halophilic Cyanobacteria, Aphanothece
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halophytica (Halothece PCC7418), and several Chroococcales, including Euhalothece natronophila
and Rubidibacter lacunae, but also Dactylococcopsis salina, which might be misclassified as a
member of the Synechococcales.

3.2.4. Alphaproteobacteria

The GMT sequences of Alphaproteobacteria represent a diverse major branch, which
includes the species of Sphingomonadales, Rhodothalassiales, Rhodobacterales, and Rhodospiril-
lales, but no Rhizobiales (Figure 1). The following distinct subbranches of Alphaproteobacteria
are formed:

• Rhodospirillaceae, including Caenispirillum salinarum, Rhodospira trueperi, Roseospira
navarrensis, Roseospira marina, and Roseospirillum parvum (but not the Rhodovibrio
species) have a fused GMT/DMT gene of the methyltransferases included in a small
cluster with S-adenosylmethionine synthase (MAT).

• Rhodothalassium salexigens, which represents the most distant line to all other Alphapro-
teobacteria, has a small gene cluster with just the two methyltransferases.

• Sphingomonadales include Novosphingobium malayensis, Erythrobacter litoralis, Alterery-
throbacter atlanticus; in Erythrobacter litoralis just the two methyltransferases form a
small gene cluster.

• Hyphomonadaceae include the Glycocaulis and Marinicauda species with a small gene
cluster of the two methyltransferases only.

• Rhodobacteraceae included in the study, as indicated in Figure 1, form a subbranch
together with Thalassobaculum litoreum and Thalassobaculum salexigens (according to 16S
rRNA phylogeny forming a branch with the Oceanobaculum species at an almost equal
distance to the Rhodobacteraceae and Rhodospirillaceae species; data not shown). A fused
GMT/DMT gene is associated with the MAT gene in Roseivivax halodurans, with the
MS-MAT genes in Rhodosalinus sediminis, and with the MTHFR-MS-MAT-SAHase
genes in Roseivivax roseus and Roseivarius nitratireducens (Table 2).

3.2.5. Actinobacteria

The Actinobacteria are the only major group of chemotrophic bacteria that show
betaine biosynthesis from glycine. They form a distinct branch distantly related to Chro-
matiales and Chloroherpeton (Figure 1). In Actinopolyspora halophila, for example, a fused
GMT/DMT gene is included in a gene cluster with MAT, MTHFR, and SAHase (Table 4).

3.2.6. Chlorobiaceae

Among the green sulfur bacteria, betaine biosynthesis is found only in Chloroherpeton
thalassium. The GMT sequence forms a separate line that associates distantly with those of
the halophilic Chromatiales and Actinobacteria (Figure 1). Both methyltransferase genes are
found in a small cluster together with the BetT transport system (Table 1).

3.2.7. Pirellulaceae

The two methyltransferases of betaine biosynthesis (GMT, DMT) are also found in the
chemotrophic Rhodopirellula europaea and Rubripirellula obstinata (Pirellulaceae). Phylogeneti-
cally, these GMT sequences form a distinct branch distantly associated with Ectothiorho-
dospiraceae, though with low confidence. In Rhodopirellula europaea, the betT gene forms a
cluster with the two methyltransferases (GMT-DMT-betT).

3.3. Phylogeny of EctB

The ability for ectoine biosynthesis is found in several phylogenetic distant lineages
of anoxygenic phototrophic bacteria. Two major phylogenetic branches (type-1 and type-2
EctB sequences) can be distinguished, which also show differences in the ect gene cluster
structure (Figure 2).
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Table 4. Ectoine and betaine biosynthesis of selected chemotrophic bacteria a.

Family Species Strain Ectoine Betaine biosynthesis

biosynthesis from
glycine from choline

ectABC GMT-
DMT betAB

Actinobacteria

Actinopolysporaceae Actinopolyspora
halophila DSM 43834 ectABC

fusedMT-
MAT-o-

MS-
SAHase-
MTHFR

o

Gordoniaceae Gordonia
alkanivorans NBRC16433 ectABC o betABT

Mycobacteriaceae Mycolicibacterium
thermoresistibile DSM 44167 ectABCD o betA/betB

Streptomycetaceae Streptomyces
clavuligerus ATCC 27064 ectABCD/AB o betAB/betI/betT

Bacilli/Bacillales

Bacillaceae Halobacillus
halophilus DSM 2266 ectABC/D o betABbetIopuAC

Proteobacteria/Alphaproteobacteria

Rhodobacteraceae Jannaschia
seosinensis CECT7799 ectRectABCask-ect o proVWXbetICBA

Rhodobacteraceae Maritimibacter
alkaliphilus HTCC2654 ectRectABCask-ect o proVWooXbetICBA

Rhodobacteraceae Paracoccus
halophilus JCM 14014 ectRectABCask-ect o proVWXbetIBA

Rhodobacteraceae Salipiger
bermudensis HTCC2601 ectRectABCask-ect o proVWXbetICBA

Rhodobacteraceae Thioclava pacifica DSM 10166 ectRectABCask-ect o proVWoXbetIBA

Rhodospirillaceae Ferruginivarius
sediminum WD2A32 ectRectABC/B/C/D o proXbetIBA

Proteobacteria/Betaproteobacteria

Alcaligenaceae Achromobacter
xylosoxidans SOLR10 ectRABCD o betA/betB

Alcaligenaceae Bordetella avium 197N ectRABCD o betA/

Burkholderiaceae Paucimonas
limoigeni DSM 7445 ectRABCD o betA/

Oxalobacteraceae Herminiimonas
arsenicooxidans DSM 17148 ectRABCD o betA/

Proteobacteria/Gammaproteobacteria
Halomonadaceae Halomonas elongata DSM 2581 ectABC/D o proXbetIBA

Halomonadaceae Chromohalobacter
salexigens DSM 3043 ectABC/D o proXbetIBA

Halomonadaceae Chromohalobacter
marismortui DSM 6770 ectABC/D o proXbetIBA

Haliaceae Haliea salexigens DSM 19537 ectRectABCask-ect o betA/

Chromatiaceae Nitrosococcus oceani ATCC 19707 ectRCask-
ect/ectABD o betA/

Chromatiaceae Nitrosococcus
halophilus Nc4 ectRCask-

ect/ectABD o o

Hahellaceae Hahella chejuensis KCTC2396 ectABCD o betIBAproXWV

Oceanospirillaceae Marinomonas
mediterranea MMB1 ectABC/R/ask-ect o betAB /

betIproXWV

Ectothiorhodospiraceae Nitrococcus mobilis NB-231 ectABC GMT-
DMT betA/

Chromatiaceae Acidihalobacter
prosperus DSM 14174 ectABC o o

a Gene clusters are given and “/” denotes a separate locus of the genes in the genome. Color shades indicate different types of gene and
gene associations, also marine (blue) and halophilic (rose) growth response of the bacteria.
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Figure 2. The phylogeny of ectoine biosynthesis on the basis of sequences of diaminobutyrate-pyruvate aminotransferase
EctB is shown in a neighbor-joining tree. Sequences and gene bank accession numbers are shown in the Supplementary
Table S2. Bootstrap values expressed as percentages of 1000 replications are given at the branches. The bar indicates an
evolutionary distance of 0.05. The following color code highlights different systematic groups.
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Gammaproteobacteria are found in both branches—representatives of Ectothiorhodospiraceae
in the EctB type-1 branch and representatives of Oceanospirillales, Cellvibrionales, and Vib-
rionales in the EctB type-2 branch. According to genome analysis of the selected species
and also BLAST search with representative EctB sequences, ectoine biosynthesis is absent
from all tested Cyanobacteria, from Heliobacteria, Chlorobi, Chloroflexi, Chloracidobacterium,
as well as from all studied phototrophic Betaproteobacteria, Rhizobiales, Chromatiaceae, and the
Ectothiorhodospira species (Tables 1–3).

As shown in Figure 2, a first major phylogenetic branch (EctB type-1) contains four
clearly separated groups: (1) the Ectothiorhodospiraceae, (2) Rhodospirillaceae including the
non-phototrophic relatives, (3) Bacillales, and (4) Actinobacteria. This branch is characterized
by a gene cluster lacking the regulatory ectR gene and the ask_ect gene.

• The Ectothiorhodospiraceae form a branch with representatives of the genera Halorho-
dospira, Alkalilimnicola, Alkalispirillum, Nitrococcus, Arhodomonas, and Acidihalobacter,
but lack species of Ectothiorhodospira, Thiorhodospira, and Ectothiorhodosinus, in which
ectoine biosynthesis is absent. A cluster of the ectABC genes that lacks the regulatory
gene is found in the extremely halophilic Halorhodospira species.

• The marine and halophilic Rhodospirillaceae also have an ectABC gene cluster and form
deeply branching separate lineages with Rhodospira trueperi and the Roseospira species
in one, Rhodovibrio sodomensis and Rhodovibrio salinarum and the non-phototrophic Fer-
ruginivarius sediminum and Limimonas halophila in another, and Caenispirillum salinarum
in a third lineage (Figure 2).

• Different lineages of the Bacillales branch are represented by species of the genera
Halobacillus, of Oceanobacillus (including Salinicoccus albus (Staphylococcaceae) and Vir-
gibacillus halodenitrificans), of Salinibacillus, Alkalibacillus and Alkalihalobacillus. Distinct
separate lines of Aureibacillus halotolerans (Bacillaceae), Paenibacillus senegaliensis (Paeni-
bacillaceae) and Desmospora activa (Thermoactinomycetaceae) are found (Figure 2).

• The branch of Actinobacteria shows distinct subbranches of Streptomyces, Mycolicibac-
terium, Gordonia, and Rhodococcus (associated with the Tsukamurella paurometabola)
species, and of Saccharomonospora, Actinopolyspora, and Saccharopolyspora species
(Figure 2). Distinct from these and as an outsider of the group is Stackebrandtia nas-
sauensis. Common among many of the Actinobacteria is the ability to form hydroxyec-
toine, as demonstrated here by genome analysis of Mycolicibacterium thermoresistibile,
and BLAST search with the EctD sequences from these bacteria (data not shown).

A second major phylogenetic branch (EctB type-2) is characterized by the presence
of an extended gene cluster for ectoine biosynthesis, often including the regulatory gene
(ectR) and a specific isoenzyme of aspartokinase (ask_ect). The EctB type-2 group shows
considerable deeper branching points and is phylogenetically even more diverse compared
to the EctB type-1 group (Figure 2).

The Alphaproteobacteria form two related subbranches. One of these is represented by
Rhodobacterales, with numerous anaerobic and aerobic phototrophic bacteria, as well as
chemotrophic relatives that are unable to perform photosynthesis and has an extended
ask_ect_ectABCR gene cluster. Species of Rhodovulum and the related genera Roseivivax,
Roseovarius, Rhodosalinus, and Roseisalinus are included (Table 2, Figure 2). However,
in the related Rhodobacter species, ectoine biosynthesis and the ectABCR genes are absent.
One distinct separate lineage is formed by Rhodobaca barguzinensis and Rhodobaculum
claviforme. The marine Roseospirillum parvum is the only representative of Rhodospirillaceae
within the type-2 group. Its gene cluster includes the regulatory gene (ectABCR) but lacks
the ask_ect gene. However, this species and Thioclava pacifica (Rhodobacteraceae) are outsider
of this subbranch.

A second subbranch of Alphaproteobacteria is distantly associated with the Rhodobac-
terales branch. It includes the aerobic phototrophic Acidiphilium multivorum (Acetobacteraceae,
Rhodospirillales) and Acidiphilium cryptum (non-phototrophic), which also encode the for-
mation of hydroxyectoine and have ectD included in the gene cluster ectRABCDask_ect
(Table 2). The related phototrophic Acetobacteraceae Rhodopila globiformis and Paracrauro-
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coccus ruber are unable to produce ectoine (Table 2). A second lineage of this subbranch
contains Nitrobacter winogradskyi (Rhizobiales) and representatives of the Sphingomonadales.

Although none of the phototrophic Betaproteobacteria included in this study was
able to synthesize ectoine, in several chemotrophic Betaproteobacteria (Burkholderiales) EctB
is present and a distinct branch of type-2 EctB sequences is formed. Two separate lin-
eages include representatives of Alcaligenaceae (Achromobacter and Bordetella species) in
one, and the Paucimonas (Burkholderiaceae) and Herminiimonas (Oxalobacteraceae) species
in another lineage (Figure 2). An ectRABCD gene cluster was found in the genomes of
Achromobacter xylosoxidans, Bordetella avium, Herminiimonas arsenicoxydans, and Paucimonas
limoigeni (Table 4).

Two branches of Gammaproteobacteria are found among the EctB type-2 sequences.
One is represented by Halomonadaceae with Halomonas elongata and Chromohalobacter salex-
igens and related species (ectABC/ectD), and associates distantly with the sequences of
Betaproteobacteria. The second one is poorly associated and is quite distant to the branch of
Alphaproteobacteria. It includes representatives of Oceanospirillaceae (Marinomonas and Am-
phritea species) and deeply branching lines with representatives of other families (Table 4,
Figure 2). There is a considerable variation of the composition of the ect gene cluster in
this branch (Marinomonas mediterranea: ectABC/ectR/ask_ect; Hahella chejuvensis: ectABCD;
Haliea salexigens: ectRABCask_ect), as shown in Table 4.

3.4. Betaine Synthesis from Choline—Distribution of Bet Genes in Phototrophic Bacteria

An alternative and independent pathway of betaine synthesis that starts from choline
exists in a number of bacteria [49]. It depends on an external source of choline that needs to
be taken up by the cells and is then converted into betaine. Thus, the availability of choline
is a crucial factor that eliminates this pathway from consideration, as an important and
independent option to adapt to high salt concentrations. Though this pathway offers a
good chance for bacteria living in eutrophic locations rich in biomass and provide choline
as the source, such habitats with extremes of salt concentrations are almost devoid of higher
developed eukaryotes that could produce and release choline. Here, mass developments
of halophilic microorganisms that would be the primary colonizers could be a possible
source under such conditions. If the presence of this pathway is compared with the ability
to cope with even low (marine) salt concentrations, it is then obvious that it does not play
a primary role in conquering marine and hypersaline habitats. Most marine species that
can perform the choline pathway, are not dependent on this pathway, but have alternative
options of compatible solute biosynthesis. Examples are Rhodobaca barguzinensis (produces
also ectoine), Rhodovibrio species (also have the ectoine and glycine-dependent pathway),
Marichromatium gracile (also has the glycine-dependent pathway), and Ectothiorhodospira
species (have the glycine-dependent pathway) (see Tables 2 and 3). The only marine
species that exclusively rely on the choline-dependent pathway of biosynthesis for be-
taine synthesis (in addition to several transport systems) are members of the Rhizobiales
including Fulvimarina pelagi, Hoeflea phototrophica, Rhodobium orientis, and the Afifella species
(Table 2). It is also found in some freshwater bacteria, such as Rhodopseudomonas palustris,
Rhodospirillum rubrum, and Rhodobacter species.

Quite interestingly, the choline-dependent pathway of betaine synthesis is also an
additional option in a few extremely halotolerant species, which are capable of betaine
synthesis from glycine and of ectoine synthesis. These include a few Rhodobacteraceae
(species of Roseivivax, Rhodosalinus, and Roseovarius), as well as the Rhodovibrio species
(Table 2).

3.5. Transport System for Uptake of Glycine Betaine and Choline

All marine and halophilic phototrophic bacteria have one or more transport systems
for betaine or choline. This underlines the importance of transport to gain or regain
osmolytes for successful adaptation to elevated salt concentrations. In contrast, freshwa-
ter phototrophic bacteria not only lack possibilities of biosynthesis but also of common
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transport systems for betaine, ectoine, and related osmolytes. While there are no obvious
correlations between these transport systems and the biosynthetic pathways present, vari-
ous phylogenetic groups have characteristic sets of transport systems for betaine, choline,
and possibly ectoine and related osmolytes.

The most common and highly variable system is the ABC transporter ProU, which
is present in different distinct variants and in different association with other genes. Of-
ten multiple forms are found in one and the same bacterium (Figure 3, Tables 1–3).

 

 
  

 

 

 

 

 

 
 

  

 

 
 

 

 

  

 
 

 

 

 

 

 

 

 

 
 

 

 

Figure 3. The phylogeny of the permease protein ProW of the L-proline/glycine betaine transport system ProU is shown
in a neighbor-joining tree. The ProW1-ProW4 gene clusters are defined with Table 1. Sequences and gene bank accession
numbers are shown in Supplementary Table S3. Bootstrap values expressed as percentages of 1000 replications are given at
the branches. The bar indicates an evolutionary distance of 0.1. The following color code is used for the different ProW
sequence types.

According to the ProW sequences, at least four distinct types of this transporter can
be distinguished (Figure 3). One separate proVWX gene cluster is related to the E. coli proU
cluster (type ProW1). Another separate proXWV cluster represents a second phylogenetic
group (type ProW2). Phylogenetically distinct is a third group (type ProW3), which has
proXWV genes associated with a cluster of genes for choline-dependent betaine biosynthesis
(betABI-proXWV), e.g., in Rhodosalinus sediminis. A fourth group with a particularly large
ProW sequences (type ProW4) is clearly distant to the first three groups. Finally, a gene
cluster including a YehZ betaine binding protein is especially found in some species
restricted to freshwater habitats (data not shown). In fact, YehZYXW mediated activity in E.
coli was inhibited at increased salinity and it was concluded that this transport system is not
relevant to osmotic protection [50]. A branch of sequences of ProW of this type of transport
system is distantly related to the four others and includes sequences of the E. coli YehW
(data not shown). This was not considered in the phylogenetic tree of ProW sequences
(Figure 3). In this tree of selected ProW sequences, the presence of several sequence types
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is demonstrated in Rhodobacter veldkampii (types W2, W3, W4), Rhodobaca barguzinensis
(types W2, W3), Roseovarius halotolerans (types W1, W3, W4), and others. Though sequence
variations might suggest possible differences in catalytic properties, gene regulation or
substrate specificities between the 4 types of ProU transport systems, these are yet to be
demonstrated in future studies.

Common to most marine and halophilic phototrophic bacteria, no matter whether
they synthesize betaine or ectoine, is the BetT secondary transporter, which is known as a
specific choline transport system in E. coli, but is shown to specifically transport betaine in
Aphanothece halophytica [18].

Another secondary transporter for glycine betaine, OpuD, is found in the freshwater
Betaproteobacteria Rhodoferax fermentans and Rubrivivax gelatinosus, as only a transport
system for betaine.Whereas, it is present in the marine Caenispirillum salinarum as well as in
the extreme halophilic Halorhodospira species, both of which synthesize betaine and ectoine,
(not in Hlr. neutriphila) together with BetT and ProU (type W1) (not in Hlr. halochloris).
The only species of Ectothiorhodospira that encodes OpuD is Ectothiorhodospira haloalkaliphila.

The ABC transporter OpuA was found together with BetT in a small group of ma-
rine Chromatiaceae producing betaine (Thiocapsa, Thiocystis, Marichromatium, Imhoffiella,
and Thiorhodococcus species), and also in all Ectothiorhodospira species. In all of these latter
species, betT clusters with the opuA genes (betT-opuAA,AB,AC) and in a few Chromatiaceae,
a copy of betT also specifically associates with the opuAC gene (Table 3). In a few cases,
a chimera of the proU and opuA genes occur. In marine Prosthecochloris vibrioformis, this is
proVopuAB,AC, in Rhodovibrio salinarum and also in two Chromatiaceae (Rhabdochromatium
marinum and Thiorhodovibrio winogradskyi) this is proVWopuAC. Furthermore, a chimera
between opuC and proU (opuCB-proXV) is annotated in the Roseiflexus species.

3.6. Evolutionary Considerations

From an evolutionary point of view, the primary adaptation to high solute concentra-
tions clearly requires a biosynthesis of compatible solutes. Already in the early prokaryote
era the ability for biosynthesis and accumulation of organic solutes was a prerequisite
for archaic eubacteria to conquer saline and hypersaline environments. Inorganic ions
and common simple organic metabolites might have allowed a basic osmotic adaptation
in freshwater and marine bacteria. Potassium very likely is a suitable candidate and is
responsible for a kind of basic osmotic adaptation in many bacteria in which it accumulates
together with glutamic acid, and thereby contributes to the overall osmotic balance [7].
In the extremely halophilic Archaea, the Halobacteria, it is even the primary osmolyte and
accumulates to several molar concentrations [51,52]. In freshwater bacteria such as E. coli,
its uptake or release makes possible rapid responses to small changes in osmotic conditions.
For osmotic adaptation of marine and halophilic eubacteria, however, it is not important.

In marine eubacteria, a number of non-charged neutral organic molecules contribute
to different degrees in achieving osmotic balance. As was shown for Cyanobacteria, the de-
gree of salt tolerance depends on the kind of osmolytes that are accumulated. Only limited
osmotic adaptation to lower ranges of salt concentrations is possible by carbon compounds
such as sugars (sucrose, trehalose), glucosylglycerol, and others [1,6,7,11–13]. The ad-
vantage of accumulating these compounds is the comparable cheap biosynthesis and
the absence of nitrogen as one of the most severe limiting elements in the environment.
The disadvantage is their comparatively low compatibility or solubility. For example,
trehalose has a solubility of approximately 2 M, ectoine of 3.87 M, and glycine betaine of
13.6 M. The extreme compatibility of betaine, which goes hand in hand with its excellent
solubility, and the almost perfect ability to protect macromolecules against denaturation
even at very high concentrations, make betaine the top compatible solute. The excellent
osmotic protection of betaine is also reflected in the finding, that the phototrophic bacteria
that have most successfully adapted to extremely high salt concentrations accumulate
betaine as compatible solute through de novo biosynthesis from glycine. In fact, a striking
dependence on betaine synthesis for adaption, to live in extreme and even moderate salt
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concentrations as found in this study, points out that the kind of osmolytes accumulated
in a critical way determine the success of salt adaptation. Therefore, the establishment
of betaine biosynthesis is expected to represent an evolutionary breakthrough in osmotic
adaptation of eubacteria to high salt concentrations, and is considered to be a prerequisite
to conquer highly saline environments.

Nonetheless, the synthesis and accumulation of high concentrations of betaine is
a costly process. Though glycine, the immediate biosynthetic precursor of betaine, is a
common intermediate of central metabolic processes and can be transformed to betaine
with a few enzymatic steps, the three methylation steps have a high energy demand.
Additionally, the accumulation of several molar concentrations can be easily limited by the
availability of nitrogen. Therefore, bacteria that have no shortage in energy and nitrogen
supply, such as phototrophic bacteria, which use sunlight as an energy source and are
capable of fixing dinitrogen, are likely to be the first and also to be the most successful in
conquering highly saline habitats. In fact, mass developments of phototrophic bacteria
regularly occur in salt and soda lakes, as well as in coastal lagoons, and cause colored
blooms [1,7,53–55].

Compared to betaine, the accumulation of ectoine has two major and significant dis-
advantages. The physiological disadvantage of ectoine is its low solubility compared to
betaine, which limits its accumulation and protective action at hypersaline salt concen-
trations. Its ecological disadvantage is the content of 2 nitrogen atoms in the molecule,
which doubles the requirement for nitrogen compared to betaine. This restricts accumu-
lation to environments with a high content of combined nitrogen compounds, unless
nitrogen can be supplied by nitrogen fixation. In this case, the energy requirement for
osmotic adaptation is further increased, because twice as much nitrogen has to be fixed,
compared to betaine synthesis. Phylogenetically, it appears as a late event compared to
betaine biosynthesis. The most deeply branching points within both type-1 and type-2
EctB sequences are those of the Gammaproteobacteria, forming one branch in the type-1
group and two branches in the type-2 group. Quite remarkably, also the structure of the ect
gene cluster is much more variable in Gammaproteobacteria compared to other groups.
In addition to the ectABC genes, either ectD or ask_ect or ectR, or combinations thereof might
be present, but might not be part of the gene cluster (Table 3). Therefore, it is assumed that
the two types of EctB sequences have their origin in ancestors of the Gammaproteobacteria,
which might also represent the most ancient ectoine producers. Both phylogenetic lineages
might have separated early and given rise to the two independent major branches. Today,
the two most prominent and best studied representatives of the two branches that have
evolved are found in the Gammaproteobacteria: Halorhodospira halochloris (type-1) and
Halomonas elongata (type-2). Among phototrophic bacteria, ectoine biosynthesis is restricted
to a few distinct groups, with representatives of Gammaproteobacteria (Halorhodospira species)
and Alphaproteobacteria (Rhodobacterales and Rhodospirillales).

4. Conclusions

The comprehensive analysis of more than 130 genomes of phototrophic bacteria gives
insight into their ability to synthesize the compatible solutes betaine and ectoine, and to
take up these compounds. The potential to accumulate these compatible solutes and
the kind of solute accumulated, clearly define the range of salt concentrations and the
habitats where these bacteria can develop. The data suggest that betaine is the primary
compatible solute at high salt concentrations and the most ancient one in evolutionary
terms. All halophilic phototrophic bacteria rely on betaine synthesis, and only few of them
have additional options of ectoine biosynthesis, or betaine synthesis from choline. Ectoine
synthesis as a sole compatible solute is only found in some marine bacteria, in particular
Rhodobacteraceae and the acidiphilic Acidiphilum species. This is in accord with its potential
to achieve osmotic protection in moderately halotolerant marine bacteria. As information
on the presence of choline in marine and hypersaline habitats is missing, it is unclear
whether the transformation of choline to betaine is of relevance for osmotic adaptation in

110



Microorg 2021, 9, 46

these environments. Only few marine species of the Rhizobiales, exclusively rely on this
pathway, but in addition have several transport systems (betT, ProU) to take up betaine
and ectoine from the environment. Therefore, these bacteria are more limited than others
to adapt to marine salt concentrations, and their occurrence is restricted to habitats where
appropriate solutes are available.

The possibility to take up and accumulate compatible solutes or their precursors from
the environment and also from the culture media, was been largely neglected in previous
studies on salt relations of marine and halophilic species. In order to consider osmotic
adaptation in an ecological context and to characterize salt relations of individual species,
the potential of uptake needs to be considered. In complex microbial communities such a
microbial mats, the study of synthesis, release and uptake at the community level would be
rewarding and would shed light on possible complex syntrophic interactions based on the
exchange of compatible solutes between members of the community. In view of the variety
and the presence of multiple transport systems in several species, characterization of their
catalytic properties and regulation is necessary to identify their functional roles. Quite
rewarding from both an evolutionary point of view and from a functional context, should
be the analysis of chimeric transport systems as they occur in Prosthecochloris vibrioformis
(proVopuAB,AC) and in the Roseiflexus species (opuCBproXV).

Despite the fact that synthesis and accumulation of betaine is common to all known
halophilic phototrophic bacteria, there is a considerable variation in gene arrangement and
formation of gene clusters. In addition, fused GMT-DMT genes occur in some groups of the
studied bacteria and a second type called the B-type of GMT sequences is found in several
species. The phylogeny of the biosynthesis pathway (of GMT), suggests that the roots are
manifested early in bacterial evolution and are most likely before diversification of bacteria
as we know today. The recognition of two major phylogenetic branches of Cyanobacteria
and their relations to others suggests that they represent one of the most ancient betaine-
producing bacterial phyla and betaine biosynthesis and might have originated in one of
their early ancestor. In another very ancient phylum of phototrophic bacteria, the Chlorobi
(green sulfur bacteria), betaine biosynthesis was found only in Chloroherpeton thalassium.
This is one of the most ancient representatives of green sulfur bacteria that is known and
the deeply rooted branch of its GMT sequence points out that it might represent one of the
most ancient betaine producers as well. Other green sulfur bacteria such as the Chlorobium
and Chlorobaculum species and their relatives might have lost the capability of betaine
synthesis during adaptation to freshwater habitats. Most remarkable is the occurrence of
B-type GMT sequences, which are phylogenetically distant to all other GMT sequences,
and might represent a much older system of betaine biosynthesis. Such a GMT gene is
included in a gene cluster for betaine biosynthesis only in the Rhodovibrio species. Therefore,
studies of betaine biosynthesis of the Rhodovibrio species should be quite rewarding.

In addition to these few examples, data are presented form a comprehensive basis for
more detailed studies on osmotic adaptation of phototrophic bacteria.
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Abstract: Aerobic anoxygenic phototrophs have been isolated from a rich variety of environments
including marine ecosystems, freshwater and meromictic lakes, hypersaline springs, and biological
soil crusts, all in the hopes of understanding their ecological niche. Over 100 isolates were chosen for
this study, representing 44 species from 27 genera. Interactions with Fe3+ and other metal(loid) cations
such as Mg2+, V3+, Mn2+, Co2+, Ni2+, Cu2+, Zn2+, Se4+ and Te2+ were tested using a chromeazurol S
assay to detect siderophore or metallophore production, respectively. Representatives from 20 species
in 14 genera of α-Proteobacteria, or 30% of strains, produced highly diffusible siderophores that could
bind one or more metal(loid)s, with activity strength as follows: Fe > Zn > V > Te > Cu > Mn > Mg >
Se > Ni > Co. In addition, γ-proteobacterial Chromocurvus halotolerans, strain EG19 excreted a brown
compound into growth medium, which was purified and confirmed to act as a siderophore. It had
an approximate size of ~341 Da and drew similarities to the siderophore rhodotorulic acid, a member
of the hydroxamate group, previously found only among yeasts. This study is the first to discover
siderophore production to be widespread among the aerobic anoxygenic phototrophs, which may be
another key method of metal(loid) chelation and potential detoxification within their environments.

Keywords: aerobic anoxygenic phototrophs; siderophore; metallophore; CAS assay; Chromocurvus
halotolerans strain EG19

1. Introduction

Iron (Fe) is an essential element for life. In microorganisms, it is used as a co-factor for
enzymatic processes, such as in electron transfer during respiration and photosynthesis,
nucleic acid or chlorophyll synthesis, nitrate reduction, nitrogen fixation and detoxification
of oxygen radicals [1–3]. The use of Fe in bacteriochlorophyll (BChl) synthesis and the pro-
cess of photophosphorylation makes it particularly important to phototrophic organisms.
Aerobic anoxygenic phototrophs (AAP) are one such physiological group that uses photo-
synthesis in oxic conditions as an additional energy source to respiration [4]. They make
up a significant proportion of many bacterial communities from a host of environments [5],
and therefore likely require a substantial Fe uptake. In addition, Fe may be crucial to protect
the cells from oxidative stress due to singlet oxygen formation during BChl a synthesis.
While necessary for metabolism, biologically active Fe is typically quite sparse in nature
as its soluble level is very low at soil and water surfaces [2]. In response to this limitation,
both bacteria and fungi have developed siderophores to compete for the available Fe [6].
Siderophores, aptly named from the Greek root representing “iron-bearing” [7], are low
weight molecules (no more than 1500–2000 Da and generally lower than 1000 Da) with a
high-affinity for Fe [2,3,8–10]. The molecules are often short polypeptides with modified
or D-amino acids [2,9,11]. They can also be made from dicarboxylic acids and diamine
or amino alcohols, linked by amide and ester bonds. These building blocks retain some
characteristics of amino acids [2]. Siderophores can be classified into two main functional
groups. The first is the hydroxamate group, which involves hydroxamic acid and is pro-
duced by both fungi and bacteria. Second is the catechol group, compounds of which
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contain catechol rings and are only produced by bacteria [6,9,10]. Smaller groups such as
the hydroxyacids and the α-hydroxy carboxylates are only rarely used by bacteria [9,10].
Usually, siderophores are synthesized and secreted by cells under iron-deplete growth
conditions [8]. Once bound to iron, the complex is taken up by the cells in a substrate
specific process [2].

While the main purpose of siderophores is Fe acquisition, they may also play some
additional roles. In Pseudomonas aeruginosa, pyoverdine controls virulence factor pro-
duction [12]. Escherichia coli can be protected from oxidative stress by the catechol type
siderophore enterobactin [13]. Pyochelin in P. aeruginosa has a toxic effect on eukaryotic
cells, possibly aiding in the bacterium’s virulence [13]. Watasemycins, sideromycins, ox-
achelin and fusigen have antibacterial activity, which may aid in community competition
by preventing other populations from growing [13]. Additionally, siderophores have been
shown to bind more than one metal [3,14], including some that have higher affinity for Cu
or Zn rather than Fe [15,16]. This broad-spectrum activity has required the classification
“metallophore” [17,18], which is a term used for secondary metabolites capable of binding
a range of metal(loid) cations. When a metallophore would have a specific metal affinity, it
would have a sub-categorical name, where siderophore is for Fe-binding, chalkophore for
Cu, or zincophore for Zn, all named when discovered.

This concept, of metallophores capable of capturing multiple metal cations has im-
plicated usefulness in toxic heavy metal tolerances. Particularly in extreme environments,
where metals can be present at elevated concentrations that inhibit a variety of life [19,20].
Many metal ions can diffuse freely through the cellular membrane, which is inhibited if
the metal is bound to a siderophore that is too large to move without active transport.
Furthermore, membrane receptors specific to siderophore-iron complexes can differentiate
between those containing substitute cations, causing the cell to reject the alternative metal-
containing siderophore. The reduction of free metal concentrations in proximity of the
bacterium and decreased passive diffusion of unwanted metals into the cell will lower their
overall toxic effect [3]. This could be a compelling concept, as AAP possess very high levels
of resistance to toxic heavy metal(loid) oxides [21]. While internal enzymatic reduction
takes place [22], the external production of siderophores may provide an additional layer
of defense. Additionally, as mentioned above, the siderophores’ ability to reduce reactive
oxygen species could help AAP as they need protection against oxidative stress due to
their aerobic production of BChl a.

Chromocurvus halotolerans EG19, is a γ-proteobacterial AAP that was isolated during
the spring of 2002 from floating microbial mats within the East German Creek System,
Manitoba, Canada [23]. As this is a landlocked hypersaline spring system, it likely contains
highly endemic communities of microorganisms that have not been mixed with or affected
by allochthonous populations [23]. EG19 forms motile, short rod or longer curved rod-
shaped, orange-pink bacteria. When grown with complex carbon sources, EG19 produces
a brown pigmented hydrophilic compound, which is excreted into the growth medium.
While a similar phenomenon had never been reported in other AAP, it was hypothesized
that the compound could be a siderophore [24], as ferric bound siderophores can be visually
yellow-brown or red-brown [25]. Our study confirms the identity of this extracellular
product and describes it as the first siderophore discovered in an AAP. Other AAP from a
vast array of environments that do not pigment growth medium were also tested for their
production of siderophores, as most of these metal chelating small molecules are colourless,
and synthesis is therefore possible.

2. Materials and Methods

2.1. Bacterial Strains and Growth Conditions

For this study, 101 strains of AAP originating from an assortment of environments,
as well as phylogenetically diverse throughout numerous proteobacterial clades were
selected from Dr. Vladimir Yurkov’s vast collection. A complete list of chosen strains,
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original source of isolation, relatedness to type species, and 16S rRNA partial gene sequence
accession numbers are listed in Tables A1 and A2.

Freshwater AAP were cultivated on rich organic (RO) medium as described [26], with
one minor modification. Bactopeptone was reduced to 0.5 g/L and casamino acids were
supplemented at 0.5 g/L, which provided a larger variety of complex nutrients. Marine
AAP requiring salt were propagated on RO medium described above supplemented with
2% NaCl. AAP originally isolated from the East German Creek System, Manitoba, Canada,
were grown using medium A (MA) [23]. Those isolated from biological soil crusts of Sandy
Lands Forest and Spruce Woods National Park were cultured on Biological Soil Crust
Medium A or B (BSCA or BSCB) [27]. Strains from meromictic Mahoney Lake in British
Columbia, Canada were grown on N1 medium [28].

In addition to bacterial isolates formerly described elsewhere, some of those chosen for
siderophore testing had not been previously published. AAP isolated from the meromictic
Blue Lake in British Columbia, Canada, were cultured using a Blue Lake medium (BLM)
containing (g/L): MgSO4, 0.5; NH4Cl, 0.3; KH2PO4, 0.3; KCl, 0.3; CaCl2, 0.05; NaCl, 12.0;
NaHCO3, 0.5; Na-acetate, 1.0; malic acid, 1.0; yeast extract, 1.0; bactopeptone, 0.5; with
vitamins and trace elements solutions, 2.0 mL each; autoclaved at pH 5.9 and then adjusted
after autoclaving to pH 7.5 with 0.5 N NaOH.

Furthermore, several AAP had been recovered from the freshwaters of Lake Winnipeg
whilst the habitat was under study [29,30]. Specifically, in the spring of 2017, strain AJ72
was collected at Grand Beach from littoral water, AM19, AM27 and AM91 were from littoral
sediment of Victoria Beach. During that summer, BA23 and BE100 were isolated at limnetic
sites S1 and S5, respectively, while BL67 and BK61 originated within the littoral water and
sediment of Grand Beach and Victoria Beach, respectively. Fall samples of Grand Beach
sediment contained CK155 and CK182, while Victoria Beach littoral waters revealed isolate
CL63. All were purified on the slightly modified freshwater RO medium as described.

2.2. Iron Chelating Chromeazurol S Assay

Every chosen strain was grown on 2% agar plates containing their specific growth
medium supplemented with the dye chromeazurol S (CAS), which turns blue when bound
to Fe and reverts to yellow/orange being released [31]. To make media, 60.5 mg CAS were
dissolved in 50 mL ddH2O, then mixed with 10 mL of an iron solution containing 1 mM
FeCl3 and 10 mM HCl. HDTMA (72.9 mg) was dissolved in 40 mL ddH2O prior to mixing
with the CAS/iron solution, bringing the total volume to 100 mL. Separately, 900 mL of
each growth medium (MA, RO, RO 2% NaCl, BSCA, or BLM) were prepared without the
addition of iron, but with the correct amount of components for 1 L, as that would be
the final volume of medium after combining with CAS/iron solution. Media were then
autoclaved at pH 5.9, separate from the CAS mixture. After autoclaving, each medium was
adjusted to pH 6.8 and the CAS solution was added. Agar plates would turn blue when
solidified. If measurements of ingredients were not exact or added in an incorrect order,
CAS would precipitate out of solution and plates with pH higher than 6.8 would appear
green instead of blue. CAS plates were heavily inoculated with each strain, and streaked to
achieve isolated colonies after 5 days of growth at 28 ◦C in the dark.

2.3. Variant Cation Chromeazurol S Assay

Due to the principle chemistry behind the siderophore assay [31], which used nega-
tively charged CAS dye that would weakly bind the cation Fe3+, we decided to replace Fe3+

with different metal(loid) cations, including Mg2+, V3+, Mn2+, Co2+, Ni2+, Cu2+, Zn2+, Se4+

and Te2+. Microbial growth with an aura of colour change in medium from blue to yellow
hue would signify that microbially produced siderophore could bind the substituted cation,
causing the released dye to revert to its yellow colour. These variant cation CAS plates were
successfully created as explained in the previous section, cured to diverse shades of blue
dependent on the metal(loid), and were screened for metallophore production identically
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as in the Fe-chelation CAS assay. All cations were purchased from Sigma Aldrich, USA as
chloride salts, which were soluble once acidified as described.

2.4. Phylogeny

To assess the phylogenetic position, 16S rRNA gene sequences were either acquired
from previously published sources, or newly sequenced in this study. A list of acces-
sion numbers to partial 16S rRNA gene sequences attained from public repositories was
provided in Tables A1 and A2. From unsequenced strains, DNA was extracted via the
phenol chloroform method [32], and sequenced using Sanger technique [33]. Primer set 27F
and 1492R, 5′-AGAGTTTGATCCTGGCTCAG-3′ and 5′-GGTTACCTTGTTACGACTT-3′,
respectively, was used to achieve a total contiguous 16S rRNA gene sequence length of
>1400 bp per strain. New sequences of 16S rRNA genes from previously unidentified AAP
strains were deposited to GenBank under accession numbers (MW970346–MW970408)
as listed in Tables A1 and A2. Genetic relation of 16S rRNA gene sequences acquired
from each AAP isolate were compared to the archived sequences of type species using the
web-based software Basic Local Alignment Search Tool, BLAST [34]. Phylogenetic trees
were constructed via MEGA X software [35] with 1000 bootstraps [36], using Maximum
Likelihood method to align all AAP 16S rRNA gene sequences to one another based on the
General Time Reversible model [37]. Initial tree(s) for the heuristic search were obtained
automatically by applying Neighbor-Join and BioNJ algorithms to a matrix of pairwise
distances estimated using the Maximum Composite Likelihood (MCL) approach, and then
selecting the topology with superior log likelihood value.

2.5. Siderophore Isolation and Concentration from C. halotolerans

Strain EG19 was grown at 28 ◦C on MA agarized (2%) plates in the dark for 5
days. Pink-purple colonies developed with brown hue dispersed in agarized medium
(Figure 1A), which corresponded to zone of clearing on Fe-Chromeazurol S Assay (Figure 1B).
To obtain liquid cultures, EG19 was inoculated at 5% in Fe-free MA and grown for 5
days at 28 ◦C shaking at 200 rpm in the dark. Fe-free MA was prepared as described in
Chromeazurol S Assay, excluding Fe from the trace element solution. In addition, after all
components were added, 5 g/L of Chelex resin enclosed in dializing tubing was placed
in the medium for 1 h prior to autoclaving. This step allowed the Chelex resin to remove
traces of Fe introduced through the complex nutrients such as yeast extract, bactopeptone
and casamino acids [38].

After the cultivation of C. halotolerans, Fe-free medium became dark brown. The pink-
purple cells were pelleted in ~450 mL bottles at 10,000 rpm for 30 min using a Beckman
J2HS centrifuge and a JA-10 rotor (Figure 1C). Siderophore containing supernatant was
collected and 1.25 L was transferred into 2 L Erlenmeyer flasks (Figure 1D) to freeze
overnight at −20 ◦C. Highly concentrated dark brown-pigmented high-salt slurry was
formed predominantly on top of ice, while the lower part of ice was close to colourless.
The flask with frozen material was removed from freezer and allowed to defrost at room
temperature inserted upside down in a new collection beaker. Thawed supernatant was
fractioned into 250 mL batches, with concentrated siderophore thawed and collected first,
leaving frozen medium behind (Figure 1D), both observable visually (Figure 1E), and from
the absorbance spectrum (Figure 1F).

A batch-type method of siderophore purification was used in this study [39]. Here,
the combined freeze-concentrated samples were adjusted to pH 6.0 and XAD 7-HP resin
was added (20 g resin per L of supernatant). This slurry was shaken at 200 rpm for 1 h on a
rotary shaker and then filtered through a glass Millipore filter funnel that would collect
resin, but allow supernatant to easily flow through. Concentrated siderophore required
several extractions with resin to remove all pigment from supernatant. Siderophore-bound-
resin (now brown in colour) was thoroughly washed with ddH2O to remove all residual
salts and other soluble contaminants. Vacuum assisted drying using Millipore system
was performed, ddH2O discarded, and the cleaned siderophore-bound-resin was soaked
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in methanol for 30 min to release the siderophore. Pigmented methanol was collected,
and resin was soaked once more using the same batch of solvent for additional extraction.
Methanol extracts were combined and then evaporated to dryness. The resulting dark
brown powder was the presumed highly concentrated siderophore, and kept at −20 ◦C
until further testing. Unbound-resin was washed with methanol, then soaked with ddH2O
prior to reuse.

Figure 1. Extraction and concentration of brown pigment excreted by C. halotolerans. (A) Strain EG19 released a brown
pigment into MA medium. (B) Fe-CAS plate with siderophore production by EG19. (C) Pelleted cells under supernatant.
(D) Pigment concentrated with freezing-out technique. (E) Collected fractions during thawing with concentrated pigment
released first. (F) Absorbance spectrum of each fraction.

2.6. Purification and Fe-Chelation of Siderophore from C. halotolerans

Concentrated siderophore powder from resin purification was resuspended in ddH2O
(10 mg in 50 μL), and decimally diluted up to 10−3. In addition, a solution containing 5 mg
of concentrate in 100 μL ddH2O was filtered through an Amicon® Ultra 0.5 mL 3000 Da spin
column manufactured by Millipore Ireland, which removed any contaminating proteins
over that size. This filtered concentrate was also decimally diluted up to 10−2. Once the
dilutions were made, 10 μL of each sample, and an aliquot of freeze–thawed concentrate,
were individually mixed with 10 μL of loading buffer, prior to filling into the wells of
a Mini-Protean tris-tricine gel, 16.5% from Bio-Rad, Hercules, CA, USA. Loading buffer
contained 200 mM tris-HCl, pH 6.8, 2% SDS, 40% glycerol and 0.04% Coomassie Brilliant
Blue G-250 (CBB) from Bio-Rad, USA. Running buffer was made up of 1 M tris, 1 M tricine
and 1% SDS at pH 8.3. Wells were 30 μL, filled with 20 μL of sample (10 μL of sample,
10 μL of loading buffer). Protein ladder was a C6210—color marker ultra-low range (M.W.
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1060–26,600) from Sigma-Aldritch, St. Louis, MO, USA. Gel electrophoresis was run at
100 volts for 1 h prior to being stained in a CBB solution (1 g of CBB dissolved in 1 L of
[50% MeOH, 10% glacial acetic acid, 40% H2O]). The gel was then destained with a mixture
containing 5% acetic acid and 20% MeOH overnight.

Fe chelation was tested with the concentrated siderophore powder from the resin
concentration step, the brown pigment filter-purified below 3 kDa, as well as with a sample
from the remaining proteins that were >3 kDa from the spin filtration procedure. Each
fraction was solubilized, where 10 mg of dried pigment was dissolved in 500 μL of 60%
MeOH, prior to applying each solution into a blank diffusion disk, manufactured by Oxoid
in the UK, allowing it to become dry and concentrated within the disk. These were then
placed on a Fe-CAS plate and left to react with chromeazurol S overnight.

3. Results

3.1. Bacterial Growth and Fe-CAS-Plate Reactions

Comparative phenotypic analysis was achieved by allowing each strain to develop for
5 days on their respective agarized media under conditions that promoted the best growth.
This elapsed time ensured stationary phase was reached for each representative, which
resulted in the formation of sufficient colonies for analysis. Triplicate CAS-supplemented
and CAS-free controls were simultaneously plated to identify the viability of inoculum.
In all cases, growth occurred on CAS plates, but was marginally reduced in comparison
to controls. Both after 3 and 5 days, the average zone of colour change (blue to yellow)
was recorded, revealing several phenotypic attributes. As some strains grew slower than
others, 5 days’ period was chosen to analyze and compare all simultaneously. We identified
siderophore production based on zone of diffusion/colour change around colonies as
follows (Figure A1): no zone (−), a zone <1 mm around colonies (+), a moderate diffusion
<10 mm (++), and considerable diffusion >10 mm (+++). Fe-chelating CAS reactions after
5 days are listed in Tables 1 and 2, as well as shown in Figure 2 beside each strain name.

3.2. Substitute Cation CAS Assays

Once Fe-chelating siderophore production was confirmed using the standard Fe-CAS
assay, all strains were tested on CAS supplemented agar plates that contained one of 9 other
metal(loid) cations: Mg2+, V3+, Mn2+, Co2+, Ni2+, Cu2+, Zn2+, Se4+ and Te2+. Results for
varied CAS assays are listed along-side Fe2+ data in Tables 1 and 2 using the same zone
distinctions as described. While some strains only produced siderophores that reacted
with Fe2+, others had secondary metabolites capable of chelating additional metal(loid)
cations. Most strains capable of chelating metals other than Fe could also chelate iron,
with the exception of two strains P4 and SS56 (Figure A2), which were found to produce
metallophore capable of acting predominantly on other tested metal(loid)s, rather than Fe.

3.3. Phylogenetic Diversity of Siderophore Producing AAP

Isolates were chosen to represent AAP from a variety of environments as well as
embody a host of phylogenetically diverse species. In this way, the 101 representatives
listed in Tables 1 and 2 were cultivated, and 16S rRNA gene sequences acquired either
from repositories, or decoded in this work. Phylogenetic relation to sequences of known
type strains was determined by BLAST search (Tables A1 and A2). In addition, these
sequences were used to create a phylogenetic tree (Figure 2), that also included some
previously described type species not tested for siderophore production, but were included
as key placeholders of phylogenetic groups. The evolutionary analysis performed on
Mega X using Maximum Likelihood method involved 132 nucleotide sequences and had a
total of 1717 positions in the final data set. The chosen AAP diversely spread throughout
Erythrobacteraceae and Sphingomonadaceae relating to known AAP type species. While some
aligned to reported AAP in Acetobacteraceae, and Rhodobacteraceae, many others aligned to
organisms previously undescribed as AAP within these clades, as well as to some species
within Hyphomonadaceae and Methylobacteraceae.
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Figure 2. Phylogenetic tree of AAP tested for siderophore production. Isolates hailed from α-proteobacterial families
Erythrobacteraceae, Sphingomonadaceae, Acetobacteraceae, Rhodobacteraceae, Hyphomonadaceae and Methylobacteraceae, as well
as a representative within the γ- subclass of Proteobacteria (titled sections around circumference of circle). Fe-chelation
siderophore activities are listed between strain names and phylogenetic position. Strain names in bold are confirmed AAP,
red highlighted are not.
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Table 1. Freshwater and saline AAP analyzed for metal(loid)-chelation via CAS assays with varied cations.

Environment Strain Medium Mg V Mn Fe Co Ni Cu Zn Se Te

Hot spring, Kamchatka
Isl.

KR99T RO ++ +++ ++ +++ ++ ++ ++ +++ ++ +++

Warm temperature
spring, Baikal Lake,

Russia

E1 RO − − + ++ + + − − − −
E4(1) RO − − − ++ − − − − − +
E5T RO − − − + − − − − − +

RB3T RO − − ++ ++ − ++ + + + +
RB16-17T RO − − − + − − + − − −

T4T RO-NaCl + + + − + + − − + +

Deep Ocean, Juan De
Fuca Ridge, Pacific

Ocean

JF1T RO-NaCl + + + + + + + + + +
C6 RO-NaCl + + + + + + + + + +
C7 RO-NaCl + + + + − + + + + +
C8 RO-NaCl + + + + − + + + + +

C14 RO-NaCl + + + + − + + + + +
C23 RO-NaCl − + + + + + + + + +
C26 RO-NaCl + + + + + + + + + +
N25 RO-NaCl + + + + + + + + + +
N34 RO-NaCl + + + + + + + + + +
N48 RO-NaCl + + + + + + + + + +
N56 RO-NaCl + + + + + + + + + +
N78 RO-NaCl + + + + + + + + + +

Rag Beach sediment,
BC, Canada

15-SB RO-NaCl + − + + − − + + + +
23-SB RO-NaCl + − + + + + − + − −

Central Gold Mine, MB,
Canada

C4 RO − + + + + + + + − +
C9 RO − + − + + − + + − +
C11 RO − + − + − − + + − −

NM4.16 RO − + + ++ + + + + − +
NM4.18 RO ++ + + ++ ++ ++ ++ + ++ ++

Lake Winnipeg, MB,
Canada

AJ 72 RO − + + +++ + + + ++ − +
AM 19 RO − + − +++ − − − ++ − −
AM 27 RO − − − ++ − − − + − −
AM 91 RO − − − - − − − − − −
BA 23 RO + ++ ++ ++ ++ + ++ ++ ++ ++
BC 100 RO − − − ++ + − − − − −
BE 100 RO ++ ++ ++ +++ ++ ++ ++ ++ ++ +
BK 61 RO + + + +++ + − + ++ + −
BL 67 RO − − − − + − − − − −

CK 155 RO − − − ++ − − − − − −
CK 182 RO − − − − − − − − − −
CL 63 RO + ++ ++ ++ ++ ++ ++ ++ ++ ++
CN8 RO + ++ + ++ + + − ++ ++ +

GM14 RO ++ ++ ++ +++ ++ + − ++ ++ +

Zebra mussels, Lake
Winnipeg, MB, Canada

Z1 RO − − − + − − − − − −
Z2 RO − − − − − − − − − −
Z5 RO − − − − − − − − − −
Z6 RO + − + − + + − − + −
Z7 RO + − − − − − − − − −

Z24 RO − − − ++ − − − + - −
Z27 RO + + + ++ − − − ++ + ++
Z39 RO − − + ++ + − − + − −
Z59 RO + − + + − + − − + −
Z68 RO − ++ − ++ − + − ++ − +
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Table 2. Meromictic lake, saline spring and biological soil crust AAP analyzed for metal(oid)-chelation via CAS assays with
varied cations.

Environment Strain Medium Mg V Mn Fe Co Ni Cu Zn Se Te

Mahoney Lake, BC,
Canada

ML1 N1 − + − + − − + + − +
ML3 N1 − + − + − − + + − +

ML4T N1 − + − + − − + + − +
ML6T N1 + + + + − − + + − +
ML10 N1 − + − + − − + + − +
ML14 N1 − + − + − − + + − +
ML19 N1 + + + + + − + + + +
ML20 N1 − + − + − − + + − +
ML21 N1 − + − + − − + + − +
ML22 N1 − + + + − − + + − +
ML30 N1 + + − + − − + + + +
ML35 N1 − + − + − − + + − +
ML36 N1 + + + + + − + + + +
ML37 N1 − + + + − − + + − +
ML42 N1 + + + + + + + + + +
ML45 N1 + + + + − + + + + +

Blue Lake, BC, Canada

BL1 BLM + + + + + + + + + +
BL4 BLM − + − + − − + + − +
BL5 BLM + + + + + + + + + +
BL7 BLM + + + − + + + − + +
BL8 BLM + + + + + + + + + +
BL9 BLM + + + + + + + + + +
BL11 BLM + + + − + + + + + +
BL14 BLM + + + − + + + + + +
BL17 BLM + + + + + + + + + +
BL22 BLM + − + − + + + − + +

East German Creek
System, MB, Canada

EG1 MA − + − + − − + + − +
EG2 MA + + + + − − + + − +
EG3 MA − - − + − − − − − −
EG4 MA − + − + − − + + − +
EG5 MA − + + + − − + + − +
EG6 MA − + − + − − + + − +
EG7 MA − + + + − − + + − +
EG8 MA − + − + + − + + + +
EG9 MA − + − + − − + + − +
EG10 MA − + − + − − + + + +
EG11 MA − + − + − − + + − +
EG13 MA − + − + − − + + − +
EG15 MA − + − + + − + + − +

EG17T MA + + + + + + + + − +
EG19T MA + + + ++ − + + ++ + +

Sandy Lands Forest soil
crust, MB, Canada

SS56 BSCA ++ ++ ++ + ++ ++ ++ ++ ++ ++
SS63 BSCA ++ +++ ++ +++ ++ +++ +++ +++ +++ +++

SS335 BSCA +++ +++ +++ +++ ++ ++ +++ ++ ++ +++

Spruce Woods National
Park soil crust, MB,

Canada

J01 BSCA +++ ++ +++ +++ + ++ ++ ++ + ++
J05 BSCA + + + ++ − − + + − +
P4 BSCB ++ ++ ++ + + + ++ ++ ++ ++

P13 BSCB +++ +++ +++ +++ ++ +++ +++ +++ ++ ++
P40 BSCB ++ ++ ++ ++ + ++ ++ ++ + +

P132 BSCB ++ ++ ++ +++ ++ ++ ++ ++ ++ ++
P233 BSCB − ++ ++ +++ ++ ++ ++ ++ ++ ++
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3.4. C. halotolerans Pigment Purification and Identification

When purified via 16.5% tris-tricine gel electrophoresis, the brown pigment migrated
further than the loading buffer’s running dye, CBB, after 1 h (Figure 3A). This gel-shift
revealed the pigment under study to be smaller than CBB, which has a known molecular
weight of 856.03 g/mol. Since well 1 contained a standard ladder, the measurement of
migration distance for the siderophores’ brown band, and of each protein in the ladder
allowed for the rough estimation of pigment size to be near ~341 Da (Figure S1). Gel staining
and destaining revealed that the siderophore sample collected after resin concentration and
diluted in methanol at 200, 20, 2, and 0.2 μg/mL loaded into wells 2 through 5, respectively,
had some contaminating small proteins as expected (Figure 3B). In addition, samples that
received the subsequent removal of proteins larger than 3 kDa via spin-column were also
run on the same gel. Wells 6 through 8 contained brown pigment, which passed through the
<3 kDa spin column and then diluted in 60% methanol to 100, 10, and 1 μg/mL, respectively.
This step purified the brown pigment of any contaminating proteins (Figure 3A,B). Often,
small molecules below 1 kDa are lost from the gel during destaining step [40], which likely
caused the small brown pigment to escape similarly to CBB, (Figure 3B). Regardless, testing
the crude dried pigment (Disk 1), as well as fractions <3 kDa and >3 kDa (Disks 2 and 3),
confirmed the smaller fraction containing brown pigment acted as a siderophore, while
the larger proteins did not (Figure 3C). Since the <3 kDa fraction had no contaminants
(Figure 3B), but contained the brown pigment prior to destaining (Figure 3A), the small
~341 Da molecule produced by C. halotolerans acted as a siderophore.

Figure 3. Gel purification of C. halotolerans brown pigment, and confirmation of siderophore activity. (A) Unstained and (B)
stained tris-tricine gel electrophoresis performed on: siderophore from resin concentration, wells 2–5; siderophore sample
smaller than 3 kDa, wells 6–8; proteins larger than 3 kDa and remaining in solution well 9; standard ladder, wells 1 and 10.
(C) Siderophore activity observed for: (1) Crude resin extract positive reaction visible as yellowing area; (2) <3 kDa dark
brown fraction produced positive yellowing reaction; (3) Proteins >3 kDa negative results observed as darkening of blue
due to alkaline pH, without siderophore activity present.
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4. Discussion

4.1. Siderophore Production Revealed by CAS-Assay

While effectively employed for the identification of numerous siderophore producing
bacteria, the CAS assay has a notable limitation; microbial growth may be hindered due to a
few factors [31]. Since the metal cation of interest weakly bound to the dye, it was less freely
diffusible into the bacteria, resulting in lower availability. In addition, the medium needed
to be at pH 6.8 for the indicative colour change to occur successfully. Finally, HDTMA has
been known for its slight bacterial toxicity. If an organism had weak Fe transport, required
a basic or acidic optimal pH, or was sensitive to HDTMA, it would of had reduced growth.
In our experiments, we found that while a range of media compositions could be used, all
AAP did have reduced growth on CAS plates, when compared to control. However, since
growth did indeed occur, siderophore production could therefore be analyzed.

Other, more high-throughput, alternative methods were considered, but the chosen
agarized CAS-assay was most ideal for determining siderophore and metallophore produc-
tion. Recently, a bulk screening assay for siderophore detection was proposed [41]. How-
ever, both the “traditional” and “modified microplate” qualitative techniques described
could not be used for our application, since there was an assumption that siderophores
were always constitutively expressed, whereas cultures were grown in complex media
without manipulating the concentration of any metal of interest. While this may be the
case for some strains, the expression/production of most siderophores or other secondary
metabolites usually requires induction from an external factor, which can be either the
presence or absence of a stimuli [18]. For biologically significant metals, including Fe,
Zn, and Cu, the related cation-specific metallophores are expected to be produced only
under limiting conditions. In opposite, metallophores that act on V, Te, Se, or other more
toxic metal(loid)s are presumably only synthesized when such toxins are present at higher
concentrations. Therefore, growth on agarized plates that contained each metal of interest
pre-bound to CAS-reagent as a stimulant for metallophore production was our chosen
method. Future works are required to test varying concentrations of metal cations to
determine which yields more/less production of specific metallophores.

Regarding the Fe-chelation, a range of phenotypes was observed, when detecting
siderophore activity after the 5-day incubation (Figure A1). In particular, 4 phenotypes were
distinguished among all isolates based on size of clearing/colour change zone. Negative
results (−) had to have bacterial growth, but without a change in medium opacity. The
smallest zone of clearing (+), seen previously after prolonged growth [42], was likely not
due to siderophore production [43]. Rather, this small aura could be due to high rates of
metal uptake from the surrounding medium. Prolonged bacterial metabolism allowed
for increased simple metal diffusion into cells, which reduced its amount in the near-by
medium, rendering the dye in that narrow area void of metal, turning yellow. Hence, there
is a very small <1 mm zone. In comparison, moderate or highly diffusible siderophore
release was quite evident, and was segregated into two phenotypic groups. A zone <10 mm
compared to a zone >10 mm, where each represented less or more diffusible secondary
metabolite, respectfully, and where lower or higher concentrations were produced and
captured additional metal cations. In this test, all 4 zonal varieties for Fe-chelation were
discovered (Tables 1 and 2, and Figure 2).

Modifying the CAS assay to monitor chelation of elements other than Fe2+ included
Mg2+, V3+, Mn2+, Co2+, Ni2+, Cu2+, Zn2+, Se4+ and Te2+ (Figure 4A). The method could
be successfully adapted for all selected metal(loid)s, where only Mn2+, Co2+, Ni2+, Cu2+,
Zn2+ had been proposed previously [44]. In addition, the assay could be used with variable
nutrient and organic carbon concentrations that did not inhibit the activity. Furthermore,
we discovered that a wide range of AAP produced metallophores, which bound a variety of
metal(loid)s in addition to Fe (Tables 1 and 2). Some AAP had siderophores that specifically
bound Fe only, including strains E1, E4(1), RB3, NM416, AM27, CK155, BC100, Z24, Z39,
and J05. Most AAP with highly diffusible siderophores, and >10 mm zones on Fe-CAS
plates, had activity towards a large variety of metal(loid)s. Few strains, including SS56 and
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P4 preferentially bound metal(loid)s other than Fe. Since all 9 additional cations Mg2+, V3+,
Mn2+, Co2+, Ni2+, Cu2+, Zn2+, Se4+ and Te2+ could be bound by metallophores, future work
may consider a broader range of cations and the extent of metals that can be exogenously
chelated. To determine if specific metal(loid)s were more readily chelated than others, all
positive CAS assay results were tallied for each, Figure 4B. Here, multiple +++ represented
strong production or significant interaction, and could be compared to weaker reactions
such as +, or ++. In this way, Fe was the highest cumulative acquired cation, with the
activity ranked as Fe > Zn > V > Te > Cu > Mn > Mg > Se > Ni > Co. It would appear
slight variation in cation size, from Fe (55.85) to Co (58.93), had a strong impact on activity,
where Fe was most frequently captured, and Co the rarest. Indeed, since strongest reactions
existed for Fe and Zn, with less reactivity found for metals in between the sizes of these
two within the periodic table, specific mechanisms likely existed to capture either metal,
inferring cation specificity for each metallophore. Further analysis will be required to see if
the broad range metal(loid) acquisition is due to the production of a single siderophore that
reacts with a variety of metals, or the bacteria produced specific metallophores for each.
AAP metallophore production could be explained by requirement of trace elements and
the need of toxicity prevention. Both Fe and Zn are biologically necessary and commonly
limited or unavailable in dissolved forms, therefore acquisition via specific siderophores
would be an asset. The 3rd and 4th highest captured metal(loid)s were V and Te, which
have known toxic properties, and could have been sequestered as a result of a protection
mechanism alone. Bound to a metallophore, these cations would be too large to freely
diffuse through outer membranes and be restricted from entering the cell, to prevent any
toxic influence. The remaining 6 had reduced activity, likely because they are less toxic
and easier available in microbial environment, and therefore less metallophores could be
expected.

Figure 4. Variant metal(loid)s tested in CAS assay. (A) Chosen elements highlighted in yellow. (B)
Tallied number of positive results from Tables 1 and 2.

4.2. Environmental Distribution of Siderophore Producers

In relation to the origin of isolation a few patterns were observed. Collections of AAP
strains that originated from hot springs, freshwater lakes, and biological soil crusts all
had a high proportion of siderophore producers. In opposition, the isolates from marine,
meromictic lake, and saline spring habitats produced less, or no siderophores. Rather,
they seem to rely on sufficient metal uptake directly from the local microenvironment by
diffusion. The main differentiating factor in this case is the requirement of NaCl. It appears
that AAP capable of halotolerance or halophilic growth do not produce siderophores
of equal activity or quantity as bacteria that do not depend on NaCl for growth. This
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correlation may be due to each strains’ reaction to osmotic pressure. Cells that are adapted
to tolerate higher levels of NaCl will likely have additional cation pumps to survive
naturally and resist the high levels of solutes in a saline environment. As seen elsewhere,
cation pumps can be non-specific, where many are capable of removing several toxic
cations from the cytoplasm of microorganisms [45]. In comparison, freshwater AAP are
comparably less osmophilic, and would therefore have less need of copious cation pumps
in membranes. Therefore, they are more likely to evolve defensive mechanisms that
modify the local environment to suit their needs, including the production of external small
molecules that would render cations less diffusible.

4.3. Phylogenetic Diversity of Fe-Chelating AAP

Comparing phylogenetic diversity and the production of siderophores on CAS plates
by AAP delivered a few notable trends (Figure 2). Broadly, no studied representatives of the
order Rhodobacterales or Hyphomonadaceae had siderophores, as no or <1 mm zone of colour
change was present. The Acetobacteraceae that were in closest relation to known type species
of AAP, strains RB-3T and CK155 had siderophores that only chelated Fe as discussed
above. In comparison, strains P40 and J01 were more genetically distant from known type
species of AAP, and also produced significant zones of clearing, ≥10 mm for all metal(loid)s
tested, signifying their own group. The predominantly strong expression of siderophores
by AAP among the Methylobacteraceae warrant further study as most type species in this
clade have not been previously recognized as phototrophs. Of note, previous research had
found that isolates relating to Methylobacterium mesophilicum and M. extorquens produced
siderophores, but the activity had not been linked to aerobic anoxygenic phototrophy [46].
One clade of AAP which related by 98.7–99.1% 16S rRNA sequence similarity to Bosea
lupini, including strains P13, SS335, and SS63 were all capable of strong production of
metallophores, >10 mm zones for multiple metal(loid)s. In comparison, strains P4 and SS56,
which have 99.6% relation to M. phylloshaerae and 99.6% to M. branchiatum, respectively,
both had stronger reactions against metal(loid)s that were not Fe (Figure A2). This activity
may be explained through the findings of related works, where methanotrophs produced
methanobactin, a chalkophore, which is a Cu specific metallophore [15]. The isolates we
have tested may indeed possess similar mechanisms as they sequester Cu strongly, as well
as Mg, V, Mn, Zn, and Te more favorably than Fe.

Sphingomonadaceae could be separated into 3 groups, as those related to Citromicrobium
did not produce siderophores, Sphingomonas relatives produced some siderophores that
were predominantly Fe specific, while relatives of Blastomonas could produce siderophores
that acted on all metal(loid)s tested. A few Sphingomonas relatives had been previously
found to produce siderophores against Fe [47], but not other metal(loid)s. The Blastomonas/
Erythromonas grouping was of particular interest as most representatives revealed strong
metallophore production against all 10 cations tested. Our results corresponded well with
previous analysis of E. ursincola, strain KR99, which had very high resistance to V, Te, and
Se oxides, internally reducing them to elemental states [48]. Since KR99 can both acquire Se,
Te, and V via metallophore activity (Figure A2), and internally reduce metal(loid) oxides, it
appears to require them in reduced form for some reason. Future study of such associations
will determine if E. ursincola sequesters these cations as a protective measure, or uses them
for some metabolic purpose. In comparison, the Erythrobacteraceae were not as concisely
divided as other families, where those closest to Erythromicrobium had siderophores, but
most Porphyrobacter had very small <1 mm or negligible zones. An exception was strain
BE100, which branched distantly from its nearest relative P. colymbi (Figure 2), and showed
a significant presence of metallophores, ~10 mm zones for all metal(loid)s except Te. Finally,
strain EG19 that hailed from γ- rather than α-Proteobacteria, had moderate siderophore
production for both Fe and Zn, <10 mm. While many siderophores have been discovered
as products of bacteria within the γ -proteobacterial clade (Table S1), none have been
documented as highly pigmented.
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4.4. Analysis of the Brown-Coloured Siderophore

Gel purification of brown pigment produced by C. halotolerans (Figure 3), revealed
that while CBB bound to proteins remained in the gel, both unbound CBB and brown pig-
ment were released during destaining process. Comparing lanes 2–5, the sample prepared
by resin concentration clearly contained brown pigment, but also accumulated proteins
smaller than 26 kDa. The use of the 3 kDa cut off spin column did indeed remove these
contaminants, as shown in lanes 6–8. Since the small brown pigment passed through the
spin column, was purified on gel electrophoresis, and maintained activity on CAS plates,
these tests confirmed that it acted as a siderophore. Furthermore, these procedures estab-
lished the brown compound to clearly be under 800 Da, and approximated to be around
~341 Da when correlated to the ladder during TRIS-tricine gel electrophoresis (Figure S1).
Both the estimated small size and the brown appearance of the siderophore synthesized
by C. halotolerans were useful for its tentative identification. The most comparable small
molecule described in literature was rhodotorulic acid (Table S1), a 344.4 Da siderophore
that was pigmented red when bound to Fe [49]. However, this acid has only been naturally
found in yeasts including Rhodotorula pilimanae, with no known bacterial producers [50].
With that in mind, hydroxamic acids are produced by both bacteria and fungi [51,52], and
therefore similar secondary metabolites can be expected in other species. In addition, the
colour disparity, red compared to orange-brown, may indicate an altered structure among
siderophores produced by R. pilimanae and C. halotolerans, respectively.

Since C. halotolerans hails from the γ-Proteobacteria, comparisons must be drawn be-
tween its siderophore and those produced by other species in the γ-subclass. The most
similar in size was acinetobactin, a 346.4 Da molecule from Acinetobacter baumannii ex-
pressed using the operon containing basABCDEFGHIJ, bauABCDEF and barAB genes [53].
C. halotolerans genome, published within the One Thousand Microbial Genomes Phase
4 (KMG IV) project by the DOE Joint Genome Institute, submitted online in 2019 with
accession number PRJNA520330 [54], contained neither similar genes nor was the operon
present, while using very low homology search. Due to the divergence between C. halo-
tolerans’ pigmented siderophore and A. baumannii’s lack of colour, and the absence of
similar genes, we assume that acinetobactin was not the siderophore of C. halotolerans.
Further structural analysis will be necessary to confirm the structural identity of this novel
compound.

5. Conclusions

We have discovered that many AAP produce siderophores or metallophores as dif-
fusible secondary metabolites. Production could be related to acquisition of metal(loid)s
including magnesium, vanadium, manganese, iron, cobalt, nickel, copper, zinc, selenium
and tellurium, or to provide resistance to toxic metal(loid)s in environments with ele-
vated concentrations. A correlation existed between site of isolation and production of
siderophores, whereas tested freshwater AAP produced siderophores, and AAP that re-
quired NaCl predominantly did not. Furthermore, there could be connection between
phylogeny of isolates and their ability to form siderophores, but as with many phenotypes
to genotype comparisons, it did not appear as a strictly followed rule. With such considera-
tions, siderophore production cannot be recommended as a taxonomic marker for AAP
identification, as variable production types occurred. However, a potential application
exists to use this phenotypic feature during taxonomic differentiation between species. Fu-
ture work will hopefully identify the siderophores, and potential metallophores, produced
by each AAP, and determine the total list of metal cations that can be targeted.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/microorganisms9050959/s1, Figure S1: Determination of siderophore size, Table S1: Siderophores
examples listed from largest to smallest.
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Appendix A

Figure A1. Iron chelating CAS assay after 5 days’ growth. Zones of activity are separated into 4
groups based on range of colour change, as indicated in red by each strain name.

Figure A2. Variant metal(loid) CAS assay after 5 days’ growth for strains P4 and KR99. Growth on
RO without CAS was compared to those CAS plates supplemented with Mg, V, Mn, Fe, Co, Ni, Cu,
Zn, Se, or Te.
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Table A1. Freshwater and saline AAP chosen for siderophore testing.

Environment Strain Medium Most Related Type Species Accession #

Hot spring, Kamchatka
island KR99T RO Erythromonas ursincola NR_119243.1

Warm temperature
spring, Bikal Lake,

Russia

E1 RO 99.6% Porphyrobacter colymbi MW970346
E4(1) RO 99.7% Porphyrobacter donghaensis MW970347
E5T RO Erythromicrobium ramosum NR_041891.1

RB3T RO Roseococcus thiosulfatophilus NR_026114.1
RB16-17T RO Sandaracinobacter sibiricus NR_026382.1

T4T RO-NaCl Erythrobacter litoralis NR_119016.1

Deep Ocean, Juan
DeFuco Ridge, Pacific

Ocean

JF1T RO-NaCl Citromicrobium bathyomarinum Y16267.1
C6 RO-NaCl 98.1% Citromicrobium bathyomarinum MW970348
C7 RO-NaCl 99.8%Citromicrobium bathyomarinum MW970349
C8 RO-NaCl 99.9%Citromicrobium bathyomarinum MW970350

C14 RO-NaCl 99.6% Citromicrobium bathyomarinum MW970351
C23 RO-NaCl 99.7% Citromicrobium bathyomarinum MW970352
C26 RO-NaCl 99.8% Citromicrobium bathyomarinum MW970353
N25 RO-NaCl 99.7% Citromicrobium bathyomarinum MW970354
N34 RO-NaCl 99.7% Citromicrobium bathyomarinum MW970355
N48 RO-NaCl 99.8% Citromicrobium bathyomarinum MW970356
N56 RO-NaCl 99.9% Citromicrobium bathyomarinum MW970357
N78 RO-NaCl 99.6% Citromicrobium bathyomarinum MW970358

Rag Beach sediment,
BC, Canada

23-SB RO-NaCl 99.7% Porphyrobacter donghaensis MW970359
15-SB RO-NaCl 99.8% Porphyrobacter donghaensis MW970360

Central Gold Mine, MB,
Canada

C4 RO 99.4% Porphyrobacter colymbi KX148515
C9 RO 99.1% Brevundimonas variabilis KX148516

C11 RO 98.6% Brevundimonas bacteroides KX148517
NM4.16 RO 99.7% Porphyrobacter colymbi KX148518
NM4.18 RO 99.3% Blastomonas fulva KX148519

Lake Winnipeg, MB,
Canada

AJ 72 RO 99.7% Sphingorhabdus lacus MW970361
AM 19 RO 99.7% Erythromicrobium ramosum MW970362
AM 27 RO 99.6% Erythromicrobium ramosum MW970363
CK 182 RO 93.4% Porphyrobacter donghaensis MW970364
BL 67 RO 98.9% Sandarakinorhabdus cyanobacteriorum MW970365
BK 61 RO 99.1% Blastomonas fulva MW970366
BE 100 RO 99.4% Porphyrobacter colymbi MW970367
AM 91 RO 98.5% Porphyrobacter sanguineus MW970368
CK 155 RO 98.1% Roseomonas sediminicola MW970369
CL 63 RO 100% Methylorubrum extorquens MW970370
BA 23 RO 96.2% Methylobacterium indicum MW970371
BC100 RO 96.6% Sphingomonas yantingensis MW970372
CN8 RO 99.2% Porphyrobacter neustonensis MW970373

GM14 RO 99.2% Erythromonas ursincola MW970374

Zebra mussels, Lake
Winnipeg, MB, Canada

Z1 RO 99.1% Porphyrobacter colymbi MN987006
Z2 RO 99.4% Porphyrobacter tepidarius MN987007
Z5 RO 99.6% Porphyrobacter tepidarius MN987008
Z6 RO 99.3% Porphyrobacter neustonensis MN987009
Z7 RO 99.6% Erythromicrobium ramosum MN987010

Z24 RO 98.7% Porphyrobacter sanguineus MN987011
Z27 RO 99.4% Porphyrobacter neustonensis MN987012
Z39 RO 98.9% Porphyrobacter sanguineus MN987013
Z59 RO 99.5% Porphyrobacter neustonensis MN987014
Z68 RO 99.4% Porphyrobacter neustonensis MN987015

130



Microorg 2021, 9, 959

Table A2. Meromictic lake and biological soil crust AAP chosen for siderophore testing.

Environment Strain Medium Most Related Type Species Accession #

Mahoney Lake, BC,
Canada

ML1 N1 98.4% Erythromicrobium ramosum MW970375
ML3 N1 99.4% Porphyrobacter sanguineus MW970376

ML4T N1 Porphyrobacter meromictius NR_115007.1
ML6T N1 Roseicyclus mahoneyensis NR_042080.1
ML10 N1 97.9% Salinarimonas ramus MW970377
ML14 N1 98.9% Erythromicrobium ramosum MW970378
ML19 N1 96.9% Porphyrobacter meromiticus MW970379
ML20 N1 99.3% Blastomonas fulva MW970380
ML21 N1 98.5% Erythromicrobium ramosum MW970381
ML22 N1 99.8% Porphyrobacter sanguineus MW970382
ML30 N1 98.8% Seohaeicola saemankumensis MW970383
ML35 N1 99.4% Blastomonas fulva MW970384
ML36 N1 97.1% Porphyrobacter sanguineus MW970385
ML37 N1 95.4% Glycocaulis profundi MW970386
ML42 N1 98.0% Roseicyclus marinus MW970387
ML45 N1 94.7% Ruegeria intermedia MW970388

Blue Lake, BC,
Canada

BL1 BLM 98.1% Roseicyclus marinus MW970389
BL4 BLM 99.3% Porphyrobacter sanguineus MW970390
BL5 BLM 99.2% Seohaeicola saemankumensis MW970391
BL7 BLM 95.6% Glycocaulis profundi MW970392
BL8 BLM 98.1% Roseicyclus marinus MW970393
BL9 BLM 98.0% Roseicyclus marinus MW970394
BL11 BLM 95.8% Glycocaulis profundi MW970395
BL14 BLM 95.6% Glycocaulis profundi MW970396
BL17 BLM 95.1% Glycocaulis profundi MW970397
BL22 BLM 95.0% Glycocaulis profundi MW970398

East German Creek
System, MB,

Canada

EG1 MA 95.2% Roseovarius pacificus AM691094
EG2 MA 94.4% Roseovarius bejariae AM691093
EG3 MA 97.3% Yoonia vestfoldensis AM691092
EG4 MA 98.8% Erythrobacter longus AM691105
EG5 MA 95.7% Roseovarius pacificus AM691095
EG6 MA 98.4% Porphyrobacter meromictius AM691106
EG7 MA 97.3% Roseovarius nitratireducens AM691097
EG8 MA 99.0% Roseovarius tolerans AM691101
EG9 MA 97.3% Roseovarius nitratireducens AM691098

EG10 MA 98.2% Roseovarius tibetensis AM691100
EG11 MA 97.7% Roseovarius nitratireducens AM691099
EG13 MA 99.0% Roseovarius tolerans AM691102
EG15 MA 98.9% Erythrobacter aquimaris AM691107

EG17T MA Charonomicrobium ambiphototrophicum AM691091
EG19T MA Chromocurvus halotolerans AM691088

Sandy Lands Forest
Soil Crust, MB,

Canada

SS56 BSCA 99.6% Methylobacterium brachiatum MW970399
SS63 BSCA 99.1% Bosea lupini MW970400

SS335 BSCA 98.3% Bosea lupini MW970401

Spruce Woods
National Park Soil
Crust, MB, Canada

J01 BSCA 98.4% Belnapia moabensis MW970402
J05 BSCA 96.6% Sphingomonas pruni MW970403
P4 BSCB 99.6% Methylobacterium phyllosphaerae MW970404

P13 BSCB 98.7% Bosea lupini MW970405
P40 BSCB 99.9% Belnapia soli MW970406

P132 BSCB 99.6% Methylobacterium brachiatum MW970407
P233 BSCB 99.8% Methylobacterium tardum MW970408
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Abstract: Photosynthetic endolithic communities are common in shallow marine carbonates,
contributing significantly to their bioerosion. Cyanobacteria are well known from these settings, where
a few are euendoliths, actively boring into the virgin substrate. Recently, anoxygenic phototrophs were
reported as significant inhabitants of endolithic communities, but it is unknown if they are euendoliths
or simply colonize available pore spaces secondarily. To answer this and to establish the dynamics of
colonization, nonporous travertine tiles were anchored onto intertidal beach rock in Isla de Mona,
Puerto Rico, and developing endolithic communities were examined with time, both molecularly and
with photopigment biomarkers. By 9 months, while cyanobacterial biomass and diversity reached
levels indistinguishable from those of nearby climax communities, anoxygenic phototrophs remained
marginal, suggesting that they are secondary colonizers. Early in the colonization, a novel group of
cyanobacteria (unknown boring cluster, UBC) without cultivated representatives, emerged as the
most common euendolith, but by 6 months, canonical euendoliths such as Plectonema (Leptolyngbya)
sp., Mastigocoleus sp., and Pleurocapsalean clades displaced UBC in dominance. Later, the proportion
of euendolithic cyanobacterial biomass decreased, as nonboring endoliths outcompeted pioneers
within the already excavated substrate. Our findings demonstrate that endolithic cyanobacterial
succession within hard carbonates is complex but can attain maturity within a year’s time.

Keywords: bioerosion; anoxygenic phototroph; microbiome; euendolith

1. Introduction

The endolithic microbiome of intertidal carbonate rocks has been the subject of intensive study
since the 1800s [1,2], with a main focus on the characterization of bioerosive agents within these
communities. The agents, boring organisms referred to as euendoliths, excavate the rock substrate and
create pore spaces for their own growth. Le Campion-Alsumard and colleagues [3,4] first examined
succession and colonization by microscopic inspection in order to better understand the ecological
principles that drive euendolith community formation. As concern for coral destruction rose in the
1990s, others [5–11] applied the same procedures to understand these dynamics and mitigate bioerosion
in reef ecosystems. These studies on porous, biogenic carbonates from coral skeletons showed swift
initial colonization by euendolithic algae, with successional changes occurring within months and
communities reaching maturity after a year. Kiene [10], Gektidis [9] and Chacón et al. [12] examined
hard mineral carbonates as well, finding that euendolithic cyanobacteria, not algae, were the dominant
boring organisms there and that hard substrates led to more diverse cyanobacterial populations than
those of corals.

Although early research was informative in identifying and characterizing major euendolithic
players, the use of morphological characterization alone has been found to underestimate microbial
diversity in endolithic cyanobacterial communities [12,13]. Indeed, in the case of marine carbonate
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communities, high-throughput amplicon sequencing has demonstrated that morphology-based studies
can underrepresent cyanobacterial diversity estimates by factors of 10 to 100 [12,14,15]. Early research
identified three major morphotypical groups of euendolithic cyanobacteria. One is represented by
the thin, filamentous, Leptolyngbya-like organisms most commonly assigned to Plectonema terebrans
(or Leptolyngbya terebrans), which are typically one of the most abundant euendolith morphotypes, at
times exceeding 80% of total euendolithic biovolume [6]. Unfortunately, no 16S rRNA gene sequence
of P. terebrans has been obtained from cultures, making it impossible to identify it with certainty
in molecular surveys. Environmental sequences best matching Halomicronema and Leptolyngbya
species have been tentatively suggested to represent the elusive P. terebrans [14]. The second group
corresponds to the species Mastigocoleus testarum, which is characterized by a complex, true-branching
filamentous morphology, making it easily identifiable from microscopic examination. It has been
recently redescribed on the basis of a polyphasic approach based on strain BC008, showing congruency
between molecular and traditional approaches [16], has served as a model to elucidate the physiological
mechanism of boring [16–18], and is the first euendolith whose genome has been fully sequenced [19].
Mastigocoleus testarum is one of the earliest colonizers in soft carbonates, being found as early as one
week after initial exposure [3,11,20]. A third, diverse group includes several members of the order
Pleurocapsales in the genera Hyella, Solentia, Hormathonema, and the recently described Candidatus
Pleuronema. Members of the Pleurocapsales typically act as pioneer borers but can bore only
to shallow depths and are easily preyed upon by grazers, leading to low abundance in mature
communities [6,7,11,20].

Through comprehensive, high-throughput molecular surveys, we recently found a diverse
phototrophic community in the endolithic habitat of coastal hard carbonates, which included
four distinct anoxygenic phototrophic bacterial (APB) groups. The most dominant APBs were
members of the Chloroflexales (green nonsulfur bacteria) [21–23] and Erythrobacter (aerobic anoxygenic
phototrophs) [24,25]. APBs could comprise upwards of 80% of the total phototroph community [15]
in some samples. Our findings broadened the known habitats for APBs and suggested that some
microscopic characterizations of endolithic thin filamentous organisms (Plectonema-like) may have
in fact been APBs. Thus, APBs could be euendolithic in nature, potentially upending the long
established understanding of endolith ecology by broadening the pool of possible pioneer organisms
and boring mechanisms.

Therefore, to provide new molecular insights into euendolith colonization and succession and to
attempt to answer questions that arose from our prior work, we set up a colonization experiment in
the intertidal zone of Playa Ulvero, Isla de Mona, Puerto Rico. We anchored nonporous travertine
(a dense, compact form of calcium carbonate) tiles onto beach rock 5 m from shore and collected
samples every 3 months over a 9-month period. Our study had four specific aims: (1) to elucidate APB
colonization timing to identify if APBs are pioneer organisms with the ability to bore; (2) to examine
cyanobacterial euendolith colonization and succession using molecular methods; (3) to measure the
colonization dynamics of the Leptolyngbya-like (Plectonema), Mastigocoleus-like, and Pleurocapsalean
euendolithic cyanobacterial groups; and (4) to compare colonization progress to previously described
steady-state climax communities of similar geological composition and geographic location in order to
gauge community maturity

2. Materials and Methods

2.1. Tile Placement and Sample Collection

Commercial, 4 inches wide, 1.5 inches thick travertine square tiles, were anchored onto intertidal
beach rock some 5 m from the high-tide shoreline at Playa Uvero on Isla de Mona, Puerto Rico,
(18◦03′36.2” N 67◦54′21.8” W) (Figure 1) after having received permits from the Departamento de
Recursos Naturales y Ambientales (Commonwealth of Puerto Rico). Tiles were fastened to the beach
rock using a combination of Red Head 5” × 3/8” 316 Stainless Steel Wedge Anchors and JB Weld
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Waterweld putty. Three tiles were sacrificially collected every three months, air-dried and shipped,
reaching the laboratory in less than a week, and then stored on arrival at −80 ◦C until analysis.

 

Figure 1. Experimental tile placement. (a) Location near Playa Uvero (yellow star) on Isla de Mona,
Puerto Rico. (b) Anchoring on a stretch of intertidal beach rock (yellow box) as seen at low tide.
(c–f) Aspect of virgin (c) and exposed tiles harvested after harvested after 3 (d), 6 (e), and 9 months (f).
Part of the growth observable in the pictures was epilithic in nature.

2.2. Endolithic Community DNA Extraction

Tiles were vigorously brushed with sterile toothbrushes and sterilized seawater to remove epilithic
biomass. To ensure a consistent sampling effort, each tile was sampled four times in 2 cm by 2 cm
squares, 1 cm from the edge of the tile (sampling is shown in Figure 2d–f). Sampled fragments were
ground in sterile mortars following the protocol described in Wade and Garcia-Pichel 2003 [26], and
0.5 g of powered rock was used as the input material for a MoBio PowerPlant Pro DNA extraction kit
(Mo Bio Laboratories, Inc., Carlsbad, CA, USA) following the protocol provided, except that, before the
first lysis step, the contents of the bead tubes were homogenized horizontally at 2200 rpm for 10 min,
and, additionally, subjected to seven freeze–thaw cycles using liquid nitrogen to ensure full disruption
of bacterial membranes.

2.3. Quantitative PCR of 16S rRNA Gene Content

In order to quantify the number of 16S rRNA gene copies in the extracts, quantitative real-time PCR
was conducted using universal V3 16S rRNA gene primers 338F (5’- ACTCCTACGGGAGGCAGCAG-3’)
and 518R (5’-GTATTACCG CGGCTGCTGG-3’). PCRs were performed in triplicate using Sso Fast mix
(Bio-Rad, Hercules, CA, USA) following Couradeau et al. [27]. Following quantification, triplicate 16S
rRNA gene counts were averaged and then converted to counts per square meter using the surface
area of the tile analyzed. The total counts per square meter were then multiplied by the associated
proportional abundance of any clade of interest in order to obtain absolute population size for that
clade. Separate biological replicates (i.e., tiles) were then averaged.

2.4. 16S rRNA Gene Library Preparation and Illumina Sequencing

Amplicon sequencing of the V3–V4 variable region of the 16S rRNA gene was performed
using the universal bacterial PCR primers 341F (5’-CCTACGGGNGGCWGCAG) [28] and 806R
(5’-GGACTACVSGGGTATCTAAT) [29]. PCR amplifications were done in triplicate, then pooled
and quantified using Quant-iT™ PicoGreen®dsDNA Assay Kit (Invitrogen). Two hundred forty
nanograms of DNA per sample were pooled and then cleaned using QIA quick PCR purification kit
(QIAGEN). The PCR pool was quantified by Illumina library Quantification Kit ABI Prism®(Kapa
Biosystems). DNA pool was determined and diluted to a final concentration of 4 nM then denatured
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diluted to a final concentration of 4 pM with a 30% of PhiX. Finally, the DNA library was loaded in
the MiSeq Illumina sequencer using the chemistry version 3 (2 × 300 paired-end) and following the
guidelines of the manufacturer.

2.5. Data Analysis Pipeline

Raw sequences were processed using the QIIME2 2018.2 analysis pipeline [30]. Demultiplexed
sequences were imported into QIIME2 and processed using the DADA2 [31] denoised-paired plugin
with the following parameters: trunc_len_f:280, trunc_len_r:235, trim_left_f:20, trim_left_r:25, and
max_ee:8, so as to obtain amplicon sequence variants (ASVs). After resolving ASVs, any sequences
found in the control tile extracts (uncolonized tiles) were filtered from the final feature table. Sequencing
depth of the experimental tiles ranged from 21,897 to 180,168 (post filtering), and alpha-rarefaction
analysis indicated that all samples had reached convergence (Figure S1). In order to conduct diversity
analysis, representative sequences were aligned using MAFFT7 [32], and a phylogenetic tree was
generated using FastTree [33]. Diversity metrics were calculated using the core-metrics-phylogenetic
plugin, including Weighted and Unweighted UniFrac metrics [34]. ASVs were initially classified
using the classify-sklearn plugin, (Available online: https://github.com/qiime2/q2-feature-classifier)
with a Green Genes 13_8 [35] based classifier. The feature table was then exported, and differential
abundance analysis was conducted using the QIIME1 [36] plugin differential_abundance.py and the
DESeq2 algorithm [37]. PCoAs were generated using the vegan package [38], and graphics were
created using R [39] and the ggplot2 package [40]. Statistical analyses were conducted either using R
(Student’s t-test) or within Qiime2 (Kruskal–Wallis, PERMANOVA).

2.6. Cyanobacterial ASV Classification

To identify key euendolithic cyanobacterial clades, the representative sequence output from
QIIME2 was filtered to only include cyanobacterial sequences (plastids were removed). These
comprised at least 95% of the total number of reads within each sample. Next, the sequences were
aligned to the Cydrasil reference alignment [41] using PaPaRa [42], and placed into the Cydrasil
reference tree using the Evolutionary Placement Algorithm (based on the maximum-likelihood model)
feature of RAxML8 [43]. The output was visualized using the ITOL3 website [44]. An ASV was
considered a likely euendolith if it was placed on a branch containing only known euendolithic
cyanobacteria with a >70% certainty. Biomass was calculated for each tile by multiplying the total
relative abundance of the cluster by the total areal concentration of 16S rRNA genes in that sample.
Then, biological replicates for each time point were averaged and graphed using R and ggplot2.

2.7. Steady-State Climax Community Comparisons

Three natural substrate samples from Couradeau et al. [14] and Roush et al. [15] (samples denoted
as H001-H003 in SRA) were used as proxies for steady-state climax communities for comparison
of colonization progress. The samples were chosen based upon their geographic proximity to the
tile placement location and their similar geological composition (calcite). The raw sequencing data
was processed using the same parameters and pipeline as described above. Pigment analysis was
conducted in the same manner as for the tiles.

2.8. Unknown Boring Cluster (UBC) Phylogenetic Tree

In order to assess the nearest neighbors of the unknown boring cluster, a multiple sequence
alignment (MSA) was generated using SSU-Align [45]. The MSA was comprised of the three most
differentially abundant ASVs identified from DESeq2 and EPA placement analysis, the nearest sequences
from Cydrasil, and the top seven most similar NCBI nr database sequences identified using BLAST [46].
The resulting alignment of 398 sequences was then used as input into RAxML8 [47] to generate a
phylogenetic tree using the rapid-bootstrap algorithm with 1000 bootstraps and the GTR GAMMA
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model. The remaining ASVs were then checked using BLAST and the nr database for proximity to the
resulting clade.

2.9. Pigment Extraction and Analysis

In order to extract lipid-soluble pigments, the remaining powdered sample (the same samples
used for DNA extraction) was suspended in 7:2 acetone:methanol solvent and sonicated twice for
30 s in an ice bath in the dark. Extracts were centrifuged at 2100× g for 10 min, decanted, and the
supernatant filtered through a 0.22 μm nylon filter. These steps were repeated and the supernatants
were pooled until the extract was devoid of color. The resulting extract was then evaporated under
a N2 stream in the dark and resuspended in 200 μL of HPLC-grade acetone. HPLC analysis was
conducted on a Waters Alliance e2695 HPLC with an inline Waters 2998 photodiode array detector,
using a protocol adapted from Frigaard et al. [48] for use on a CORTECS C18 4.6 mm × 150 mm (90 Å
pore size, 2.7 μm particles) column. Separation was performed as follows: the initial solvent gradient
composed of ethyl-acetate:methanol:acetonitrile:water in a 21:23.9:47.6:7.5 ratio by volume and linearly
changed to 30:20:50:0 ratio by volume in 13.43 min, held for 3.87 min, and then immediately returned
to the initial ratio (21:23.9:47.6:7.5 by volume) and held for 5.7 min. Total runtime per sample was
23 min, at a flow rate of 2 mL min–1 and column temperature of 30 ◦C. Pigment identification was done
by comparison of retention time and spectrum against standards of Chl a and BChl a obtained from
Sigma Aldrich. All other pigments were identified from known spectra [49]. Injected pigment mass
was calculated from the chromatogram using the equation m = FA (em d)−1, where m is the mass of
BChl or Chl in milligrams, F is the solvent flow rate (1 mL min−1), A is the peak area (in Au), em is the
extinction coefficient in L mg−1 cm−1, and d is the path length of the PDA detector (1 cm). Extinction
coefficients were taken from Ley et al. 2006 [50].

2.10. Data Availability

Isla de Mona steady-state climax community raw sequencing data is deposited under NCBI
BioProject PRJNA603780. Raw sequencing data from the experimental tiles is deposited under NCBI
BioProject PRJNA596277.

3. Results

3.1. Endolithic Bacterial and Phototrophic Growth

Visual inspection of the colonized tiles showed a marked increase in both pigmentation and
erosion with time (Figure 2c–f). The tiles sustained both nonphototrophic and phototrophic bacterial
growth over the 9-month exposure period. Bacterial biomass increased at an average rate of 3× 1010 16S
rRNA gene copies per m−2 month−1, reaching a mean value of 1.1 × 1011 16S rRNA gene copies per
m−2 at 9 months (Figure 3a). As expected, phototroph colonization followed a similar trend with
photopigment content increasing at a rate of 2.3 mg m−2 month−1, reaching an average value of 7.22 mg
m−2 by 9 months. (Figure 3b), at which point 16S rRNA gene counts were not significantly different from
those found in steady-state climax communities described by Couradeau et al. [14] and Roush et al. [15]
(Student’s t-test, p < 0.05). While total chlorophyll pigment concentrations were not significantly
different between 9 months and steady-state climax communities either, cyanobacteria-specific counts
were actually higher at 9 months than in steady-state climax communities.
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Figure 2. Endolithic colonization of travertine tiles. (a) Areal concentration of 16S rRNA gene copies.
Each bar is an independent replicate. Error bars are from biological replicates. (b) Areal concentration
of total photosynthetic chlorins (chlorophylls plus bacteriochlorophylls). Single determinations were
carried out for each replicate tile. (c–f) Photographic evidence of colonization after removal of epilithic
biomass by brushing. (c) Initial, virgin tile. Excising squares were samples used for analyses.

3.2. Incidence of Anoxygenic Phototrophs

APB abundance measured by bacteriochlorophylls increased with time but trailed in concentration
by some two orders of magnitude to cyanobacterial abundance measured by chlorophylls during
the colonization period. This situation obviously changed significantly later during succession,
as bacteriochlorophylls were statistically as abundant as chlorophylls when compared to steady-state
climax communities (Figure 3b). The magnitude of the difference between APB and cyanobacteria
was less marked, but still very significant, when measured by 16S rRNA gene abundance (Figure 3a).
By using this metric it was obvious that although APB trailed cyanobacteria during the colonization
period, they eventually matched and even exceeded cyanobacteria in steady-state climax communities.
We found very differing dynamics between populations of relevant APB groups: while Chloroflexales
were only present in very small quantities during early phases (Figure 3c) and reached only 6.2× 106 16s
rRNA gene copies per m−2 after 9 months, Erythrobacter abundance was stable throughout the
colonization, with an average of 1.2 × 109 16S rRNA gene copies per m-2 at 9 months. In comparison,
the situation was reversed in steady-state mature communities, where Erythrobacter sp. decreased to
some 1.6 × 108 16s rRNA gene copies per m−2 in steady-state climax communities, but Chloroflexales
increased to populations close to those of cyanobacteria (Figure 3c). The apparent differences in trends
between bacteriochlorophyll and 16S rRNA genes as proxies for population size can be explained
by the relatively low bacteriochlorophyll content of Erythrobacter spp. compared to members of the
Chloroflexales [51,52], which essentially made the total content of bacteriochlorophyll be very sensitive
to the population size of the latter.
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Figure 3. Time series of bacterial biomass proxies detected in colonized tiles and steady-state climax
communities by guild or taxon. (a) Areal concentrations of 16S rRNA gene copies based on quantitative
PCR and high-throughput sequencing phylogenetic assignments (b) Areal photosynthetic chlorins as
biomarkers for oxygenic phototrophs (total chlorophylls) or APB (total bacteriochlorophylls) (c) areal
population size of APB clades Erythrobacter spp. and Chloroflexales based on quantitative PCR and
high-throughput sequencing phylogenetic assignments. (d) Endolithic colonization dynamics of specific
microboring cyanobacterial clades, based on qPCR and bioinformatic placement of high-throughput
environmental sequences using the Cydrasil cyanobacterial reference tree and database. Error bars are
for biological sample triplicates.

3.3. Cyanobacterial Succession: Diversity and Composition

Unexpectedly, cyanobacterial richness gauged by the number of observed amplicon sequence
variants (ASVs) was not significantly different across time points and when compared to steady-state
climax communities (Kruskal–Wallis, p = 0.33; Table 1), whereas ASV evenness (measured as Pielou’s
Evenness) decreased significantly (Kruskal–Wallis, p = 0.04) with time. Pairwise Kruskal–Wallis
comparisons indicated that the difference was driven by a drop in evenness between early (3 and
6 months) and late succession communities (9 month and steady-state climax) (adjusted p = 0.07
for all four comparisons). Shannon’s diversity also followed the evenness trend, with significant
differences with time (Kruskal–Wallis, p = 0.02) where late succession samples were less diverse
than early succession samples (adjusted p = 0.06 for all four comparisons). Regarding cyanobacterial
community composition (beta-diversity), all time points and steady-state climax communities were
significantly different from each other (PERMANOVA, p < 0.05, pairwise Kruskal–Wallis p < 0.05),
a result also supported statistically by a PCOA (principal coordinates ordination analysis; Weighted
UniFrac metric; Figure S2).
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Table 1. Alpha diversity metrics of cyanobacterial endolithic communities in tiles placed in the intertidal
zone of Isla de Mona and metrics from geographically similar natural substrate communities on Isla de
Mona described by Roush et al. [15].

Timepoint n Observed ASVs Pielou’s Evenness Shannon’s Diversity

3 months 3 78 ± 4 0.74 ± 0.06 a 4.55 ± 0.45 a

6 months 3 98 ± 6 0.79 ± 0.01 a 5.22 ± 0.07 b

9 months 3 73 ± 3 0.60 ± 0.06 b 3.67 ± 0.50 c

Climax 3 69 ± 3 0.62 ± 0.02 b 3.67 ± 0.45 c

Community composition of steady-state climax communities was taken from calcite samples published in Roush
2018. Lower-case letters denote samples not significantly different (α = 0.1). ASVs, amplicon sequence variants.

3.4. Identification of Endolithic Cyanobacteria Clades

In nonporous virgin substrates, only euendolithic organisms can colonize and grow to large
abundance. Since we removed all epilithic biomass before sequencing, those organisms found to be
abundant early on can be deemed to be bona fide euendoliths since they must have been able to excavate
the substrate. Therefore, to identify pioneer euendolithic cyanobacterial clades, the most abundant
cyanobacterial ASVs from the 3-month-old tiles were placed using the RAxML Evolutionary Placement
Algorithm into the Cydrasil reference cyanobacterial 16S rRNA gene tree containing 980 curated
cyanobacterial sequences, which includes all full-length 16S rRNA gene sequences traceable to known
euendolithic cyanobacteria (Figure 3d and Figure S3). Euendolithic sequences that were not full length
were included in the query sequence list and checked for correlation with known clades. In order
to pare down the dataset for placement, we ranked each sample’s cyanobacterial ASVs in order of
abundance until cumulative counts reached 95% of the total abundance in each sample, yielding
213 unique ASVs across all tile samples and steady-state climax communities. We then placed the
resulting pared ASV dataset into the Cydrasil reference tree. Of the 213 initial ASVs, 139 were placed
with high confidence and clustered onto four distinct tree nodes. Two of the nodes contained known
euendolithic species: Cluster 2 (containing 37 unique ASVs) encompassed endolithic members in the
Pleurocapsales, and Cluster 3 (27 ASVs) contained Mastigocoleus testarum. The other two did not align
with known euendoliths: one contained Leptolyngbya species (Cluster 1; 60 ASVs) and the other was
a novel clade that contained only environmental sequences lacking taxonomic assignment and only
distantly related (<95.2% similarity) to Stanieria cyanosphaera. We named this clade UBC (15 ASVs), for
“unknown boring cluster”.

3.5. Colonization Dynamics of Euendolithic Cyanobacterial Clades

To quantify colonization dynamics, qPCR-normalized abundances of the euendolithic clusters
were plotted over time (Figure 3d and Figure S3). Members of the UBC were double to an order of
magnitude more abundant than the other groups after 3 months of exposure, with an average biomass
of 9.1 × 109 16S rRNA gene copies per m-2. UBC abundance remained stable throughout the experiment
and was not significantly different when compared to steady-state climax communities. Cluster 1
(Leptolyngbya-like) population size lagged that of UBC, reaching a maximum after 6 months (1.1× 109 16s
rRNA gene copies per m−2). Clusters 2 (Pleurocapsalean) and 3 (Mastigocoleus-like) colonized substrate
at the slowest rate, reaching maximum populations after 9 months (8.7 × 1010 and 9.9 × 109 16S
rRNA gene copies per m−2, respectively). Clusters 2 (Pleurocapsalean) and 3 (Mastigocoleus-like) also
decreased in abundance in steady-state climax communities.

3.6. Differential Abundance Analysis

In order to identify which cyanobacterial colonizers were driving compositional differences
between early (3-month) and late (9-month) tiles, we conducted a differential abundance analysis.
The most abundant and significant ASVs at both time points were members of the four clades delineated
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above (Figure S4). At 3 months, representatives of the UBC were three of the four most abundant
cyanobacteria (p < 0.05), both in total sequence count and in differential relative abundance (fold
change) with respect to 9-month communities. The fourth ASV was a member of Cluster 1, allied to
Leptolyngbya. At 9 months, Cluster 2 (Pleurocapsalean) and Cluster 3 (Mastigocoleus-like) sequences
were found to be the most differentially abundant with respect to 3-month communities.

3.7. New Pioneer Euendolith Clade

Both qPCR-adjusted relative abundance and differential abundance analysis revealed that the
previously unknown UBC clade played a significant role in early colonization of hard intertidal
carbonates. In order to better constrain its identification, we conducted a maximum-likelihood
phylogenetic reconstruction of 395 sequences, largely from cyanobacterial isolates (Figure 4), but
including those of the most differentially abundant UBC and the seven sequences most similar to
UBC that we could find by BLAST analyses. As before (i.e., Figure 3d), UBC members were only
distantly related (<5.2% similar) to cultured cyanobacteria, the nearest being Stanieria cyanosphaera
(formerly Chroococcidiopsis cyanosphaera), an epilithic freshwater unicellular cyanobacterium [53]. UBC
was distant from the canonical euendolithic groups, with the Cluster 2 (Pleurocapsalean) being the
closest. However, UBC members were phylogenetically close to environmental sequences obtained
from marine carbonate microbialites, a habitat not dissimilar from the interior of hard carbonates and
containing known euendoliths [54].

4. Discussion

We recently reported that APBs can be major components of endolithic intertidal ecosystems and
could potentially be euendolithic in nature [15], for which no precedent existed. Alternatively, these
APBs may constitute secondary colonizers of opened pore space that rely on metabolic interactions
with cyanobacteria, as they commonly do in other benthic environments like microbial mats or
microbialites [50,54,55]. We hypothesized that examining colonization using molecular techniques and
photopigment analysis specifically targeting APBs could help solve this question, in that early colonizers
of bare substrates can be logically assumed to be active borers, while a dependency on cyanobacteria
should result on delayed colonization by APBs. The temporal dynamics of endolithic population of
Chloroflexales indeed suggest that this group of APBs are not euendoliths but instead act as secondary
colonizers whose populations do not attain significance until communities of cyanobacteria are mature
and the substrate has significantly eroded. The case of the proteobacterium Erythrobacter sp. was
clearly different, since significant populations of Erythrobacter were present early in the colonization
process and were sustained through the experimental period. Erythrobacter are aerobic anoxygenic
phototrophs that conduct photoheterotrophy, have a low BChl a content, and require a source of
organic carbon [24,56]. Our endolithic sequences were most similar to those in Group I Erythrobacter
genomes [57]. Under our hypothesis, these organisms could still be euendoliths, even though their
populations remained low throughout the experiment. Alternatively, since these small unicellular
bacteria are abundant in coastal marine waters [24,56], they could have easily washed into fresh
pits made by cyanobacteria in exposed tiles. Our current data cannot fully solve these alternatives.
In fact, the metabolic action of photoheterotrophs can increase pH levels around cells, leading the
precipitation, not dissolution, of calcium carbonate [15], which would make a boring activity more
difficult [58]. By contrast, the lack of the more complex photosynthetic Chloroflexales and low total
bacteriochlorophylls suggests that, during colonization, euendolithic cyanobacteria dominate the
photosynthetic niche due to their ability to excavate habitable space and utilize the mineral carbon
for autotrophy [18,59]. Only once sufficient habitable space has been created by cyanobacteria can
significant populations of APBs develop.
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Figure 4. Detailed phylogenetic relationships of sequences in the “unknown boring cluster (UBC)”,
with environmental (uncultured) cyanobacterial sequences from stromatolites (shaded in green) and
the closest known euendolith cluster (shaded in blue). Branch lengths are substitutions per site and
node labels indicate bootstrap values.

We found that the patterns of endolithic cyanobacterial succession within hard intertidal
carbonates sustain three distinct phases (early, late succession, and steady-state climax). In our habitat,
early colonization is predominantly conducted by a previously undescribed group of euendolithic
cyanobacteria (UBC) that rapidly colonizes rock to maximal levels within 3 months. This clade
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could exceed 40% of endolithic cyanobacterial populations early on. Cluster 1 (Leptolyngbya-like)
organisms also contribute to early colonization but only reach 60% of the biomass of UBC. By 9 months
of incubation, the three canonical groups of euendolithic cyanobacteria, Leptolyngbya (which we
tentatively equate to the Plectonema terebrans morphotype), boring members of the Pleurocapsales,
and Mastigocoleus testarum gain a foothold. Finally, as the community reaches a steady-state climax
composition, euendolithic cyanobacteria are displaced in relative importance by other cyanobacteria
and by significant populations of Chloroflexalean APBs. The initial large abundance of the UBC could be
explained by the presence of fast-growing propagules in natural seawater that quickly attach and bore
into the substrate. Since boring microorganisms are fixed in place in their boreholes, competition for
space, which can influence patterns of distribution in benthic cyanobacterial communities [60] is likely
not a relevant factor until significant proportions of the rock surface become colonized. Hence, having
an early foothold on the substrate may have ensured their persistence through time, as we observed.
However, UBC did not continue to increase in population size through the colonization, unlike the total
cyanobacterial population, which did. The dynamics of the Cluster 1 (Leptolyngbya-like) members were
not very different from those of UBC, although they seemed to sustain net population losses in late
stages of colonization. The net gains in later stages can be attributed to Cluster 3 (Mastigocoleus) and,
even more so, Cluster 2 (Pleurocapsalean) cyanobacteria (Figure 3d). As these slow colonizers begin to
excavate more carbonate, they could reach a threshold where individual pore spaces become connected
and pioneer organisms are no longer fully insulated from competition for space. Chlorophyll and qPCR
data suggest that this carrying capacity is reached by 9 months of incubation. This density-dependent
competition would also explain the overall decline in cyanobacterial evenness/Shannon diversity
with successional progress. Finally, at maturity, as endolithic space has been colonized and the rock
has become porous, nonboring endoliths can begin to colonize. One can imagine a scenario where
nonboring endoliths, which need not spend energy for excavation, can outcompete borers in the
outermost sections of the rock. Euendoliths would still have a competitive advantage deeper within the
rock. This would be consistent with the relative decline of boring cyanobacterial ASVs in steady-state
climax communities, as they are better adapted to diffusion-limited conditions. Interestingly, we
did not see a difference in cyanobacterial pigment concentrations between the 9-month samples and
steady-state climax communities, which suggests that nonboring phototrophs may colonize the upper
interior of the rock, shading the deeper euendoliths and contributing to their decline.

A comparison of our results with prior colonization studies shows that there exist similarities,
as well as marked differences, with the dynamics of porous, biogenic coral skeletons. For example,
early work [4,61] demonstrated the divergence in euendolith composition between shells and inorganic
calcites. However, careful consideration must be taken as both substrate composition [9,10,12,14]
and water depth [9,10] influence community structure, and, as discussed above, there are substantial
differences in methodology. Even bearing those caveats in mind, the fact that all four major euendolithic
clades are present after 3 months of colonization corroborates the prior conclusions that cyanobacterial
colonization happens swiftly, in as little as 4 weeks, with Plectonema, Mastigocoleus, Solentia, and Hyella
species all present [3,8–10]. Interestingly, there are no reports of any Chroococcidiopsis-like organism that
could potentially represent our UBC. We also found that though Mastigocoleus does colonize quickly, it
does not reach large abundances until the community approaches a steady-state climax composition,
in contrast to the findings from corals where it is one of the first and most abundant pioneer organisms.
Our observations on Cluster 1 Leptolyngbya-like euendoliths agree with the patterns of P. terebrans
described by Grange et al. [11]. We find that this cluster peaks in abundance after 6 months, which
was also found for coral systems. However, when comparing 9-month Cluster 1 Leptolyngbya-like
populations to those of steady-state climax communities, we found that Cluster 1 Leptolyngbya-like
populations were less than 10% of the 9-month totals, whereas in corals, P. terebrans remains very
abundant through maturity [6]. Cluster 2 Pleurocapsalean euendoliths were not very abundant
(sometimes < 1%) in previous colonization experiments and surveys, which was attributed to their
alleged susceptibility to grazing by fish and chitons due to their shallow mode of boring [11]. This was
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clearly not the case in our system, with Cluster 2 Pleurocapsalean organisms being the most abundant
euendoliths after 9 months. Perhaps grazing pressure was unusually low in our setting, even though
we did see abundant, actively grazing chitons during sampling. Though the abundance of eukaryotic
euendoliths are widely reported in coral systems [6,11], we did not find a significant contribution of
plastid 16S rRNA genes in our samples, and those that were there were not phylogenetically related to
known euendoliths.

In summary, by applying molecular approaches to euendolithic systems we were able to confirm
that Chloroflexalean APBs act as secondary colonizers of marine carbonates, illustrate the complex
dynamics of cyanobacterial colonization, and define a new clade of likely euendolithic cyanobacteria,
highlighting the differences and similarities in succession dynamics between mineral and biogenic
carbonates. Our work provides a first look at the complex colonization dynamics that drive bioerosion
on these substrates.
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Abstract: The biodiversity of phototrophic purple nonsulfur bacteria (PNSB) in comparison with
purple sulfur bacteria (PSB) in colored blooms and microbial mats that developed in coastal mudflats
and pools and wastewater ditches was investigated. For this, a combination of photopigment and
quinone profiling, pufM gene-targeted quantitative PCR, and pufM gene clone library analysis was
used in addition to conventional microscopic and cultivation methods. Red and pink blooms in the
coastal environments contained PSB as the major populations, and smaller but significant densities
of PNSB, with members of Rhodovulum predominating. On the other hand, red-pink blooms and
mats in the wastewater ditches exclusively yielded PNSB, with Rhodobacter, Rhodopseudomonas, and/or
Pararhodospirillum as the major constituents. The important environmental factors affecting PNSB
populations were organic matter and sulfide concentrations and oxidation–reduction potential (ORP).
Namely, light-exposed, sulfide-deficient water bodies with high-strength organic matter and in a
limited range of ORP provide favorable conditions for the massive growth of PNSB over co-existing
PSB. We also report high-quality genome sequences of Rhodovulum sp. strain MB263, previously
isolated from a pink mudflat, and Rhodovulum sulfidophilum DSM 1374T, which would enhance our
understanding of how PNSB respond to various environmental factors in the natural ecosystem.

Keywords: anoxygenic phototrophic bacteria; purple nonsulfur bacteria; massive blooms; pufM gene;
Rhodovulum; phylogenomics

1. Introduction

The phototrophic purple bacteria are widely distributed in nature and play important roles in
global carbon, nitrogen, and sulfur cycles. Sunlight-exposed stagnant water bodies in natural and
engineered environments that contain sulfide and/or high-strength organic matter are rich sources of
the phototrophic purple bacteria, which often exhibit massive growth, as seen as red, pink, and brown
blooms and microbial mats. The massive development of the phototrophic purple bacteria can
be seen in specific habitats [1], including meromictic lakes [2–6], lagoons in intertidal zones [7,8],
salt marsh and lakes [9,10], shallow soda pans [11], and wastewater stabilization ponds [12–18].
Naturally occurring massive blooms are mainly caused by the proliferation of the purple sulfur bacteria
(PSB), which comprise the family Chromatiaceae within the class Gammaproteobacteria. On the other
hand, it is believed that the purple nonsulfur bacteria (PNSB), belonging to Alpha- and Betaproteobacteria,
rarely form colored blooms in the environment; in fact, there has been only scattered information about
the involvement of PNSB in blooming phenomena.
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As a rare case, Okubo et al. [19] reported that a swine wastewater ditch allowed PNSB to exclusively
develop into red microbial mats. This massive development was possibly achieved under specific conditions
characterized by the exposure to light and air, the presence of high-strength organic acids, and the absence
of sulfide. Also, Rhodovulum (Rdv.) strictum and some other marine PNSB related to Rhv. sulfidophilum were
isolated from colored blooms in coastal mudflats and tide pools [20,21]. Although these previous reports
suggest the potential of PNSB to naturally develop massive populations under particular conditions, it is
still uncertain how many PNSB populations co-exist with PSB in natural blooming communities and what
the factors are that allow for the massive growth of PNSB in the environment.

This study was undertaken to determine how many populations of PNSB occur in colored
blooms and microbial mats developing in coastal and wastewater environments. In order to obtain
quantitative and qualitative information on PNSB populations, we used a polyphasic approach by
photopigment and quinone profiling, pufM gene-targeted quantitative PCR (qPCR), and pufM gene
clone library analysis, in addition to conventional cultivation-dependent approaches. Quinone profiling
is a chemotaxonomic biomarker method useful for roughly determining microbial populations in
terms of quantity and quality [22,23]. The clone library analysis of pufLM genes, encoding the L and M
subunits of photochemical reaction center proteins, is useful to classify PSB and PNSB phylotypes in
mixed populations for which 16S rRNA genes are not suitable as phylogenetic markers [8,10,19,24–26].
We also determined the genome sequence of Rhodovulum sp. strain MB263, which was previously
isolated from a pink-blooming mudflat [21], and the type strain of Rdv. sulfidophilum. Based on the
results of these analyses, we discuss the environmental conditions under which PNSB can overgrow
PSB and co-existing chemoheterotrophic bacteria and the importance of Rhodovulum members as the
major PNSB populations in coastal environments.

2. Materials and Methods

2.1. Studied Sites and Samples

Colored bloom and mat samples were collected from different environments in Japan from 2002
to 2014 (Table 1). The studied sites, geographical coordinates of the locations, and sample designations
were as follows: mudflat (Yatsuhigata, Narashino (35◦40′32” N, 140◦00′17” E); samples Y1–Y3), tide pools
(Jogashima, Yokosuka (35◦07′52” N, 139◦37′06” E); samples J1–J3), and wastewater ditches in Kosai
(34◦41′23” N, 137◦29′27” E; sample D1), Shizuoka (35◦01′00” N, 138◦26′57” E, sample D2), and Matsudo
(35◦48′06” N, 139◦58′58” E, sample D3). For comparison, a red microbial mat sample was taken from
Nikko Yumoto hot spring (36◦48′30” N, 139◦25′29” E, sample H1). All samples were stored in polyethylene
bottles, transported in an insulated cooler, and used for analysis immediately upon return to the laboratory.
Samples used for direct cell counting were fixed in situ with ethanol (final concentration, 50% (v/v)).

Table 1. Physicochemical characteristics of colored bloom/mat samples studied.

Sample
Sampling

Month/Year
Color

Temp.
(◦C)

pH
COD

(mg L−1)
Salinity

(‰)
S2− (mg

L−1)
ORP
(mV)

Hot spring
H1 October/2000 Red 35.0 7.5 nd * nd nd nd

Tidal flat
Y1 May/2007 Pink 24.5 8.1 62 21.8 6.8 −170
Y2 May/2007 Pink 24.5 8.1 44 21.8 6.2 −180
Y3 August/2009 Pink 28.7 8.0 54 19.8 8.4 −220

Tide pool
J1 September/2002 Yellow-green 28.9 7.8 19 28.8 9.4 −280
J2 September/2004 Red-brown 29.5 8.2 98 27.3 7.3 −240
J3 September/2014 Yellow-green 29.4 8.5 37 27.5 12 −320

Ditch
D1 May/2004 Red 22.3 8.9 890 3.8 0 23
D2 August/2012 Pink-brown 28.6 8.2 280 1.1 0.5 −56
D3 August/2002 Pink-brown 28.9 8.1 210 2.6 0.6 −93

* nd, not determined.
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2.2. Physicochemical Analysis

The temperature, pH, salinity, and oxidation–reduction potential (ORP) as Eh were measured
in situ using Horiba potable water quality meters (Horiba, Kyoto, Japan). Sulfide was measured
colorimetrically by the methylene blue method using a PACKTEST WAK-S kit (Kyoritsu Chemical-Check
Lab, Tokyo, Japan). The color intensity of the test papers was analyzed using the ImageJ 1.47v program
(http://imagej.nih.gov/ij) to quantify the S2− concentration. Chemical oxygen demand (COD), as the
index of organic matter concentration, was determined by the standard method [27].

2.3. Photopigment Analysis

Microbial biomass from 20 to 30 mL of samples was harvested by centrifugation at 12,600× g
for 10 min, washed with 50 mM phosphate buffer (pH 6.8), and re-suspended in a 60% sucrose
solution. In vivo absorption spectra of cells in the sucrose solutions were measured with a BioSpec-1600
spectrophotometer (Shimadzu, Kyoto, Japan) at 300–1000 nm. Bacteriochlorophylls (BChl) from
centrifuged biomass were extracted with an acetone–methanol mixture (7:2, v/v) and subjected to
spectroscopy. The concentration of BChl a was calculated by the absorption peak at 770 nm and a
molar extinction coefficient of 75 mM cm−1 [28].

2.4. Quinone Profiling

Quinones were extracted according to the method of Minnikin et al. [29] with slight modifications.
Microbial biomass from 100 to 200 mL of samples was harvested by centrifugation at 12,600× g for
10 min, washed twice with 50 mM phosphate buffer supplemented with 1 mM ferricyanide (pH 6.8),
and re-suspended in 10 mL of a methanol–0.3% saline mixture (9:1, v/v). Then, the suspensions
were mixed with 10 mL of n-hexane and extracted twice by agitating for 30 min each. The hexane
extracts were combined, fractionated into the menaquinone and ubiquinone fractions, and analyzed by
reverse-phase HPLC and photodiode array detection to identify quinone components with external
standards, as described previously [22,23]. In some cases, quinones in the hexane extract were directly
separated by HPLC or purified by thin-layer chromatography before HPLC analysis [30,31]. In this
study, ubiquinones, rhodoquinones, and menaquinones with n isoprene units were abbreviated as
Q-n, RQ-n, and MK-n, respectively. Partially saturated menaquinones and chlorobiumquinone were
abbreviated as MK-n(Hx) and CK, respectively.

2.5. Phase-Contrast and Epifluorescence Microscopy

Phase-contrast and epifluorescence microscopy was performed using an Olympus BX50 microscope
equipped with an Olympus DP70 camera (Olympus, Tokyo, Japan). Direct total cell counts were
determined by SYBR Green staining as described previously [32].

2.6. Enumeration of Viable Phototrophs

Bloom and mat samples (1 mL each) were mixed with 9 mL of autoclaved phosphate-buffered
saline (PBS, pH 7.2) supplemented with 0.1% yeast extract and 2 mM sodium ascorbate (filter-sterilized).
For marine samples, PBS was supplemented with 3% NaCl in addition. These samples were sonicated
weakly on ice for 1 min (20 kHz; output power 50 W) to disperse cells. For enumerating PNSB,
samples were serially diluted with the buffered solution, and appropriate dilutions were plated by
the pour-plating method with RPL2 agar medium (pH 6.8) [33] supplemented with 0.2 mM Na2S ×
9H2O. For coastal seawater samples, the medium was modified by adding 30 g of NaCl and 0.4 g of
MgCl2 × 6H2O per liter. Inoculated plates were introduced into an AnaeroPak system (Mitsubishi
Gas Chemical Co., Niigata, Japan) before incubation. PSB were enumerated by serial dilution in agar
tubes (10 mL of medium in 20 mL capacity screw-capped test tubes) using a previously described
medium for PSB [34] with slight modifications. The modified agar medium (designated PSB2 agar,
pH 7.0) contained (per liter) 0.25 g ammonium acetate, 0.5 g NH4Cl, 1.0 g KH2PO4, 0.2 g NaCl, 0.4

153



Microorg 2020, 8, 150

g MgSO4 × 7H2O, 0.05 g CaCl2 × 2H2O, 2.0 g NaHCO3 (filter-sterilized), 0.3 g Na2S × 9H2O, 1 mL
each of trace element solution SL8 [35] and a vitamin B12 solution (10 mg 100 mL−1), and 1% agar.
The NaCl and MgSO4 × 7H2O concentrations were elevated to 30 g and 0.8 g per liter, respectively,
for seawater samples. The test tubes were further overlaid with 2 mL of 1% agar containing 1 mM
sulfide solution (pH 7.0) before incubation. All plates and test tubes were incubated at 30 ◦C under
incandescent illumination at 2000 lux. The number of colony-forming units (CFU) was recorded after
10–14 days of incubation.

2.7. Isolation and Phylogenetic Identification of PNSB

Single-colored colonies on RPL2 agar plates used for enumeration were picked at random and
subjected to a standard purification procedure by streaking of plates. Purified isolates were preserved in
RPL2 agar medium as stub cultures. The 16S rRNA genes from the cell lysate [36] were PCR-amplified
with bacterial universal primers 27f and 1492r (see Table S1) [37] and sequenced by the Sanger method
using a cycle sequencing kit and an automated DNA sequencer [38]. Sequence data were compiled
using the GENETYX-MAC program (GENETYX, Tokyo, Japan) and subjected to EzBioCloud [39] and
BLAST [40] homology searches for phylogenetic identification.

2.8. DNA Extraction from Bloom Samples

Microbial biomass from samples was harvested by centrifugation as noted above and washed
twice with PBS (pH 7.2). Bulk DNA from the biomass was extracted according to the protocol previously
described [41]. The crude DNA extracted was purified according to a standard protocol consisting of
RNase digestion, chloroform-isoamylalcohol treatment, and ethanol precipitation [42]. The purified
DNA was dissolved in TE buffer, diluted as needed, and used as the PCR template.

2.9. Real-Time Quantitative PCR (RT-qPCR)

RT-qPCR assays were performed to target at the 16S rRNA and pufM genes, for which pair
primer sets of 357f/517r and pufM.557mF/pufM.750mR was used, respectively (Table S1). The
primers for pufM gene amplification were modifications of pufM.557F and pufM.750R [24]. RT-qPCR
was performed using a LightCycler FAStStart DNA MAstr SYBR GREEN kit (Roche Molecular
Biochemicals, Indianapolis, IN, USA) according to the protocol previously described [43], where the
Rhodobacter sphaeroides ATCC 17023T DNA was used as the control. The copy number of the amplicons
was calculated using LightCycler software version 3.5 (Roche Diagnosis, Mannheim, Germany).
The available information on bacterial 16S rRNA genes shows that the average gene copy number of
Alpha-, Beta-, and Gammaproteobacteria and Chlorobi, to which the anoxygenic phototrophs are classified,
is 3.1 [44]. Thus, the pufM gene copy number obtained was corrected by multiplying the direct total
count by a 3.1-fold ratio of pufM to 16S rRNA genes.

2.10. pufM Gene Clone Library Analysis

The pufM genes from the biomass DNA extracted were amplified by nested PCR using an
rTaq DNA polymerase kit (Takara, Otsu, Japan) and a Takara Thermal Cycler. The first PCR was
performed using a primer set of M150f [19] and pufM.750mR. The thermocycling conditions consisted
of pre-heating at 95 ◦C for 2 min, denaturation at 94 ◦C for 1 min, and annealing at 53 ◦C for 1 min,
with a total of 20 cycles. Then the second amplification procedure was performed by touchdown PCR
with a primer set of pufM.557F and pufM.750mR under the thermocycling conditions as previously
described [19]. The PCR products were purified using a GENECLEAN Spin kit (Bio 101, Vista, CA,
USA) and subcloned using a pMosBlue blunt-ended vector kit (Amersham Bioscience, Amersham,
UK). Ligation and transformation into Escherichia coli-competent cells were performed according
to the manufacturer’s instructions. Plasmid DNA was extracted and purified using a Wizard Plus
Minipreps DNA Purification System (Promega Inc., Madison, WI, USA) following the manufacturer’s
instructions. Sequencing was performed by the Sanger method as described above. The identity of

154



Microorg 2020, 8, 150

the nucleotide and amino acid sequences were examined using the BLAST search system. Multiple
alignment of sequences, calculation of the nucleotide substitution rate with Kimura’s two-parameter
model, and reconstruction of phylogenetic trees by the neighbor-joining and maximum likelihood
algorithms were performed using the MEGA7 program [45]. The topology of phylogenetic trees was
evaluated by bootstrapping with 1000 resamplings [46].

2.11. Genome Analysis

The whole genome sequence of Rhodovulum sp. strain MB263, which was isolated previously
from a pink-blooming pool [21] in the tidal flat area where we found blooms Y1 and Y3 in this study,
was determined. An axenic culture of this strain has been deposited with the Biological Resource
Center, National Institute of Technology and Evaluation, Kisarazu, Japan with accession number NBRC
112775. For comparison, Rdv. sulfidophilum strain DSM 1374T obtained from DSMZ-German Collection
of Microorganisms and Cell Cultures GmbH, Braunschweig, Germany, was subjected to whole-genome
sequencing. Genomic DNA was extracted from phototrophically grown cultures using the CTAB
method [47]. Genome sequencing and gap closing of the Rhodovulum strains were performed using a
previously established pipeline [48]. Briefly, a PCR-free paired-end library was prepared with a KAPA
Hyper prep kit (Roche Sequencing and Life Science KAPA Biosystems, Wilmington, MA, USA) after
shearing of genomic DNA into ~550 bp using an M-220 focused-ultrasonicator (Covaris, Woburn, MA,
USA). A mate-pair library of ~8 kbp insert length was prepared with a Nextera mate-pair sample
preparation kit (Illumina, San Diego, CA, USA). Both libraries were sequenced on an Illumina MiSeq
system with a MiSeq reagent kit version 3 (600 cycles) for Rhodovulum sp. MB263 and a MiSeq reagent
kit version 2 (500 cycles) for Rdv. sulfidophilum DSM 1374T. Removal of junction adapter sequence
and conversion of RF to FR orientation of the mate pair reads were performed by ShortReadManager,
an accessory tool of GenoFinisher (http://www.ige.tohoku.ac.jp/joho/genoFinisher/) [49]. The paired-end
and mate pair reads were assembled with newbler version 2.9 [50]. Sequence gaps between the scaffolds
and contigs were determined in silico using GenoFinisher and AceFileViewer [49], followed by PCR
and Sanger sequencing. The finished sequence was validated by FinishChecker, an accessory tool of
GenoFinisher. Annotation was performed using the NCBI Prokaryotic Genome Annotation Pipeline
(PGAP, https://www.ncbi.nlm.nih.gov/genome/annotation_prok/) [51].

2.12. Phylogenomic Analysis

Average nucleotide identity (ANI) values [52] between the genome sequence of Rhodovulum sp.
MB263 and other Rhodovulum strains were estimated using an ANI calculator (http://enve-omics.ce.
gatech.edu/ani/index). A phylogenetic tree of 25 strains of Rhodovulum species was reconstructed by
the maximum likelihood method based on concatenated sequences of 92 up-to-date bacterial core
genes (UBCGs), which were prepared using the UBCG pipeline [53]. The tree reconstruction and
gene support index and bootstrapping (100 replications) tests were performed using RAxML version
8.2.11 with the -m GTRCAT -f a -# 100 options [54]. The UBCG tree was visualized with the MEGA7
program [45].

2.13. Statistical and Numerical Analysis

Correlation analysis between different parameters was performed using Microsoft Excel.
Differences in pufM gene sequence-based community structure among environmental samples were
evaluated using the dissimilarity (D) index [22], which is a modification of city-block distance between
two samples with k dimensions. In this study, k corresponded to the number of pufM phylotypes
(22 phylotypes) as described below. Multi-dimensional scaling (MDS) of D matrix data was performed
using the XLSTAT program (Addinsoft, New York, NY, USA).
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2.14. Accession Numbers

The pufM gene sequences determined in this study have been deposited under DDBJ accession
numbers LC512373–LC512431. The complete genome sequence of Rhodovulum sp. MB263 was
deposited with GenBank with accession numbers CP020384.1 for chromosome, CP020385.1 for plasmid
pRSMBA, and CP020386.1 for plasmid pRSMBB. The BioSample and BioProject IDs are SAMN06610252
and PRJNA379495, respectively. The complete genome sequence of Rdv. sulfidophilum DSM 1374T

was deposited with GenBank with accession numbers CP015418.1 for the chromosome, CP015419.1
for plasmid unamed1, and CP015420.1 for plasmid unamed2. The BioSample and BioProject IDs are
SAMN04903811 and PRJNA319729, respectively.

3. Results

3.1. Appearance and General Characteristics of Colored Blooms

The colored blooms in the coastal mudflats and tide pools studied were pink, red, brown,
or yellow-green (Figure S1) and had the odor of sulfide. The sulfide concentration and ORP (Eh) in
these coastal environments varied between 6.2 and 12 mg-S2− L−1, and −170 and −320 mV, respectively
(Table 1), suggesting that the studied sites were under strongly anaerobic anoxic conditions. On the
other hand, the colored blooms and mats in the wastewater ditches were red and pink-brown and had
much lower concentrations of sulfide (≤0.6 mg-S2− L−1) and higher Eh (−93 to 23 mV). These data
evidenced marked physicochemical differences between the blooms/mats in the coastal environments
and wastewater ditches.

3.2. Microscopic Observations

Phase-contrast microscopy showed that the morphotypes of the phototrophic bacteria were quite
different from sample to sample. Representatives of the phase-contrast micrographs are shown in
Figure 1.

 

Figure 1. Phase-contrast micrographs of microorganisms in the colored blooms and mats. (A) Hot
spring mat H1; (B) mudflat Y1; (C) tide pool J1; (D) tide pool J2; (E) swine wastewater ditch D1;
(F) sewage ditch D3. Scale bars = 10 μm.

In the red samples, H1 and J1, PSB cells containing elemental sulfur granules predominated
(Figure 1A,D), whereas pink mud samples Y1–3 contained abundant PSB with gas vacuoles that
resembled members of the genera Thiolamprovum and Thiodictyon (Figure 1B). In yellow-green tide pools
J1 and J3, PSB cells were scarce, while smaller rod-shaped and oval cells predominated (Figure 1C).
Also, none of the ditch samples seemed to contain PSB cells as the major populations (Figure 1E,F). It is
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noticeable that large spiral cells resembling members of the genera Pararhodospirillum, Phaeospirillum,
and Rhodospirilum predominated in sewage ditches D2 and D3 (Figure 1F).

3.3. Photopigment and Quinone Profiles

The biomass collected from the red and pink samples (H1, Y1–3, J2, and D1-3) showed in vivo
absorption maxima at 800 nm and 850–861 nm in the near infrared region (Figure S2), indicating that the
presence of BChl a incorporated into the photosynthetic reaction center and peripheral pigment–protein
complexes. On the other hand, the biomass from the yellow-green samples J1 and J3 showed an in vivo
absorption maximum at 745 nm, indicating the presence of BChl c, typical of the green sulfur bacteria
(GSB). The absorption spectra of acetone–methanol extract from all these samples, except samples J1
and J3, showed an extinctive peak at 770–771 nm, which is typical of BChl a. The amount of BChl a in
the samples ranged from 0.4 to 4.6 μmol mL−1.

Quinone profiling studies showed that the red and pink samples H1, Y1–3, and J1 contained Q-8
as the predominant quinone and MK-8 or Q-10 as the second most abundant components (Figure 2 and
Figure S3). On the other hand, the yellow-green samples J1 and J3 contained MK-7 and CK as the major
quinone species. The ditch samples produced Q-10 (D1) or Q-8 (D2 and D3) as the most abundant
quinones. Also, significant proportions of RQ-8, Q-9, and MK-9 were found in samples D2 and D3.

Figure 2. Quinone profiles as biomarkers of microorganisms in colored blooms and mats in hot spring
H1, mudflats (Y1–3), tide pools (J1–3), and wastewater ditches (D1–3). The figures in parentheses
shows the concentrations of quinones detected (nmol L−1).
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The results of quinone profiling together with microscopic observations demonstrate that PSB
with Q-8 and MK-8 as the major quinones, i.e., members of Chromatiaceae, predominated in the
coastal red-pink blooms. Although the co-existence of chemoorganotrophic bacteria should be taken
into consideration in quinone composition, smaller amounts of Q-10 in these environments suggest
the presence of marine phototrophic alphaproteobacteria, possibly those of the genus Rhodovulum,
as described below. The predominant phototrophs in the wastewater ditches might be PNSB with
Q-10 in D1 and those with Q-8 + RQ-8 or Q-9 +MK-9 in D2 and D3. These quinone systems can be
assigned to those of Rhodobacter (Q-10), Rhodopseudomonas (Q-10), Pararhodospirillum (Q-8 + RQ-8),
and Phaeospirillum (Q-9 +MK-9) [30,31,55].

3.4. PNSB and PSB Populations

All test samples yielded viable PNSB and PSB as well as pufM genes, except sample D1,
which produced no PSB in detectable counts (Figure 3). In coastal samples Y2, Y3, J2, and J3,
the PSB counts were 3–10-fold higher (103–106 CFU mL−1) than the PNSB counts (102–106 CFU mL−1).
An exceptional case was yellow-green tide pool J1, which yielded slightly higher PNSB counts than
PSB counts. The low PSB populations in yellow-green tide pool J1 were in accordance with the failure
to detect PSB cells by phase-contrast microscopy (Figure 1) and the low content of Q-8 and MK-8
(Figure 2). All ditch samples (D1–D3) yielded much higher populations of PNSB (106–107 CFU mL−1)
than PSB (≤102 CFU mL−1), and these findings agreed well with the results of microscopic observations
and quinone profiling.

N

pufM

Figure 3. Direct total counts, pufM gene copy number, and viable counts of PNSB and PSB in colored
blooms and mats in hot spring H1, mudflats (Y1–3), tide pools (J1–3), and wastewater ditches (D1–3).
Color of histograms: yellow, direct total count; blue, pufM copy number; orange, PNSB viable count;
purple, PSB viable count. The vertical bars show standard deviation (n = 3).

In all of the pink-red blooms and mats studied, high copy numbers of pufM genes (106–108 copies
mL−1) were detected, whereas they were low (104–105 copies mL−1) in the GSB-predominating blooms
J1 and J3 (Figure 3). The pufM gene copy numbers, as well as the total bacterial counts in the bloom/mat
samples, were much higher than expected from the sum of the viable PNSB and PSB counts. One of
the possible reasons for this is that the selective media used under anaerobic light conditions for the
enumeration could not fully recover PNSB and PSB present in these environments. Also, we can
presume that the qPCR counts might partly include pufM amplicons from dead or metabolically low
cells and/or other microorganisms than PSB and PNSB. It has been shown that the pufLM genes are
widely distributed among members of Alpha-, Beta-, and Gammaproteobacteria [56] and in phototrophic
members of Gemmatimonadetes [57,58].
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3.5. Environmental Factors Affecting PNSB

To know about environmental factors affecting PNSB populations in blooming phenomena,
we investigated the relationships between viable PNSB counts and sulfide concentrations, ORP, or
organic matter concentrations expressed as COD. As shown in Figure 4, the PNSB count had a
significant negative correlation with sulfide-S (p < 0.001). Also, the PNSB count had significant positive
correlations with ORP (p < 0.001) and COD (p < 0.005). No significant correlations at p < 0.05 levels
were noted between the PSB count and these physicochemical parameters.

y x
R

y x
R

y x
R

Figure 4. Correlations between the viable PNSB count and sulfide concentration (a), ORP (b),
or COD (c) in the colored mat- and bloom-developing environments. The shaded areas show data
on coastal samples. Deduced regression equations and correlation coefficients are given in the plots.
The correlations in (a–c) are significant at p < 0.001, 0.001, and 0.005, respectively.

In interpreting the data in Figure 4, not only the marked differences in environmental and biotic
conditions between the coastal environments and wastewater ditches (e.g., salinity, effects of co-existing
microorganisms), but also the cultivation biases in counting PNSB should be taken into account.
Despite these possible biases and factors, there was a highly positive correlation (p < 0.001) between
the sum of PNSB and PSB viable counts and the number of pufM gene copies detected (Figure S4),
suggesting the significance of the data shown in Figure 4.

3.6. pufM Gene Clone Phylotyping

The phylogenetic composition of PNSB and PSB in six selected samples, Y1, Y3, J1, J2, D1, and D3,
was studied on the basis of pufM gene clone library analysis. A total of 354 clones (approximately 60
each for one sample) were sequenced, among which 218 clones, having 233 nt each, were identified as
pufM genes without uncertainty by BLAST homology search and translation to amino acid sequences.
This clone library produced 64 unique sequences that were grouped into 22 phylotypes at a ≥97%
identity level.

A neighbor-joining phylogenetic tree of the pufM gene sequences representing the 22
phylotypes showed that they were classified mostly into two major clades, Gammaproteobacteria
and Alphaproteobacteria, as expected (Figure 5). A similar topography of the phylogenetic tree was
obtained by the maximum likelihood algorithm (Figure S5). Smaller numbers of the phylotypes were
classified as members of Betaproteobacteria, Gemmatimonadetes, and unidentified phylogenetic groups.
Phylotypes 12 and 16, assigned to Gemmatimonadetes and Betaproteobacteria, respectively, nested into the
clade of Alphaproteobacteria, which can be explained by ancestral lateral transfer of a photosynthetic
gene set with pufM from phototrophic alphaproteobacteria [57,59,60]. Except for the Gemmatimonadetes
(phylotype 12), Dinoroseobacter (phylotype 15), and unidentified clones, all of the pufM clones detected
could be assigned to members of PSB and PNSB. Because of the relatively small size of the clone
library set, however, there remained the possibility of many of the major clones present (e.g., those of
anoxygenic aerobic phototrophic bacteria) being overlooked.
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Figure 5. Neighbor-joining phylogenetic tree of the 64 unique pufM gene clones, divided into 22
major phylotypes, the assignment to their closest relatives, and a heat map showing their percentage
distribution in six selected blooms/mat samples, Y1, Y3, J1, J2, D1, and D3. Chloroflexus aggregans
DSM 9485T (accession number, CP001337) was used as an outgroup to root the tree. The percentages
of bootstrap confidence values by 1000 replications are given at the nodes of the tree. The letters
G and β with shaded parts in the phylogenetic tree shows the lineages of Gemmatimonadetes and
Betaproteobacteria, respectively. Scale bar = 0.1 substitution per position.

Most of the phylotypes detected in mudflat blooms Y1 and Y3 were identified as PSB
genera including Thiolamprovum (phylotype 1), Thiocapsa (phylotypes 5–7), Thiocystis (phylotype
8), and Thiodictyon (phylotype 9). In particular, the Thiolamprovum clones predominated with the
Thiocapsa clones as the second most abundant constituents in these environments. In addition, mudflats
Y1 and/or Y3 yielded clones of unidentified Gammaproteobacteria (phylotypes 3 and 4) and PNSB
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of the genera Rhodovulum (phylotype 13) and Rhodobacter (phylotype 21). It was of special interest
that the yellow-green bloom J1 as well as the mudflat blooms harbored phylotypes 13 as the major
PNSB clones, the majority of which were assigned to Rhodovulum sp. MB263. Another tide pool
investigated, J2, contained Marichromatium (phylotype 2) as the major clones and Thiocapsa and some
PNSB as minor constituents. In contrast, wastewater ditches D1 and D3 did not yield any PSB clones;
instead, PNSB phylotypes identified as members of the genera Pararhodospirillum (phylotype 11),
Rhodopseudomonas (phylotypes 18 and 19), or Rhodobacter (phylotypes 20 and 21), were the major
constituents. Recently, the Rhodobacter species to which phylotypes 20 and 21 were assigned have
been proposed to be transferred to the new genera “Luteovulum” and “Phaeovulum”, respectively [61].
These results suggest that different taxa of PNSB and PSB rely upon differently suitable environmental
conditions to form massive blooms.

Differences in the pufM gene-based phylotype composition among the six selected samples were
evaluated using the D index. An MDS analysis of the D values calculated showed that the massive
blooms/mats in mudflats, tide pools, and wastewater ditches had respective unique phototrophic
community structures that separated from each other at a D level of >70% (Figure 6). These results
suggest that the formation and community structure of massive blooms of the phototrophs are strongly
affected by geographical and environmental conditions of their habitats.

Figure 6. Multidimensional scaling of D matrix data showing differences in pufM phylotype composition
among the six selected samples taken from mudflat (Y1 and Y2), tide pools (J1 and J2), and wastewater
ditches (D1 and D3). The distance between samples are shown by blue dots.

3.7. Phylogenetic Identification of Isolates

A total of 78 strains of PNSB were isolated from mudflat Y1, tide pools J1 and J2, and wastewater
ditch D1 through plate counting and cultivation. These isolates were phylogenetically identified by
16S rRNA gene sequencing and EZbioCloud homology search targeting the type strains of established
species. The isolates from Y1, J1, and J2 were identified as being members of the genus Rhodovulum with
either Rdv. sulfidophilum DSM 1374T or Rdv. adriaticum DSM 2581T as their closest relatives (99.6–100%
similarities) (Figure S6). Actually, however, a BLAST search showed that most of the marine isolates
completely matched Rhodovulum sp. MB263, which has similarity levels of 99.6% to Rdv. sulfidophilum
DSM 1374T and Rdv. algae JA877T as its nearest phylogenetic neighbors (Table S2). The isolates from
D1 were members of the genera Rhodopseudomonas, Rhodobacter (“Luteovulum” and “Phaeovulum”),
and Rhodoferax.
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Although the aforementioned cultivation-based studies provided limited information and might
produce some biased results, the phylogenetic composition of the PNSB isolates is consistent with that
obtained with the pufM gene clone library analysis.

3.8. Genomic Analysis of Rhodovulum Strains

Our clone library and cultivation-based phylogenetic studies provide circumstantial evidence that,
in the coastal massive blooms, members of Rhodovulum, especially those corresponding to Rhodovulum
sp. MB263, constitute the major PNSB population and play important ecological roles. To address
this issue and taxonomic problem of Rhodovulum sp. MB263, a genome-wide approach is useful.
However, the available genomic and phylogenomic information on Rhodovulum strains was limited
before this study. Also, since most of the available genome assemblies of Rhodovulum strains were at
the contig level, it is difficult to analyze the whole structure or repeat regions. Therefore, we performed
whole-genome sequencing of Rhodovulum sp. MB263, previously isolated from a pink-blooming pool
in the tidal flat area [21] where we found blooms Y1 and Y3 in this study. For comparison, we also
determined the genome sequence of Rdv. sulfidophilum DSM 1374T, which was previously determined
by another project but included sequence gaps [62].

We succeeded at determining the complete genome sequence of Rhodovulum sp. MB263 and Rdv.
sulfidophilum DSM 1374T. The genome size, G+C content, and the number of CDS, rRNA operon,
tRNA genes, and plasmids in these strains are shown in Table 2 in comparison with those of Rhv.
sulfidophilum DSM 2351 [63]. The chromosome size of Rhodovulum sp. MB263 (3.86 Mbp) is smaller
by 6.6% and 13.3% than those of Rdv. sulfidophilum DSM 1374T (4.13 Mbp) and Rdv. sulfidophilum
DSM 2351 (4.45 Mbp). Members of the genus Rhodovulum are known to utilize sulfide as an electron
donor for photolithotrophic growth [64,65]. In this context, it has been shown that Rdv. sulfidophilum
has the 12 genes of the sox operon, which encode cytochrome c and other redox proteins involved in
sulfide oxidation (Sox) [66,67]. Our genome analysis confirmed that the sox operons are completely
conserved in Rhodovulum sp. MB263 as well as in Rdv. sulfidophilum strains DSM 1374T and DSM 2351.
The nucleotide identity level in the sox locus (approximately 11 kb stretch) between strains MB263 and
DSM 1374T is 92.22%.

Table 2. Comparison of genome assemblies of Rhodovulum sp. strain MB263 and the two authentic
strains of Rdv. sulfidophilum.

Feature
Rhodovulum sp. Strain

MB263
Rdv. sulfidophilum
Strain DSM 1374T

Rdv. sulfidophilum
Strain DSM 2351

Reference This study This study Nagao et al. [63]
Genome size (bp) 4,162,560 4,347,929 4,732,772
G+C content (%) 67.03 66.92 66.89

Number of:
CDS 3725 3899 4146

rRNA operons 3 3 3
tRNA genes 49 50 50

Plasmids 2 2 3

3.9. Phylogenomics

We compared the whole chromosome structure of Rhodovulum sp. MB263 and the two authentic
Rdv. sulfidophilum strains by dot plotting. The arrangement of chromosomes is less similar between
strains MB263 and DSM 1374T than between strains DSM 1374T and DSM 2351 (Figure S7). In agreement
with this, the pair-wise ANI scores for whole genomes calculated were 91.21% between strains MB263
and DSM 1374T and 97.35% between strains DSM 1374T and DSM 2351. Rhodovulum sp. MB263 had
lower ANI values to the type strains of other Rhodovulum species (Table S2). Since the ANI value
between strain MB263 and its closest relative Rdv. sulfidophilum DSM 1374T is lower than the threshold
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value (95–96%) recommended for the boundary of prokaryotic species delineation [52,68], the former
strain may represent a novel genospecies of the genus Rhodovulum.

A phylogenomic analysis of 25 strains of Rhodovulum species on which whole-genome information
is available (Table S3) [63,69–71] was performed on the basis of 92 protein-coding gene sequences.
The reconstructed phylogenomic tree revealed that Rhodovulum sp. MB263 is closely related to Rdv.
sulfidophilum but clearly branched off the clade of the latter species. This suggests that strain MB263
has a distinct phylogenetic position at the species level within the genus Rhodovulum (Figure 7).

Figure 7. Maximum likelihood phylogenomic tree based on UBCGs (concatenated alignment of 92 core
gene sequences) showing genealogical relationships between Rhodovulum sp. MB263 and Rdv. sulfidophilum
DSM 1374T (shown by red letters) or other members of the genus Rhodovulum. The database accession
numbers for the sequences incorporated are shown in Table S2. The genome sequence of Rhodospirillum
rubrum ATCC 11170T was used as an outgroup to root the tree. Gene support indices and percentage
bootstrap values are given at the nodes of the tree. Scale bar = 0.2 substitution per position.

4. Discussion

The available information on the occurrence of PNSB in colored microbial mats and blooms
in the environment has so far been only scattered and fragmentary [8,19–21]. As reported herein,
our polyphasic approach to address this issue by culture-independent techniques as well as by
conventional cultivation methods has improved information on the distribution of PNSB in colored
blooms/mats in terms of quantity and quality. We need to carefully consider that there might be
cultivation and PCR biases in the used approach and that the numbers of the pufM gene clones
sequenced and the isolates phylogenetically identified in this study are not sufficient to describe the
phototrophic community structures at the studied sites. However, the results of direct phase-contrast
microscopy, quinone profiling, and the clone library analysis match and complement each other
relatively well, thereby increasing the reliability of our data.

One of the most important findings in the present study is that there were significant differences
in the contribution of PNSB to blooming phenomena and their biodiversity between the coastal
environments and wastewater ditches. In the coastal red-pink blooms, PNSB constituted significant
proportions of the phototrophic bacterial populations, but usually occurred in smaller CFU numbers
than PSB. Actually, direct microscopic observations and quinone profiling data have shown that the
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overwhelming majority as the biomass in the coastal red-pink blooms was represented by elemental
sulfur globe- and/or gas vacuole-containing PSB, whose main quinones are Q-8 and MK-8. In addition
to these findings, the pufM gene amplicon analysis has clearly shown that the major phylotypes
detected were those assigned to the genera Thiolamprovum and Thiocapsa in the pink mudflat and to
Marichromatium and Thiocapsa in the red tide pools. Similar PSB members accompanied by smaller
numbers of PNSB and aerobic anoxygenic phototrophic bacteria have been found in massive blooms
in a brackish lagoon [8]. To our knowledge, therefore, the formation of red-pink blooms in coastal
environments is attributable to massive development of PSB, and the contribution of PNSB as the
colorants to the bloom formation is less significant.

In contrast, the red-pink blooms/mats in the swine wastewater and sewage ditches exclusively
yielded PNSB, as demonstrated by a combination of phase-contrast microscopy, quinone profiling,
pufM gene clone sequencing, and cultivation-based phylogenetic analysis. Our data have shown that
PNSB assigned to the genera Rhodobacter (“Luteovulum” and “Phaeovulum” [61]), Rhodopseudomonas, and
Pararhodospirillum predominated in the ditches, but the PNSB community structure differed from sample
to sample. These results fully support the previous observation that visible massive development by
PNSB themselves takes place in the environment under specific conditions [19]. Obviously, while
coastal blooms commonly harbor Rhodovulum species as the major PNSB populations, wastewater
blooms/mats may contain different major taxa of PNSB depending on the environmental conditions.

One of the most important environmental factors affecting the proliferation of PNSB is the
concentration of sulfide. Since most of the PNSB species are unable to tolerate high concentrations
of sulfide, there are few chances for them to grow massively in such sulfide-rich environments
as coastal environments. However, marine species belonging to the genus Rhodovulum can use
relatively high concentrations of sulfide as the electron donor for photolithotrophic growth [64,65],
and Rdv. sulfidophilum has the genes of the Sox pathway involved in the complete eight-electron
oxidation of sulfide to sulfate [66,67]. Our genomic studies have confirmed that Rhodovulum sp.
strain MB263 as well as Rdv. sulfidophilum strains DSM 1374T and DSM 2351 have the complete
gene set of the sox operon. Also, the previous study has shown that Rhodovulum sp. MB263 is
capable of photolithotrophic growth with 2 mM sulfide as the electron donor [21]. These facts provide
a plausible reason why the group of Rhodovulum sp. MB263 and Rdv. sulfidophilum occurred in
significant phototrophic bacterial populations in the coastal blooms with high concentrations of sulfide.
Nevertheless, the biomass density of the Rhodovulum members would not become so high as exceeding
those of PSB and GSB, both of which have growth advantages, with higher affinities to sulfide as the
electron donor for photolithotrophy.

The second important factor controlling PNSB populations is ORP, which is also related to sulfide
concentrations. The mudflat and tide pools we studied exhibited an Eh level of −320 to −170 mV with
high concentrations of sulfide. Such low Eh levels as well as high sulfide concentrations are apparently
more favorable for growth and survival of PSB or GSB than PNSB. On the other hand, a limited higher
range of Eh (−93 to 23 mV), as seen in the ditch blooms/mats, may be effective for stimulating the
growth of PNSB while suppressing that of PSB and GSB.

The concentration of organic matter, which PNSB can use as energy and carbon sources for
photoorganotrophy as their best life mode, should be noted as the third important factor. The coastal
blooming mudflat and tide pools studied had low concentrations of organic matter, expressed as
COD, whereas the sewage and wastewater ditches were at much higher COD levels. This provides an
additional explanation for why PNSB could overgrow PSB in the wastewater ditches but not in the
coastal environments. Taken together, it may be logical to conclude that light-exposed, sulfide-deficient
water bodies with high-strength simple organic matter and in the limited range of ORP provide the
best conditions for the massive growth of PNSB. This also explains the basis for wastewater treatment
systems using PNSB for purifying highly concentrated organic matter, where they can compete with
co-existing PSB and chemoorganotrophic bacteria under limited aerobic conditions [72,73].
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As mentioned above, members of the genus Rhodovulum, especially the Rhodovulum sp.
MB263 genospecies and Rdv. sulfidophilum, occurred as the major PNSB populations in coastal
blooms, as revealed by pufM clone library analysis and cultivation-based phylogenetic studies.
Apparently, the ability of the Rhodovulum species to utilize sulfide as the electron donor for
photolithotrophic growth is an advantage in such sulfide-rich environments as blooming seawater
pools and mudflats. In addition, it is noteworthy that Rhodovulum sp. MB263 and Rdv. sulfidophilum
are capable of floc formation depending on the culture conditions [74]. This capacity might be
another advantage for the Rhodovulum members to protect themselves against environmental stress.
Further study with the genomic information obtained in this study should give a more comprehensive
understanding of how Rhodovulum species respond to various environmental factors in the ecosystem.

Rhodovulum sp. strain MB263 was isolated previously from a pink pool in a mudflat [21] in the
same area where we found mud blooms Y1 and Y3 in this study. Genomic DNA–DNA hybridization
assays in previous work showed that strain MB263 had a similarity level of 57% to Rdv. sulfidophilum
DSM 1374T as its closest relative, suggesting that the strains are closely related to each other but
differ at the species level [21]. In the present study, this suggestion is fully supported by genomic
and phylogenomic information. An ANI value of 91.21% between the genomes of strains MB263
and DSM 1374T is lower than the recommended threshold value (95–96%) for bacterial genospecies
circumscription [52,68]. Genome-wide comparisons of Rhodovulum sp. MB263 with other closely
related Rhodovulum species, e.g., Rdv. algae, should provide more definitive information on whether
strain MB263 represents a novel species of the genus Rhodovulum.

5. Conclusions

In polluted freshwater environments like wastewater ditches, PNSB can form visible dense
populations over PSB and GSB under specific conditions. These conditions are represented by
light-exposed, sulfide-deficient water bodies with high-strength organic matter and in a limited
range of ORP (−93 to 23 mV). On the other hand, coastal environments provide more favorable
conditions for the massive growth of PSB or GSB because of the high availability of sulfide and lower
concentrations of organic matter. In coastal colored blooms, nevertheless, PNSB with Rhodovulum
members predominating constitute a significant proportion of the phototrophic bacterial population.
These results expand our knowledge of the phototrophic community structure of marine and wastewater
massive blooms and the ecological significance of PNSB in these environments. Also, the high-quality
genomic information on Rhodovulum sp. strain MB263 and Rdv. sulfidophilum strain DSM 1374T

obtained in this study enhances our understanding of how PNSB respond to various environmental
factors in the ecosystem.
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Abstract: Photosynthetic bacteria have to deal with the risk of photooxidative stress that occurs
in presence of light and oxygen due to the photosensitizing activity of (bacterio-) chlorophylls.
Facultative phototrophs of the genus Rhodobacter adapt the formation of photosynthetic complexes
to oxygen and light conditions, but cannot completely avoid this stress if environmental conditions
suddenly change. R. capsulatus has a stronger pigmentation and faster switches to phototrophic
growth than R. sphaeroides. However, its photooxidative stress response has not been investigated.
Here, we compare both species by transcriptomics and proteomics, revealing that proteins involved in
oxidation–reduction processes, DNA, and protein damage repair play pivotal roles. These functions
are likely universal to many phototrophs. Furthermore, the alternative sigma factors RpoE
and RpoHII are induced in both species, even though the genetic localization of the rpoE gene,
the RpoE protein itself, and probably its regulon, are different. Despite sharing the same habitats,
our findings also suggest individual strategies. The crtIB-tspO operon, encoding proteins for
biosynthesis of carotenoid precursors and a regulator of photosynthesis, and cbiX, encoding a putative
ferrochelatase, are induced in R. capsulatus. This specific response might support adaptation by
maintaining high carotenoid-to-bacteriochlorophyll ratios and preventing the accumulation of
porphyrin-derived photosensitizers.

Keywords: Rhodobacter capsulatus; Rhodobacter sphaeroides; photooxidative stress; transcriptomics;
proteomics; stress defense

1. Introduction

Microbes in aquatic habitats need to adapt to frequent changes in environmental parameters like
temperature, O2-saturation, or light conditions. While phototrophic bacteria can take advantage of
pigment-protein complexes to use light energy for ATP production, they face the special challenge
of photooxidative stress: (bacterio-) chlorophylls can act as photosensitizers and transfer energy to
the ground state triplet oxygen (3O2), causing a spin conversion in the π*2p orbital that generates
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highly reactive singlet oxygen (1O2). While other photosensitizers like humic acids also contribute
to photooxidative stress, (bacterio-) chlorophyll a is regarded as the main cause of 1O2-generation
in photosynthetic bacteria. Independently of light, processes like lipid peroxide decomposition or
hypochloric acid reacting with hydrogen peroxide can generate 1O2 [1].

Facultative anoxygenic phototrophic bacteria of the genus Rhodobacter adjust their lifestyle to the
light and oxygen conditions. Due to a high metabolic versatility, they do not rely on photosynthesis
for ATP production, but can also perform aerobic or anaerobic respiration or fermentation. They do
not form photosynthetic complexes at high oxygen concentrations, and at intermediate oxygen
concentration, light inhibits the accumulation of pigment-protein complexes [2,3], which reduces the risk
of photooxidative stress. Several protein regulators, including redox-responsive factors, photoreceptors,
and even proteins with dual-sensing function like AppA [2], but also RNA regulators [4,5], contribute to
the regulated formation of photosynthetic complexes.

Nevertheless, situations that cause photooxidative stress cannot be completely avoided,
and consequently, mechanisms to defend this stress are important for survival. As seen across
all kingdoms, 1O2 damages a wide variety of biomolecules, including nucleic acids, amino acids,
fatty acid lipids or thiols, and glutathione [1,6,7]. Singlet oxygen can directly oxidize its targets or
generate other reactive oxygen species (ROS) like endo- or hydroperoxides via (4 + 2) cycloaddition or
the ene reaction [8]. Without a proper cellular response, 1O2-stress can be cytotoxic [9,10]. In the case of
DNA, the mutagenic potential of 1O2 in Escherichia coli can be assigned to the oxidation of guanine sites
to 8-oxo-7,8-dihydro-2′-deoxyguanosine (8-OHdG), which is susceptible to single strand breaks [9,11].
Regardless of the occurrence of 8-OHdG, 1O2 can also affect RNA, specifically viral RNA, by mediating
RNA-protein-crosslinking, as shown for photoinactivation of HIV-1 [12]. As 1O2 can form peroxides,
it also targets unsaturated fatty acids, causing lipid peroxidation which impairs membranes in their
potential, integrity, or transport activities [13,14]. However, due to their high abundance in the cell,
proteins are the primary targets of 1O2 [15]. Protein damage by 1O2 may often be traced back to the
oxidization of amino acids containing sulfur or aromatic compounds [7,16], but other ROS generated
by 1O2 might target the proteome as well. Unfolded or aggregated proteins and the loss of enzyme
activities are likely consequences of 1O2 [17].

For more than a decade, R. sphaeroides have served as the bacterial model organism to elucidate
the photooxidative stress response. Increased expression of certain genes in response to 1O2 was
demonstrated, and an important role of the alternative sigma factors RpoE, RpoHI, and RpoHII

in this response was revealed [10,18–21]. An early step in 1O2-dependent gene activation is
proteolytic degradation of the antisigma factor ChrR [22,23]. The released RpoE sigma factor
directly activates a small number of genes like the DNA photolyase gene phrA or cfaS (cyclopropane
fatty acyl-phospholipid synthase) [24,25], but also the rpoHII gene. RpoHII, together with RpoHI,
activates a high number of genes upon photooxidative stress, but also in response to other stresses [20,21].
Genes that are activated upon photooxidative stress have functions, e.g., in the detoxification of toxic
molecules like peroxides or methylglyoxal, in protein quality control and turnover, in 1O2 quenching,
DNA repair, and transport [1,26]. Although carotenoids provide protection against 1O2 in R. sphaeroides,
genes for carotenoid synthesis are not activated by 1O2 in this bacterium [27,28].

Regarding the photoprotective function of carotenoids, both R. capsulatus and R. sphaeroides
accumulate mainly spheroidene (SE) under anaerobic conditions and spheroidenone (SO) under (semi-)
aerobic conditions [27,29–33]. An oxygen-activated spheroidene monooxygenase (CrtA) causes this
shift and incorporates a keto-group into SE to form SO [31,32]. The shift from SE to SO helps Rhodobacter
to counteract 1O2 [34]. The introduced keto-group stabilizes the intramolecular charge transfer state of
excited carotenoids by binding to the reaction center of the light-harvesting complex I. Due to its low
energy, the intramolecular charge transfer state of carotenoids enables the quenching of 1O2 without
sacrificing light-harvest. This could explain why different carotenoid-deficient mutants of R. sphaeroides
showed decreased survival rates under photooxidative stress when (hydroxy-) SO amounts were very
low [27].
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Many small RNAs (sRNAs) are induced by 1O2 [35], and for some, the regulatory function could
be elucidated. The sRNA-mRNA interactions are often stabilized by the RNA chaperone Hfq, which is
another crucial element of the photooxidative stress response in R. sphaeroides [36]. Some of these
sRNAs (CcsR1-4, Pos19) are involved in balancing the glutathione pool and in the downregulation of
the pyruvate dehydrogenase complex and aerobic electron transport, a primary source of ROS [37,38].
Other sRNAs (SorY, SorX) reduce the metabolic flux into the tricarboxylic acid (TCA) cycle or affect
polyamine transport [39,40]. a switch from glycolysis to the pentose phosphate cycle and reduced
activity of the TCA cycle upon oxidative stress reduce the production of the pro-oxidant NADH
and increase production of the protective NADPH. An integrative “omics” approach supports the
importance of posttranscriptional regulation in the 1O2 response of R. sphaeroides [28].

R. capsulatus, another member of the Rhodobacteraceae, shares a very similar life style with
R. sphaeroides, and was also intensely studied with regard to its adaptation to different oxygen- and
light conditions [41,42]. Under high oxygen tension, R. capsulatus cultures show more pigmentation
than R. sphaeroides, implying a faster adaptation to phototrophic conditions but a higher risk of 1O2

production. However, the response to 1O2 has not been elucidated in R. capsulatus. In this study,
we applied omics approaches to analyze and compare the response of the two Rhodobacter species to
photooxidative stress. Although both species share the same habitats, our findings suggest individual
strategies to defend against photooxidative stress in addition to a common core response.

2. Materials and Methods

2.1. Bacterial Strains and Growth Conditions

Rhodobacter strains (Table S1) were cultivated at 32 ◦C in minimal medium containing malate as
a carbon source [43]. For microaerobic conditions (~25 μM O2), cultures were incubated in Erlenmeyer
flasks with a culture volume of 80% and shaking at 140 rpm. To cultivate Rhodobacter under aerobic
conditions (160–180 μM O2), cultures were grown either in baffled flasks with shaking at 140 rpm
and a culture volume of 20%, or in flat glass bottles gassed with air. To establish phototrophic
growth, airtight flat glass bottles were completely filled with medium and cultures were illuminated
continuously with white light (60 W·m−2; fluorescent tube: Omnilux 18W). In order to shift Rhodobacter
between two different growth conditions, exponentially growing cultures (OD660 of ~0.4) were diluted
to an OD660 of 0.2.

2.2. Photooxidative Stress Experiments

Photooxidative stress experiments were carried out as previously described in Glaeser and Klug,
2005 [27]. In short, pigmented cultures from microaerobic cultivation were shifted to aerobic conditions
in air-gassed flat glass bottles in the dark. Methylene blue was added at a final concentration of 0.2 μM.
After an OD660 of ~0.4 was reached, cultures were exposed to 800 W·m−2 white light to generate 1O2

(photooxidative stress).
For zone of inhibition assays, exponentially growing cultures were diluted into soft agar (0.8%,

w/v) and poured onto malate minimal salt medium agar (1.6%, w/v). Five microliters of methylene
blue (10 μM) were spotted onto a filter paper disk, which was placed in the center of the agar plate.
Cultures were incubated for 48 h at 32 ◦C under illumination with 20 W·m−2 white light.

2.3. Analysis of Pigmentation

BChl a and carotenoids were extracted and measured as described in Glaeser and Klug, 2005 [27].
Briefly, 1 mL samples of Rhodobacter cultures were harvested at 17,000× g for 5 min. Pellets were
resuspended in 50 μL ddH2O and mixed with 500 μL of acetone/methanol (7/2, v/v) by vortexing for
30 s. Samples were centrifuged at 17,000× g for 5 min, and the absorption of the supernatant was
measured in a Specord 50 Plus spectrometer (Analytik Jena, Jena, Germany), using acetone/methanol
(7/2, v/v) as a reference. The carotenoid and BChl a concentrations were calculated from the absorptions
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at 484 and 770 nm, respectively, with extinction coefficients of 128 mM−1·cm−1 for carotenoids [44] and
76 mM−1·cm−1 for BChl a [45]. Concentrations were normalized to the OD660.

2.4. Measurement of Reactive Oxygen Species

Singlet oxygen levels were measured using the fluorescent probe Singlet Oxygen Sensor Green
(SOSG, Molecular Probes, Eugene, OR, USA). a SOSG stock solution of 100 μM was prepared in
HEPES buffer (40 mM, pH 7, 1% methanol). Six microliters of the SOSG stock solution were added to
114 μL culture samples (final SOSG concentration of 5 μM). Technical duplicates were incubated for
30 min at 32 ◦C and 450 rpm in a Vibramax 100 shaker (Heidolph Instruments, Schwabach, Germany).
Samples were either kept in the dark or illuminated with 800 W·m−2 red light. Samples without
SOSG served as background controls. Cells were centrifuged at 8,000 rpm for 5 min and resuspended
in 100 μL HEPES buffer (40 mM, pH 7, 1% methanol). Fluorescence intensities (excitation 500 nm,
emission 532 nm) were measured in an Infinite M200 microplate reader (Tecan, Crailsheim, Germany).
After subtraction of the background control, fluorescence intensities were normalized to BChl a levels.
Ratios between illuminated samples and dark controls were subsequently calculated.

General ROS levels were measured as previously described [43], using the oxidation-sensitive
fluorescent probe 2,7-dihydrodichlorofluorescein diacetate (H2DCFDA, Molecular Probes, Eugene,
OR, USA). Culture samples of 100 μL were incubated at 32 ◦C with H2DCFDA (final concentration of
10 μM) for 30 min and shaking at 140 rpm in technical triplicates. a culture sample without H2DCFDA
served as background control. Fluorescence intensities (excitation 492 nm, emission 525 nm) were
measured in an Infinite M200 microplate reader (Tecan, Crailsheim, Germany). After subtraction of the
background control, fluorescence intensities were normalized to the OD660.

2.5. Transcriptome Analysis by RNA-Sequencing

2.5.1. Sample Preparation for RNA-seq

Cultures of R. capsulatus were shifted from microaerobic to aerobic growth in the dark followed
by photooxidative stress as described by Berghoff and colleagues [28]. Samples of 20 mL before (0 min)
and after stress (10 min) were collected, cooled on ice, and centrifuged at 10,000× g for 10 min at 4 ◦C.
Cell pellets were resuspended in 1 mL minimal medium and centrifuged at 10,000× g for 10 min at
4 ◦C. RNA was extracted via the hot phenol protocol [46]. The RNA was resolved in RNase-free water
(Roth) and treated with DNaseI (Invitrogen, Carlsbad, CA, USA) to remove traces of DNA. a test PCR
(rpoZ-for: 5′-GAT GAT CTG CGC GAG CGT CT-3′; rpoZ-rev: 5′-CCT TGC GCG TCC ATC AAT GC-3′)
was performed to ensure that the RNA was free of DNA. RNA integrity was assessed using the Agilent
RNA 6000 Nano Kit on the Agilent 2100 Bioanalyzer (Agilent Technologies, Santa clara, CA, USA) to
ensure high quality RNA (RIN ≥ 9) for downstream processing. rRNA was depleted from 5 μg of total
RNA using the Ribo-Zero rRNA Removal Kit (Gram-Negative Bacteria, Epicentre Biotechnologies,
Madison, WI, USA) as recommended by the manufacturer. One microliter of either 1:10 diluted ERCC
ExFold RNA Spike-in Mix 1 or Mix 2 (Ambion, Austin, TX, USA) was added to 1 μg of rRNA-depleted
RNA. To create 5′-monophosphorylated RNA, rRNA-depleted RNA (including ERCC Spike-in Mixes)
was treated with RNA 5′ polyphosphatase as recommended by the manufacturer.

2.5.2. Strand-Specific Library Preparation and Illumina Sequencing

Strand-specific RNA-seq cDNA library preparation and barcode introduction was based on RNA
adapter ligation as described earlier [47]. The quality of the libraries was validated using an Agilent
2100 Bioanalyzer (Agilent Technologies) following the manufacturer’s instruction. Cluster generation
was performed using the Illumina cluster station. Single-end sequencing on the HiSeq2500 followed
a standard protocol. The fluorescent images were processed to sequences and transformed to FastQ
format using the Genome Analyzer Pipeline Analysis software 1.8.2 (Illumina, San Diego, CA,
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USA). The sequence output was controlled for general quality features, sequencing adapter clipping,
and demultiplexing using the fastq-mcf and fastq-multx tool of ea-utils [48].

2.5.3. Read Mapping, Bioinformatics and Statistics

The quality of the sequencing output and potential contamination was analyzed using
FastQC (Babraham Bioinformatics, http://www.bioinformatics.babraham.ac.uk/projects/fastqc/).
Identified adapter contamination and remaining artificial sequence (barcode) were removed using
program fastx_trimmer from the FASTX-210 toolkit version 0.0.13 (http://hannonlab.cshl.edu/fastx_
toolkit/). On the 3′-end, reads were trimmed if the per base Phred score fell short of 20. Trimmed reads
with a remaining length < 20 nucleotides were discarded. All sequenced libraries were mapped
to the R. capsulatus genome (accession no. NC_014034) and the pRCB133 plasmid (accession no.
NC_014035.1) using Bowtie2 (version 2.1.0) in end-to-end alignment mode [49]. After read mapping,
the resulting bam files were filtered for uniquely mapped reads using SAMtools (both strands) [50].
The determined uniquely mapped read counts served as inputs to DESeq2 [51] for the pairwise
detection and quantification of differential gene expression. For DESeq2 parametrization, we used
a beta prior and disabled Cook distance cut off filtering. All other parameters remained unchanged.
In addition, RPKM (reads per kilobase max. transcript length per million mapped reads) values were
computed for each library from the raw gene counts. The list of DESeq2 determined differentially
expressed genes (DEGs) was filtered with a conservative absolute log2 fold change cutoff of at least 1
and a cutoff for a multiple testing corrected p-value of at most 0.05.

2.5.4. ERCC Spike-in Control Analysis

To assess the platform dynamic range and the accuracy of fold-change responses, ERCC RNA
Spike-in controls were used. Spike-in control sequences were added to the R. capsulatus reference
genome/annotation prior to read alignment and read counts for Spike-in controls were determined,
along with normal gene counts with program htseq-count. Further data analyses and the generation
of dose- and fold-change response plots were performed as described by the manufacturer
(Ambion, Carlsbad, CA, USA).

2.5.5. RNA-seq Data Accessibility

The RNA-seq analysis can be found in Table S2. Raw RNA-seq data have been deposited in NCBI’s
Gene Expression Omnibus, and are accessible through GEO Series accession number GSE134200.

2.6. Quantitative RT-PCR

For quantitative RT-PCR, total RNA was isolated after 10 min of photooxidative stress as described
for RNA-seq. Samples were treated with TURBO DNA-free™ Kit (Invitrogen, Thermo Fisher Scientific,
Schwerte, Germany) to remove DNA contaminations. The Brilliant III Ultra-Fast SYBR Green QRT-PCR
Master Mix (Agilent Technologies, Waldbronn, Germany) was applied using 4 ng·μL−1 of total RNA
per reaction. RT-PCR was performed in a CFX Connect™ Real-Time System (Bio-Rad). Cycle threshold
(Ct) values were determined using the CFX Maestro™ Software (Bio-Rad, Feldkirchen, Germany),
and relative transcript levels calculated according to Pfaffl (2001) [52]. The rpoZ gene was used for
normalization. Primers and their amplification efficiencies are listed in Table S3.

2.7. Protein Sample Preparation and Mass Spectrometry

Protein sample preparation was performed as previously described [53]. For mass spectrometry
(MS) analysis, peptides were eluted from STAGE tips by solvent B (80% acetonitrile, 0.1% formic
acid), dried down in a SpeedVac Concentrator (Thermo Fisher Scientific, Schwerte, Germany) and
dissolved in solvent a (0.1% formic acid). Peptides were separated using an UHPLC system (EASY-nLC
1000, ThermoFisher Scientific, Waltham, MA, USA) and 20 cm, in-house packed C18 silica columns
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(1.9 μm C18 beads, Dr. Maisch GmbH) coupled in line to a Q-Exactive HF orbitrap mass spectrometer
(ThermoFisher Scientific) using an electrospray ionization source. a gradient of 240 min was applied
using a linearly increasing concentration of solvent B (80% acetonitrile, 0.1% formic acid) over solvent
a (0.1% formic acid) from 5% to 30% for 215 min and from 30% to 60% for 5 min, followed by washing
with 95% of solvent B for 5 min and re-equilibration with 5% of solvent B. Full MS spectra were
acquired in a mass range of 300 to 1750 m/z with a resolution of 60,000 at 200 m/z. The ion injection
target was set to 3 × 106 and the maximum injection time limited to 20 ms. Ions were fragmented by
high-energy collision dissociation (HCD) using a normalized collision energy of 27 and an ion injection
target of 5 × 105 with a maximum injection time of 20 ms. The resulting tandem mass spectra (MS/MS)
were acquired with a resolution of 15,000 at 200 m/z using data dependent mode with a loop count of
15 (top 15). MS raw data were processed by MaxQuant (1.5.3.12) [54] using the Uniprot database for
R. capsulatus containing 4290 entries (release date July 2016). The following parameters were used for
data processing: maximum of two miss cleavages, mass tolerance of 4.5 ppm for main search, trypsin as
digesting enzyme, carbamidomethylation of cysteines as fixed modification, oxidation of methionine,
and acetylation of the protein N-terminus as variable modifications. For protein quantification, the LFQ
function of MaxQuant was used. Peptides with a minimum of seven amino acids and at least one
unique peptide were required for protein identification. Only proteins with at least two peptides and
at least one unique peptide were considered to have been identified and were used for further data
analysis. LFQ intensities for all identified proteins can be found in Table S4.

2.8. Search for Orthologous Rhodobacter Genes and Synteny Analysis

To find orthologous genes in R. capsulatus and R. sphaeroides, the Genome Gene Best Homologs
tool from the IMG web resources was used [55]. The pBLAST-based search of orthologous genes used
a 30% amino acid identity as a cutoff value for homology. Phyre2 was applied for a structural homology
search [56]. Synteny analysis was performed using Edgar 2.3, a software platform for comparative
gene content analyses [57].

2.9. Gene Ontology Enrichment Analysis

Significantly enriched functional groups were determined with the program Cytoscape version
3.6.0 [58] according to Gene Ontology (GO) terms using the BiNGO tool [59]. Overrepresented GO
categories in the data sets were determined with a hypergeometric test with Benjamini-Hochberg
false discovery rate correction and a significance level of 0.05. The whole R. capsulatus genome served
as a reference. The selected ontology file was gb.obo, format-version 1.2, released 06/10/2017 [60,61].
The resulting networks were searched for overrepresented GO categories.

3. Results

3.1. Adaptation of R. sphaeroides and R. capsulatus to Different Growth Conditions

Based on the different pigment content of the two Rhodobacter species, we hypothesized differences
in their adaptation to phototrophic growth. When cultures of the two species were kept under
microaerobic conditions in the dark, the growth behavior was nearly identical (doubling time td of 4 h
± 3 min for R. capsulatus and 4 h 10 min ± 15 min for R. sphaeroides, Figure 1A). a shift from high oxygen
to phototrophic conditions with 60 W·m−2 white light revealed a remarkably faster adaption process
for R. capsulatus, i.e., entering the exponential growth after the shift took ~4 h for R. capsulatus but ~21 h
for R. sphaeroides (Figure 1B). As seen by the doubling time, R. capsulatus also grew faster in exponential
phase under phototrophic conditions than R. sphaeroides (td of 3 h 35 min ± 4 min for R. capsulatus
and 6 h 50 min ± 30 min for R. sphaeroides). This supported our hypothesis that the higher pigment
content of R. capsulatus would allow a faster switch to occur to phototrophic growth. Interestingly,
carotenoids (especially SE and SO) strongly contributed to the growth benefit of R. capsulatus, as shown
by experiments with transposon mutants lacking these carotenoids (Figure S1).
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Figure 1. Growth of R. capsulatus and R. sphaeroides under different oxygen and light conditions.
Exponential phase cultures of R. capsulatus (R.c. SB1003) and R. sphaeroides (R.s. 2.4.1) were diluted
to an OD660 of 0.2 at time point 0 h. The OD660 was plotted semi-logarithmically against the time.
Data points represent the mean of biological triplicates and error bars depict the standard deviation
(standard deviations might not be visible if they are too small). (A) Microaerobically growing cultures.
(B) Aerobically growing cultures shifted to phototrophic growth. (C) Microaerobically growing cultures
were exposed to photooxidative stress when an OD660 of ~0.4 was reached. Figure S2 shows growth
under dark and light conditions with or without methylene blue.

We also asked the question of how a strong increase of photooxidative stress caused by
1O2 would affect growth of the two Rhodobacter species. To test this, pigmented cultures (after
microaerobic cultivation) were cultivated under aerobic conditions in the dark and shifted to high
light conditions (800 W·m−2) in the presence of methylene blue (0.2 μM) when an OD660 of 0.4 was
reached. These conditions were previously shown to produce 1O2 and to induce a specific response in
R. sphaeroides [27,28]. Importantly, neither methylene blue in the dark nor high light without methylene
blue resulted in a strong growth retardation (Figure S2). After initiating photooxidative stress,
R. capsulatus showed faster growth than R. sphaeroides, but slowed down earlier. As a consequence,
both strains reached the same OD660 after 12 h (Figure 1C).

Although a stronger pigmentation of R. capsulatus cultures under high oxygen tension compared to
R. sphaeroides was obvious, we wanted to quantify the differences and also analyze the ratio of carotenoids
and bacteriochlorophylls throughout growth at different conditions. While bacteriochlorophyll
functions as a photosensitizer that promotes the production of 1O2, carotenoids can quench 1O2,
and are thus part of the defense system against 1O2. In general, R. capsulatus showed a higher amount
of bacteriochlorophyll a (Bchl a) and carotenoids, e.g., under microaerobic conditions (Figure S3) at
an OD660 of ~0.4: R. capsulatus had ~3.0 μM per OD660 carotenoids and ~2.8 μM per OD660 Bchl a,
whereas R. sphaeroides had ~0.7 μM per OD660 carotenoids and ~2.0 μM per OD660 Bchl a. After a shift
to phototrophic growth, carotenoid and Bchl a levels steadily increased in R. capsulatus, reaching levels
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that were much higher than under aerobic conditions (Figure 2A). Since R. sphaeroides stopped growing
after this transition for nearly 13 h, the carotenoid and Bchl a levels stayed low during this time period
and increased only slowly. Thirty-two hours after the shift, carotenoid and Bchl a levels were about
3.6-fold and 4.1-fold higher, respectively, in R. capsulatus (Figure 2A). After a shift from low to high
oxygen tension and addition of methylene blue in the dark, the pigment level steadily dropped in
both strains (Figure 2B). When illumination was started to generate 1O2, the Bchl a level dropped
further. The carotenoid level in R. capsulatus, however, remained fairly constant (~1.4 μM per OD660),
with a small peak (~1.6 μM per OD660) after four hours of stress. By contrast, R. sphaeroides showed
a steady decline of carotenoids.

R.c.
R.c. a
R.s.
R.s. a

R.c.
R.c. a
R.s.
R.s. a

a

R.c.
R.s.

a

Figure 2. R. capsulatus has a stronger pigmentation and a higher carotenoid to bacteriochlorophyll a
ratio than R. sphaeroides. Cultures in the exponential phase were diluted to an OD660 of 0.2 at time
point 0 h. The content of carotenoids (Crt) and bacteriochlorophyll a (Bchl a) was normalized to the
respective OD660-values and plotted against the time for (A) aerobically growing cultures shifted to
phototrophic growth, and (B) microaerobically growing cultures shifted to aerobic dark conditions
followed by exposure to photooxidative stress. The Crt:Bchl a ratio was plotted against the time for (C)
R. capsulatus either continuously grown under microaerobic conditions or shifted to different oxygen
and light conditions, and for (D) R. capsulatus and R. sphaeroides after a shift from microaerobic to
aerobic dark conditions followed by photooxidative stress. Data points represent the mean of biological
triplicates and error bars depict the standard deviation (standard deviations might not be visible if they
are too small).

Not only the total amount of pigments may be important for adaptation of Rhodobacter species to
changing conditions, but also the ratio of the 1O2-quenching carotenoids (Crt) to the 1O2-producing
BChl a. In R. capsulatus, the Crt:BChl a ratio did not change much during continuous cultivation under
microaerobic conditions (ratio of ~1.1) or after a shift from aerobic to phototrophic conditions (ratio
of ~0.8; Figure 2C). However, a shift from microaerobic to aerobic conditions resulted in a strong
increase of the Crt:Bchl a ratio from ~1.2 to ~3.0 in R. capsulatus (Figure 2C). Figure 2D compares the
change in the Crt:Bchl a ratio between R. sphaeroides and R. capsulatus upon exposure to 1O2. The ratios
remained fairly constant in both species during microaerobic growth and also after the shift to aerobic
dark conditions in the presence of methylene blue. The ratios were ~1.1 in R. capsulatus and ~0.5 in
R. sphaeroides. After the start of illumination and the production of 1O2, the Crt:Bchl a ratio increased in
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R. capsulatus from ~1.1 to nearly 3.0. In R. sphaeroides this ratio was below one under all conditions,
and only increased from ~0.5 to ~0.8 after the initiation of photooxidative stress.

3.2. Generation of ROS in R. sphaeroides and R. capsulatus upon Photooxidative Stress

To see whether the different Crt:BChl a ratios observed in the two Rhodobacter species under
photooxidative stress conditions (Figure 2D) would affect 1O2 levels, the fluorescent probe Singlet
Oxygen Sensor Green (SOSG) was used for in vivo 1O2 measurements. Since white light itself can affect
SOSG fluorescence, red light was used for illumination [62]. In cell-free reactions, the combination of
oxygen, red light, and methylene blue caused enhanced SOSG fluorescence due to photosensitized
formation of 1O2 (Figure S4). When pigmented cultures were incubated under aerobic conditions
in the presence of methylene blue, the ratio of SOSG fluorescence between illuminated samples
and dark controls was significantly higher for R. sphaeroides than for R. capsulatus (Figure 3A),
indicating enhanced 1O2 levels in R. sphaeroides. In addition, general ROS formation was measured by
applying 2,7-dihydrodichlorofluorescein diacetate (H2DCFDA) before and after starting the white light
illumination of aerobic cultures in the presence of methylene blue. The fluorogenic probe H2DCFDA
is mainly specific for hydrogen peroxide, peroxynitrite anions, and peroxyl radicals [63], ROS that
are partly generated downstream of 1O2 [15,64]. An increase in DCF fluorescence indicates elevated
ROS levels. We found significant differences in fluorescence levels between the two species before and
10 min after initiating photooxidative stress (Figure 3B). The relative fluorescence intensity indicated
higher ROS levels in R. sphaeroides compared to R. capsulatus by a factor of 1.6 and 1.5 for 0 and 10 min
of photooxidative stress, respectively (Figure 3B).

R.c.
R.s.R.c.

R.s.

Figure 3. Determination of intracellular 1O2 and ROS levels in R. capsulatus and R. sphaeroides
under photooxidative stress conditions. (A) The fluorogenic probe SOSG was used for 1O2 detection.
Fluorescence intensities were normalized to BChl a levels. Ratios between illuminated samples
(800 W·m−2 red light) and dark controls were calculated. (B) The fluorogenic probe H2DCFDA was
used for ROS detection. Fluorescence intensities were normalized to the OD660 and displayed in
arbitrary units (AU). Data points indicate individual measurements and bars represent the mean.
Two-way ANOVA followed by Bonferroni posttest was used to compare results from R. capsulatus
(R.c. SB1003) and R. sphaeroides (R.s. 2.4.1) (* p-value < 0.05, *** p-value <0.001).

3.3. The rpoE-chrR Locus of R. capsulatus Shows a Unique Genetic Context in Comparison to Other Bacteria
within the Rhodobacteraceae

Detailed work in R. sphaeroides identified the sigma factor RpoE as the master regulator
of the response to 1O2 [1,65]. RpoE is primarily controlled by its cognate antisigma factor
ChrR, but full activation of RpoE requires the RpoE regulon members RSP_1090/91 (putative
cyclopropane/cyclopropene fatty acid synthesis proteins) and the cyclopropane-fatty-acyl-phospholipid
synthase CfaS [22,23]. In addition, DegS and RseP homologous proteases are involved in the degradation
of ChrR [22]. In R. sphaeroides, the RSP_1090/91 genes are located immediately upstream of the rpoE-chrR
locus, a genetic arrangement that is conserved among many bacteria within the Rhodobacteraceae (e.g.,
Roseobacter denitrificans, Dinoroseobacter shibae, Jannaschia rubra, Ruegeria litorea, and Oceanicola litoreus).
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Interestingly, RpoE and ChrR homologs were not found in R. capsulatus using simple sequence
alignment tools, but were revealed here by a structural homology search using Phyre2 [56]. The RpoE
proteins of R. sphaeroides and R. capsulatus only share 24% identity, but the confidence in the Phyre2

structural homology analysis is high (99.9%). Importantly, the gene adjacent to the rpoE gene of
R. capsulatus encodes a putative antisigma factor with 13% identity to ChrR (confidence of 99.4%).
Although the identity values are relatively low, the high confidence in the Phyre2 analysis strongly
suggests that R. capsulatus has true RpoE (RCAP_rcc00699) and ChrR (RCAP_rcc00698) homologs.
Moreover, and similar to R. sphaeroides, the rpoE-chrR locus of R. capsulatus is induced by 1O2, as revealed
by RNA-seq (Figure 4 and Table 1). However, microsynteny analysis using Edgar 2.3 [57] showed
that the genetic context of the rpoE-chrR locus in R. capsulatus is different from R. sphaeroides (Figure 4).
The RpoE-dependent operon RSP_1087-1091, which is located upstream of rpoE-chrR in R. sphaeroides,
cannot be found next to rpoE-chrR in R. capsulatus. Moreover, respective homologs seem to be completely
absent from the R. capsulatus genome (Table 1). Instead, the rpoE-chrR locus is located next to an
operon, which encodes the glutathione peroxidase BsaA1, the cryptochrome/photolyase CryB, and two
hypothetical proteins. All four genes are clearly induced by 1O2 (Figure 4). Interestingly, cryB belongs
to the RpoHII regulon in R. sphaeroides [66]. Microsynteny analysis further revealed that rpoE-chrR is
in close proximity to the photosynthetic gene cluster of R. capsulatus (bch and puf genes in Figure 4).
This genetic arrangement cannot be found in closely related members within the Rhodobacteraceae
(155 genomes analyzed in total), and it remains speculative whether this unique gene colocalization
is purely coincidental or represents a strong functional relationship between photosynthesis and the
response to 1O2.

Figure 4. Microsynteny analysis of the rpoE-chrR locus in R. capsulatus and R. sphaeroides. The two
upper panels show normalized read count distributions of a representative RNA-seq experiment
with R. capsulatus (R.c. SB1003) before (T0) and 10 min after the onset of photooxidative stress (T10).
The lower panels show the microsynteny analysis of the rpoE-chrR locus in R. capsulatus and its
homologous genes in R. sphaeroides (R.s. 2.4.1). Homologs are indicated by identical colors.
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Table 1. Transcriptome changes upon photooxidative stress of the RpoE regulon in R. sphaeroides
compared to homologs in R. capsulatus.

R. sphaeroides
Gene

Description Log2 FC 1 (7 min) Log2 FC 1 (45 min)
R. capsulatus

Gene 2 Log2 FC 1 (10 min)

RSP_1092 rpoE RNA polymerase sigma-70 factor 2.2 ** 2.0 *** RCAP_rcc00699
rpoE 3.7 ***

RSP_1093 chrR Antisigma factor ChrR 2.0 ** 2.2 *** RCAP_rcc00698
chrR 3.4 ***

RSP_2144 cfaS Cyclopropane-fatty-acyl -phospholipid
synthase CfaS 1.4 * 1.0 *** RCAP_rcc00273

rsmB1 0.3

RSP_2143 phrA DNA photolyase 1.6 ** 1.5 *** RCAP_rcc02958
phrB 2.7 ***

RSP_1091 Putative cyclopropane or cyclopropene
fatty acid synthesis protein 2.2 *** 2.0 *** No homolog

RSP_1090 Putative cyclopropane/cyclopropene fatty
acid synthesis protein 2.4 1.9 *** No homolog

RSP_1089 Sugar/cation symporter, GPH family 1.9 * 1.8 *** No homolog

RSP_1088 Hypothetical protein 1.1 * 0.8 ** No homolog

RSP_1087 Short-chain dehydrogenase/reductase
family member 0.9 0.7 ** No homolog

RSP_0601
rpoHII

RNA polymerase sigma factor 2.0 * 2.1 * RCAP_rcc00458
rpoHII

3 2.1 ***

RSP_1409 Beta-Ig-H3/fasciclin 2.8 ** 4.5 * No homolog

RSP_1852 folE2 Hypothetical protein 2.2 *** 2.3 *** RCAP_rcc01493
folE2 3.3 ***

RSP_0296 cycA Cytochrome c2 −0.3 0.5 ** RCAP_rcc01240
cycA1 0.2

RSP_3336 ABC spermidine/putrescine transporter,
inner membrane subunit 0.0 0.2 * RCAP_rcc01895

potH1 −0.6 *

RSP_6222 Hypothetical protein 0.1 0.3 No homolog

1 It is indicated whether log2 fold changes (log2 FC; stressed versus unstressed) were statistically significant
(* p-value < 0.05, ** p-value < 0.01, and *** p-value < 0.001). Data for R. sphaeroides were retrieved from Berghoff and
colleagues [28]. 2 Homologs found either by pBLAST (30% protein identity) or Phyre2. 3 Annotated as rpoHI in
public databases.

3.4. Transcriptome Analysis of the Response to Singlet Oxygen in R. capsulatus

To learn more about the response to 1O2 in R. capsulatus, RNA-seq was performed for samples
collected before (T0) and 10 min after the onset of 1O2 stress (T10). The reproducibility of biological
replicates is shown by correlation analysis with highly significant Pearson’s r-values of ≥ 0.985 for all
possible interreplicate comparisons (Figure S5). Principal component analysis (PCA) further revealed
a clear separation between T0 and T10 samples along the first dimension (Figure S6A). In total,
3441 transcripts were quantified in the RNA-seq analysis. Four hundred and seventy-one transcripts
were up- and 261 transcripts were down-regulated upon 1O2 stress (log2 fold change ≥ 1 or ≤ −1
and p-value < 0.05). To validate the RNA-seq approach for R. capsulatus and to further confirm the
microarray results for R. sphaeroides [28], quantitative RT-PCR (qRT-PCR) was performed for selected
genes. The qRT-PCR data were in good agreement with both RNA-seq and microarray results (Figure 5).
However, for cbbM, gltD, cysP, crtI, and cbiX, transcript levels were only increased in R. capsulatus.
In R. sphaeroides, three independent primer pairs were unable to detect cbiX transcripts.
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Figure 5. Gene expression changes for selected genes upon photooxidative stress in Rhodobacter.
Relative transcript levels (RTL) were calculated after the onset of photooxidative stress in comparison
to a non-stressed control in R. capsulatus (R.c. SB1003) and R. sphaeroides (R.s. 2.4.1). RNA-seq (this
study) and microarray data [28] are shown for comparison. For qRT-PCR (qRT), bars represent the
mean of biological triplicates, and error bars depict the standard deviation. The cbiX transcript was not
detected (nd) in R. sphaeroides.

From R. sphaeroides, it is known that 13 out of 15 genes of the RpoE regulon are induced by 1O2

(Table 1; [28]). In R. capsulatus, protein homologs were only found for seven of the 15 RpoE regulon
members, which applies to RpoE, ChrR, photolyase PhrA (PhrB), sigma factor RpoHII, cytochrome c2
CycA (CycA1), a polyamine transporter subunit (PotH1), and cyclohydrolase FolE2 (RCAP_rcc01493)
(Table 1). It is worth noting that the aforementioned R. capsulatus sigma factors RpoHI and RpoHII are
wrongly annotated in public databases: our analyses (see below) clearly show that RCAP_rcc00458
(annotated as rpoHI) represents rpoHII, and vice versa, RCAP_rcc02811 (annotated as rpoHII) corresponds
to rpoHI from R. sphaeroides. Thus, we refer to RCAP_rcc00458 as rpoHII and to RCAP_rcc02811 as
rpoHI. Among the seven homologs of the RpoE regulon, only rpoE, chrR, phrB, rpoHII, and folE2 were
induced upon 1O2 stress in R. capsulatus, indicating that similarities are probably limited to the most
important features, which has also been observed for Roseobacter denitrificans [67]. One of the conserved
1O2-related features includes sigma factor RpoHII, which shares a partially overlapping regulon with
heat-shock sigma factor RpoHI in R. sphaeroides [10,19,20]. In contrast to rpoE-chrR, the genetic context
of both rpoHI and rpoHII is partly conserved between R. sphaeroides and R. capsulatus (Figure 6A,B).
From R. sphaeroides it is known that RpoHII is more important for 1O2 stress resistance than RpoHI [20];
the same was observed here for R. capsulatus (Figure 6C).

To identify the most prominently enriched functional groups in R. capsulatus, we conducted a Gene
Ontology (GO) term enrichment analysis using BiNGO in Cytoscape [58,59] for the 100 transcripts with
the strongest increase. Transcripts contributing to oxidation–reduction processes were significantly
increased and formed the largest group (24 transcripts; Figure 7). Furthermore, we could identify
several stress-related functional groups. The first group comprises nine transcripts encoding proteins
with a role in protein turnover and repair, which applies to the peptide methionine sulfoxide reductases
MsrA1, MsrA2, MsrB1, and MsrB2, the chaperones GroS and GroL, and the peptidases/proteases Dcp,
TldD, and RCAP_rcc03333 (Figure 7). The second group comprises five transcripts encoding proteins
with a known role in the (photo-) oxidative stress response, including RpoE and ChrR, RpoE-dependent
GTP cyclohydrolase FolE2, peroxidase BsaA1, and glutathione-disulfide reductase Gor (Figure 7).
The third and last group is formed by five transcripts encoding proteins with a function in DNA
damage repair, which applies to photolyases PhrB and CryB, two components of the UvrABC complex,
and the A/G-specific adenine glycosylase MutY (Figure 7).
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Figure 6. Analysis of rpoHI and rpoHII in R. capsulatus. RNA-seq and microsynteny analysis for
(A) rpoHI and (B) rpoHII in R. capsulatus. The two upper panels show read count distributions of
a representative RNA-seq experiment with R. capsulatus (R.c. SB1003) before (T0) and 10 min after
the onset of photooxidative stress (T10). The lower panels show the microsynteny analysis of the
rpoH locus in R. capsulatus and its homologous genes in R. sphaeroides (R.s. 2.4.1). Homologs are
indicated by identical colors. (C) Zone of inhibition assay showing the sensitivity of R. capsulatus
strains to photooxidative stress. Data points indicate individual measurements and bars represent the
mean. One-way ANOVA followed by Bonferroni posttest was used to compare results from different
R. capsulatus strains (* p-value < 0.05, *** p-value < 0.001).
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Figure 7. Transcriptome analysis of R. capsulatus reveals functional groups with importance to
photooxidative stress. Changes in transcript abundance after 10 min of photooxidative stress
were determined by RNA-seq of biological triplicates. The volcano plot depicts log2 fold changes
(10 min versus 0 min) of all quantified transcripts and the corresponding p-values (as negative
log10). The horizontal dashed line indicates the cutoff for statistical significance (p < 0.05), and the
vertical dashed lines indicate log2 fold changes ≤ −1 and ≥ 1. Significantly increased transcripts with
a log2 fold change ≥ 1 are indicated as red open circles. Transcripts encoding proteins with known
stress-related functions are highlighted in yellow. Boxes below the volcano plot depict functional
groups as determined by GO term enrichment analysis of the 100 transcripts with the strongest increase.
Log2 fold changes of ≥ 2 or ≥ 3 are indicated with + and ++, respectively.

3.5. Similar Proteins Fulfill Important Functions in Response to Singlet Oxygen in R. sphaeroides and
R. capsulatus

It is known that changes on the RNA level are not necessarily reflected by changes in protein
abundance. We therefore complemented our dataset by proteomic analysis of samples collected
before (T0) and 90 min after the onset of 1O2 stress (T90). Correlation between the transcriptome
(T10) and proteome (T90) was fairly low (Pearson’s r-value = 0.49). Proteins were analyzed by
LC-MS/MS and applied to a label-free quantification (LFQ) approach [68]. Pearson’s r-values of ≥ 0.975
for interreplicate comparisons demonstrated high reproducibility of the LFQ approach (Figure S7).
Principal component analysis (PCA) further revealed a clear separation between T0 and T90 samples
along the first dimension (Figure S6B). LFQ intensities, reflecting protein abundance, were subsequently
used to calculate fold changes between conditions. In total, 1507 proteins were quantified, revealing
46 increased and 35 decreased proteins upon 1O2 stress (log2 fold change≥ 1 or≤−1 and p-value < 0.05).
Increased proteins were subjected to GO term enrichment analysis using BiNGO in Cytoscape [58,59],
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and compared to proteome data from R. sphaeroides [28]. Seven homologous proteins were identified
as increased in both organisms (Figure 8), including the three methionine sulfoxide reductases MsrA,
MsrB1, and MsrB2, GTP cyclohydrolase FolE2, ATP-dependent protease ClpA, a putative protease
(RCAP_rcc03333/RSP_1490), and an uncharacterized protein (RCAP_rcc00543/RSP_1760). All other
proteins were only found to be increased in one of the two organisms (39 proteins in R. capsulatus
and 43 proteins in R. sphaeroides), and only one functional group was clearly enriched in both
organisms by means of GO terms, i.e., proteins with a function in oxidation–reduction processes.
However, we identified several proteins with stress-related functions and grouped them accordingly
(Figure 8). a prominent group relates to protein turnover and repair, including the aforementioned
methionine sulfoxide reductases and several proteases, that are either increased in both organisms
(ClpA and RCAP_rcc03333/RSP_1490) or only in one of the organisms (Lon, HslV, and ClpB in R.
capsulatus; PqqL, MoxR, and ClpS in R. sphaeroides). Other proteins are directly related to the (photo-)
oxidative stress response, like glutathione-disulfide reductase Gor and glutathione peroxidase BsaA1
in R. capsulatus, and a thioredoxin (RSP_0725), a peroxiredoxin (RSP_2973), and several RpoE regulon
members in R. sphaeroides (Figure 8). a last group includes proteins involved in DNA damage repair,
like components of the UvrABC complex and photolyase PhrB in R. capsulatus. Regarding other
noteworthy increases, the protein CbiX caught our interest. As the terminal enzyme of the siroheme
biosynthesis [69], CbiX does not belong to any of the described groups; however, its increase was one
of the strongest. As R. sphaeroides lacked a comparable increase of the CbiX-homolog, this could hint at
a core difference in the photooxidative stress responses.

Figure 8. Functional characterization of proteins with increased abundance upon photooxidative stress.
Changes in protein abundance after 90 min of photooxidative stress in R. capsulatus were determined
by a label-free approach using LC-MS/MS of biological triplicates.
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The volcano plot depicts log2 fold changes (90 min versus 0 min) of all quantified proteins and
the corresponding p-values (as negative log10). The horizontal dashed line indicates the cutoff for
statistical significance (p < 0.05), and the vertical dashed lines indicate log2 fold changes ≤ −1 and ≥
1. Significantly increased proteins with a log2 fold change ≥ 1 are highlighted. Proteome data were
compared to R. sphaeroides [28] and increased proteins illustrated in an Euler diagram. Boxes below
the volcano plot depict functional groups as determined by GO term enrichment analysis. Log2 fold
changes of ≥ 2 or ≥ 3 are indicated with + and ++, respectively. Colors indicate whether proteins were
found only in R. capsulatus (red), only in R. sphaeroides (black), or in both species (blue). See legend
for details.

4. Discussion

A photosynthetic lifestyle allows organisms to use light as an energy source for growth and
proliferation. However, this benefit comes at a price, that is, the risk of 1O2 generation by energy
transfer from (bacterio-) chlorophyll to molecular oxygen (3O2) within photosynthetic complexes. It is
suspected that purple bacteria from the genus Rhodobacter address this problem by avoiding strong
pigmentation under high light and/or high oxygen conditions, a response that is mainly regulated by
light- and oxygen-sensing proteins [2,3]. Despite regulation of pigmentation in response to oxygen
tension and light, Rhodobacter species cannot completely avoid 1O2 stress in their natural aquatic
environments. They have therefore evolved strategies to counteract 1O2 and to deal with the resulting
damages [1,65]. R. sphaeroides is a well-studied model organism with regard to the photooxidative
stress response [70], and was compared here to R. capsulatus using transcriptomics and proteomics.
Intriguingly, the two Rhodobacter species elicit very similar responses in the light of functional categories.
Many proteins with an increased abundance upon 1O2 exposure are involved in oxidation–reduction
processes and DNA damage repair (Figure 8). Furthermore, several methionine sulfoxide reductases
(MsrA and MsrB orthologs) and a variety of proteases were increased, which was also confirmed on the
transcript level (Figure 7). Since proteins are the main targets of 1O2 [15], we conclude that the repair
of proteins and the removal of damaged proteins is essential to survive this particular stress, and that
efficient protein maintenance likely represents a key feature of the response to 1O2 in many organisms.
In R. sphaeroides, the 1O2 stress response is mainly controlled by the alternative sigma factors RpoE and
RpoHII [10,18–21]; we have reason to believe that this also holds true for R. capsulatus. Firstly, both rpoE
and rpoHII have elevated transcript levels upon 1O2 exposure (Table 1), and secondly, an rpoHII deletion
strain is more sensitive to 1O2 than the R. capsulatus wild type (Figure 6). Hence, the basic regulatory
principles of the photooxidative stress response might be very similar in both Rhodobacter species.

Despite the aforementioned similarities, there are remarkable differences between R. sphaeroides
and R. capsulatus. Even though both species fall into the same clade within a phylogenetic tree based on
a core genome of 580 orthologous proteins [71], synteny analysis revealed that the genetic organization
of orthologous genes on the chromosome is considerably different, with the exception of, e.g.,
the photosynthetic gene cluster (Figure S8). This pronounced genomic rearrangement is not observed
between different R. sphaeroides strains (e.g., strains 2.4.1, KD131, and WS8N), but between different
genera within the Rhodobacteraceae (e.g., between Rhodobacter and Roseobacter). Hence, our analyses
suggest that R. capsulatus and R. sphaeroides are, from a genomic point of view, more distantly related
than expected from their common lifestyle and the arrangement of the photosynthetic gene cluster [71].
Another remarkable finding concerns the genetic context of the rpoE-chrR locus in R. capsulatus, which is
in close proximity to the photosynthetic gene cluster (Figure 4). This genetic arrangement was not
found in other Rhodobacteraceae species, and can therefore be considered as unique. It is worth noting
that RpoE from R. capsulatus shares higher identity with the extra-cytoplasmic function sigma factor
SigK from Mycobacterium tuberculosis (34%), compared to only 24% identity with R. sphaeroides RpoE.
The same is true for R. capsulatus ChrR, which shares 25% identity with M. tuberculosis SigK antisigma
factor RskA, but only 13% with R. sphaeroides ChrR. Phylogenetic trees further support the special
position of the R. capsulatus RpoE and ChrR proteins within the Rhodobacteraceae family (data not shown).
These findings raise the question of whether the rpoE-chrR locus in R. capsulatus and R. sphaeroides
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originated from a common ancestor and was then intensely remodeled in R. capsulatus, or whether
R. capsulatus has received a sigK-rskA-like locus from another bacterial lineage (e.g., Gram-positives
like M. tuberculosis) via horizontal gene transfer.

R. capsulatus not only displays a unique colocalization of the photosynthetic gene cluster near
the rpoE-chrR locus; it also differs to R. sphaeroides on the physiological level with regard to its
pigmentation. a higher pigmentation of R. capsulatus under high oxygen conditions obviously allows
much faster adaptation to occur to phototrophic conditions compared to R. sphaeroides (Figure 1B).
Despite this higher pigmentation, R. capsulatus has no disadvantage when exposed to sudden
photooxidative stress (Figure 1C). Low expression of BChl a and carotenoid biosynthesis genes
under aerobic conditions is reflected by low BChl a and carotenoid levels in both R. capsulatus and
R. sphaeroides (Figure 2A). Upon photooxidative stress, Bchl a and carotenoid levels decreased in
R. sphaeroides. By contrast, in R. capsulatus, only BChl a levels declined, while carotenoid levels
remained fairly constant (Figure 2B), resulting in an increasing Crt:BChl a ratio in the course of 1O2

exposure (Figure 2D). These differences in Crt:BChl a ratio may be the reason for lower 1O2 levels in R.
capsulatus under photooxodative stress considering the 1O2 quenching ability of carotenoids (Figure 3A).
Increased carotenoid biosynthesis under conditions of photooxidative stress is a strategy that is used
by some microorganisms, including the deltaproteobacterium Myxococcus xanthus and the yeast Phaffia
rhodozyma, in order to avoid extensive cellular damages by direct quenching [72,73]. Accumulation of
carotenoids upon 1O2 exposure was, however, not observed in R. sphaeroides [27], and omics data
even revealed declining transcript and protein levels of genes from the photosynthetic gene cluster,
including genes for carotenoid biosynthesis [28]. Interestingly, RNA-seq revealed that three genes
within the photosynthetic gene cluster had increased transcript levels in R. capsulatus, which applies
to crtI (log2 fold change of ~2.3), crtB (log2 fold change of ~2.0), and tspO (log2 fold change of ~1.3).
Induction of crtI was validated by qRT-PCR (Figure 5). The three genes form an operon between
the carotenoid biosynthesis genes crtA and crtC. TspO is an outer membrane protein, which controls
efflux of porphyrin intermediates, and thereby negatively modulates expression of photosynthesis
genes, likely through AppA [74]. The increased expression of tspO might enhance porphyrin
efflux under photooxidative stress conditions, limiting both expression of photosynthesis genes and
accumulation of potential porphyrin-derived photosensitizers, which may support adaptation to this
particular stress. CrtB is a phytoene synthase and CrtI is a phytoene desaturase, which catalyze
the reaction of precursors to phytoene (CrtB) and from phytoene to zeta-carotene and neurosporene
(CrtI). The carotenoids spheroidene (SE) and spheroidenone (SO) are then synthesized in subsequent
steps from neurosporene. Even though a switch from SE to SO (catalyzed by CrtA) might be an
important adaption to photooxidative stress, we could not detect a strong increase for crtA mRNA in
the RNA-seq data. It is conceivable that enhanced CrtB and CrtI levels are needed to provide sufficient
amounts of neurosporene as a precursor for SE and SO biosynthesis to maintain carotenoid levels in
R. capsulatus (Figure 2B). By contrast, in R. sphaeroides crtI and crtB transcript levels do not increase
upon photooxidative stress (Figure 5) [28], which even coincides with a decrease in carotenoid levels
(Figure 2B). Obviously, both Rhodobacter species use different strategies to adapt to high light regimes.
Since R. capsulatus initially grows better than R. sphaeroides both after a shift to phototrophic conditions
(Figure 1B) and upon photooxidative stress (Figure 1C), elevated carotenoid levels are expected to be
advantageous to photosynthetic bacteria in rapidly changing environments.

Besides the protective function of carotenoids, cbiX might also play a more crucial role in defending
against photooxidative stress in R. capsulatus than in R. sphaeroides. Our omics data show that cbiX
is strongly increased on both transcript and protein level in R. capsulatus (log2 fold change of ~3).
The RSP_1566 protein of R. sphaeroides shows 47% identity to CbiX, but neither protein nor transcript
levels change significantly in response to 1O2 [28], and cbiX transcripts were not even detected by
qRT-PCR (Figure 5). The cbiX gene is annotated as a cobaltochelatase which incorporates cobalt into
sirohydrochlorin to form cosirohydrochlorin, an early precursor of vitamin B12 [75]. B12 has special
functions in the formation of the photosynthetic apparatus in Rhodobacter, i.e., it is required for the
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conversion of protoporphyrin IX to Mg-protoporphyrin monomethyl ester [76]. Furthermore, it is
needed by the antirepressor AerR to efficiently bind to repressor CrtJ, thereby inducing bch gene
expression in R. capsulatus [77,78]. Theoretically, increased CbiX levels favor B12 biosynthesis and,
consequently, derepression of bch genes via AerR. However, increased bch expression would then
increase photooxidative stress, but this was not observed. a structural homology search for R. capsulatus
CbiX using Phyre2 suggests that it might rather act as a ferrochelatase involved in the biosynthesis
of siroheme. This assumption is supported by a study by Bali and colleagues [69], showing that
CbiX functionally replaces characteristic siroheme biosynthesis enzymes, which are missing in
alphaproteobacteria, including R. sphaeroides. As siroheme is a cofactor of nitrite and sulfite reductases,
an increased siroheme production might also explain the high accumulation of the mRNA for sulfite
reductase CysI (log2 fold change of ~3.2). Increased sulfur assimilation might help to counteract
the 1O2-caused depletion of glutathione and abundant damages on sulfur-containing amino acids.
More importantly, however, the insertion of Fe2+ into sirohydrochlorin reduces the concentration of
free iron, which would otherwise be available for both the Fenton reaction and the formation of the
photosensitizer protoporphyrin IX. Hence, additional stress is prevented by changing the flux through
tetrapyrrole pathways [79–81]. As a conclusion, the induction of both the crtIB-tspO operon and cbiX
might represent a successful strategy to respond to photooxidative stress, which was specifically
invented in R. capsulatus to support adaptation. The question of whether other phototrophs have
evolved similar strategies will be an exciting subject for future studies.
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Abstract: A multitude of biological functions relies on iron-sulfur clusters. The formation of
photosynthetic complexes goes along with an additional demand for iron-sulfur clusters for
bacteriochlorophyll synthesis and photosynthetic electron transport. However, photooxidative
stress leads to the destruction of iron-sulfur clusters, and the released iron promotes the formation of
further reactive oxygen species. A balanced regulation of iron-sulfur cluster synthesis is required
to guarantee the supply of this cofactor, on the one hand, but also to limit stress, on the other hand.
The phototrophic alpha-proteobacterium Rhodobacter sphaeroides harbors a large operon for iron-sulfur
cluster assembly comprising the iscRS and suf genes. IscR (iron-sulfur cluster regulator) is an
iron-dependent regulator of isc-suf genes and other genes with a role in iron metabolism. We applied
reporter gene fusions to identify promoters of the isc-suf operon and studied their activity alone or in
combination under different conditions. Gel-retardation assays showed the binding of regulatory
proteins to individual promoters. Our results demonstrated that several promoters in a sense and
antisense direction influenced isc-suf expression and the binding of the IscR, Irr, and OxyR regulatory
proteins to individual promoters. These findings demonstrated a complex regulatory network of
several promoters and regulatory proteins that helped to adjust iron-sulfur cluster assembly to
changing conditions in Rhodobacter sphaeroides.

Keywords: iron-sulfur cluster; isc genes; suf genes; antisense promoters; OxyR; IscR; Irr

1. Introduction

Proteins containing iron-sulfur (Fe-S) clusters are present in almost all living organisms. They
have diverse and often essential functions, for example, electron carriers in redox reactions, in redox
sensing, oxidative stress defense, biosynthesis of metal-containing cofactors, DNA replication and
repair, regulation of gene expression, and tRNA modification. Fe-S clusters are believed to be among
the first catalysts to have evolved [1,2]. With the appearance of oxygenic photosynthesis, increasing
oxygen levels drastically decrease iron availability [3]. Besides molecular oxygen, different reactive
oxygen species (ROS) appear, which are very harmful to living cells since they can damage proteins,
lipids, and nucleic acids. Molecular oxygen and ROS also destabilize Fe-S clusters, leading to the
release of Fe2+ ions that, in turn, potentiate oxygen toxicity by the production of hydroxyl radicals in
the Fenton reaction [4]. As a consequence, organisms have to develop multicomponent systems that
promote the biogenesis of Fe-S proteins while protecting the cellular surrounding from the deleterious
effects of free iron.

Different systems for the assembly of Fe-S clusters into biological macromolecules have evolved:
the Isc (iron-sulfur cluster) system was identified as the system for generalized Fe-S protein maturation
in Azotobacter vinelandii [5] and other bacteria. In Escherichia coli, the isc operon encodes the regulator
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IscR (iron-sulfur cluster regulator), a cysteine desulfurase (IscS), a scaffold protein (IscU), an A-type
carrier protein (IscA), a DnaJ-like co-chaperone (HscB), a DnaK-like chaperone (HscA), and a ferredoxin
(fdx) [6]. The Isc machinery is widely conserved from prokaryotes to higher eukaryotes. Later, another
operon for Fe-S cluster biogenesis, suf, was discovered in E. coli [7]: the suf operon encodes an A-type
protein (SufA), a heterodimeric cysteine desulfurase (SufS and SufE), and a pseudo-ABC transporter
(SufB, SufC, and SufD) that could act as a scaffold. Components of the Suf system are also found in
other bacteria, including cyanobacteria and chloroplasts. The number and type of isc and suf operons,
as well as their composition, vary among bacterial species. In E. coli, most of the Fe-S cluster biogenesis
under non-stress conditions is catalyzed by the housekeeping Isc pathway, while the Suf system
functions primarily under oxidative stress and/or iron starvation [8–12].

Fe-S cluster biogenesis systems have to respond to environmental stimuli to maintain and repair
the pool of Fe-S proteins under changing environmental conditions. The current understanding of the
regulation of genes for Fe-S cluster assembly is mostly limited to the model organism E. coli and a
few other members of the gamma-proteobacteria. The main regulator of Fe-S assembly in E. coli is
IscR, but other regulatory proteins, such as Fur (an iron-dependent regulator) and OxyR (an oxidative
stress-dependent regulator) also contribute to regulated isc and suf operon expression [9,10,12]. The first
gene of the iscRSUA-hscBA-fdx operon encodes the DNA-binding IscR protein that can coordinate
a [2Fe-2S] cluster, which is assembled by the Isc system [13,14]. In E. coli, IscR regulates at least
40 genes comprising the isc and suf operons, genes for other Fe-S containing proteins, and genes
encoding surface structures (fim and flu) or of unknown functions [9]. Holo-IscR (IscR containing
a Fe-S cluster) represses its gene and the rest of the isc operon. This repression is released under
conditions unfavorable for Fe-S maturation of IscR [6]. Thus, IscR also functions as a sensor for Fe-S
homeostasis. Apo-IscR (protein lacking the Fe-S cluster) activates suf operon expression [15] in E. coli.
Induction of the isc and suf operons by apo-IscR occurs under iron-limiting conditions and oxidative
stress [8,10,11]. A switch from the Isc to the Suf system when the iron is limiting is also promoted by
the non-coding sRNA RhyB that is under negative control of Fur (ferric uptake regulator) [16]. RhyB
base pairs with the Shine-Dalgarno sequence of iscS, leading to the degradation of the 3’ part of the
iscRSUA-hscBA-fdx operon mRNA. The 5´ part of the polycistronic mRNA, which contains iscR, is
stabilized and translated [17]. This favors the formation of apo-IscR, which consequently induces
suf expression.

Regulation of the isc and suf operons by stress signals also involves the regulators Fur, OxyR, and
RhyB. The iron-sensing regulator protein Fur binds to the suf promoter as Fur-Fe2+ represses the suf
genes [10]. OxyR, a known sensor protein for oxidative stress in E. coli and many other bacteria, also
acts as an activator of the suf operon [12]. It was also proposed that IscR might directly sense oxidative
stress through the destabilization of its Fe-S cluster [6]. Hydrogen peroxide (H2O2) was shown to
inactivate the E. coli Isc system and to activate the suf operon through OxyR [18].

Phototrophic bacteria have a special need for the regulation of the Fe-S cluster assembly.
Fe-S clusters are required for some components involved in photosynthesis like enzymes for
bacteriochlorophyll synthesis (magnesium chelatase and the dark-operative protochlorophyllide
oxidoreductase) or the cytochrome bc1 complex for photosynthetic electron transport. On the other
hand, photooxidative stress caused by the formation of ROS by the light excitation of bacteriochlorophyll
destroys Fe-S clusters, which in turn leads to a further increase of ROS levels by the Fenton reaction.
Latifi and co-workers suggested that elevated levels of ROS upon iron starvation [19], as also determined
for R. sphaeroides [20], might be a characteristic for photosynthetic bacteria. Therefore, it is important to
study the regulation of Fe-S cluster assembly also in phototrophic bacteria that significantly differ in
their lifestyle from E. coli.

R. sphaeroides is a facultative photosynthetic bacterium, which can use a variety of metabolic
pathways for ATP production. At high oxygen tension, aerobic respiration generates ATP. When
the oxygen tension in the environment drops, the synthesis of photosynthetic complexes is induced,
while aerobic respiration still takes place. Under anaerobic conditions in the light, anoxygenic
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photosynthesis generates ATP, while under dark conditions in the presence of a suitable electron
acceptor, anaerobic respiration is performed. Oxygen is a major regulatory factor for the formation of
photosynthetic complexes, and several proteins involved in oxygen-mediated gene regulation have
been identified [21,22]. Under iron limitation, R. sphaeroides loses its purple color due to the loss of
photosynthetic complexes and is no longer able to grow phototrophically [23]. Since bacteriochlorophyll
synthesis requires iron, and also the reaction center contains iron, no photosynthetic complexes can be
formed under iron limitation.

R. sphaeroides serves as a model organism to elucidate the response of photosynthetic bacteria to
singlet oxygen [24–29] and has also been analyzed in regard to its response to iron limitation in oxic
and anoxic environments [20,23,30,31]. The Fur ortholog (Fur/Mur) of R. sphaeroides is involved in
both iron and manganese homeostasis [23]. Like in other alpha-proteobacteria, the Irr (iron response
regulator) protein was shown to affect genes of the iron metabolism [30]. Lack of Fur/Mur, as well as
lack of Irr, results in stronger induction of isc/suf genes under iron limitation [23,30]. Two-thirds of the
iron-dependent genes in R. sphaeroides showed different responses under oxic or anoxic conditions.
For some of these genes, including isc-suf genes, induction under iron limitation under oxic conditions
was mediated by the OxyR protein [20]. R. sphaeroides harbors a large operon comprising isc and suf
genes for iron-sulfur cluster assembly. Like in E. coli, the product of the first gene, IscR, functions as
an iron-dependent repressor of the isc genes [31]. To better understand the transcriptional regulation
that adjusts isc-suf operon expression to changing environmental conditions, we identified promoters
responsible for isc-suf expression and quantified their activities under different oxygen concentrations
in response to iron limitation and oxidative stress. This study resulted in a complex model for isc-suf
gene regulation in a phototrophic alpha-proteobacterium.

2. Materials and Methods

2.1. Bacterial Strains and Growth Conditions

Bacterial strains are listed in Table S1. All E. coli strains were cultivated in Standard I medium at
37 ◦C, either in liquid culture by shaking at 180 rpm or on a solid growth medium, which contained
1.6% (w/v) agar. Depending on the cultivated strain, the antibiotics kanamycin (25 μg mL−1), ampicillin
(200 μg mL−1), or tetracycline (20 μg mL−1) were added to the liquid and solid growth media.

R. sphaeroides strains were cultivated in 50 mL Erlenmeyer flasks containing 40 mL malate
minimal medium [20] with continuous shaking at 32 ◦C (microaerobic growth with a dissolved oxygen
concentration of 25–30 μM). Aerobic conditions with 160 to 180 μM dissolved oxygen were achieved
by incubating 25 mL of culture in 100 mL Erlenmeyer baffled flasks. The iron-depleted medium used
was malate minimal medium without the addition of Fe(III) citrate [20,23] and containing the iron
chelator 2,2’-dipyridyl (30 mM, Merck, Darmstadt, Germany). The cells were grown overnight and then
transferred to new iron-depleted malate minimal medium three times more before harvesting [20,23].
Cells were harvested at an OD660 of 0.4–0.6. Antibiotics were added to the liquid and solid growth
media depending on the cultivated strain at the following concentrations: spectinomycin (10 μg mL−1),
kanamycin (25 μg mL−1), gentamicin (25 μg mL−1), tetracycline (2 μg mL−1). For generating oxidative
stress, the cultures of R. sphaeroides wild type or mutants were grown in iron-repleted malate minimal
medium and treated with 1 mM (final concentration) hydrogen peroxide or 100 μM (final concentration)
tertiary butyl-alcohol (tBOOH) for 7 min or 30 min at an OD660 of 0.5. After 0, 7, and 30 min, cells were
harvested and used for ß-galactosidase measurements.

2.2. Construction of R. sphaeroides RirA Deletion Mutants

R. sphaeroides strain 2.4.1ΔRSP_3341 was generated by transferring the suicide plasmid
pPHU2.4.1ΔRSP_3341::Sp (RirA homolog 1) into R. sphaeroides 2.4.1, and screening for the insertion of the
spectinomycin resistance cassette into the chromosome by homologous recombination. Parts of the rirA
gene (RSP_3341) of R. sphaeroides, together with upstream and downstream sequences, were amplified

195



Microorg 2019, 7, 671

by using oligonucleotides 3341up_f/3341up_r and 3341dn_f/3341dn_r. The amplified PCR fragments
were cloned into the KpnI-BamHI and BamHI-HindIII sites of the suicide plasmid pPHU281 [32],
generating the plasmid pPHU2.4.1ΔRSP_3341. A 2.2 kb BamHI fragment containing the spectinomycin
cassette from pHP45Ω [33] was inserted into the BamHI site of pPHU2.4.1ΔRSP_3341 to generate
pPHU2.4.1ΔRSP_3341::Sp. This plasmid was transferred into E. coli strain S17-1 and diparentally
conjugated into R. sphaeroides 2.4.1 wild-type strain. Conjugants were selected on malate minimal salt
agar plates containing spectinomycin. By insertion of the spectinomycin cassette, 438 bp of R. sphaeroides
rirA gene RSP_3341 was deleted. R. sphaeroides strain 2.4.1ΔRSP_2888 was generated by transferring
the suicide plasmid pPHU2.4.1ΔRSP_2888::Km (RirA homolog 2) into R. sphaeroides 2.4.1, and screening
for insertion of the kanamycin resistance cassette into the chromosome by homologous recombination.
Parts of the rirA gene (RSP_2888) of R. sphaeroides, together with upstream and downstream sequences,
were amplified by using oligonucleotides 2888up_f/2888up_r and 2888dn_f/2888dn_r. The amplified
PCR fragments were cloned into the KpnI-BamHI and BamHI-HindIII sites of the suicide plasmid
pPHU281 [32], generating the plasmid pPHU2.4.1ΔRSP_2888. A 2.2 kb BamHI fragment containing
the kanamycin cassette from pHP45Ω [33] was inserted into the BamHI site of pPHU2.4.1ΔRSP_2888
to generate pPHU2.4.1ΔRSP_2888::Sp. This plasmid was transferred into E. coli strain S17-1 and
diparentally conjugated into R. sphaeroides 2.4.1 wild-type strain. The conjugants were selected on
malate minimal salt agar plates containing kanamycin.

2.3. Constructions of Promoter Fusion Plasmids

According to the dRNA-seq data, fragments with lengths ranging from 98 bp to 1777 bp containing
one of the putative five different single promoters or combined promoters of the isc-suf operon,
respectively, were amplified by PCR with primers listed in Table S2 The PCR product was ligated into
the pJET1.2/blunt cloning vector (Thermo Fisher, Dreieich, Germany) and then transferred into E. coli
JM109. After confirming the correct sequence, the promoter fragment was cut from the sequenced
cloning vector by XbaI/PstI or SpeI/Crf 9 and subsequently ligated into the transcriptional lacZ fusion
vector pBBR1-MCS3-LacZ [34]. For testing the effect of antisense RNA on the activity of P2, the identical
promoter fragment was also ligated into the XbaI/PstI sites of the transcriptional lacZ fusion vector
pBBR1-MCS5-LacZ, which harbors a gentamicin cassette and can be transferred into R. sphaeroides
together with plasmid pRK4352 [35] and its derivatives.

2.4. Construction of Altered Promoter Sequences by Site-Directed Mutagenesis

Mutations in promoters of the isc-suf operon were constructed by inverse PCR. All primers used
are listed in Table S2. For constructions of site-directed mutant P4 and P254, the TTG in the –35 region of
the P4 promoter was replaced by AAA by using the plasmids pJET1.2-P4 or pJET1.2-P254 as templates,
respectively. Similarly, for the constructions of mutant P5 and P25, the TTG in the –35 region of the
P5 promoter was replaced by AAA by using the plasmids pJET1.2-P5 or pJET1.2-P25 as templates,
respectively. The PCR products were digested by DpnI and then transferred into JM109. Subsequently,
the mutated promoter fragments were cut from the cloning vectors with XbaI/PstI and ligated into
pBBR-MCS3-LacZ [34].

Overexpression of RNA antisense to promoter P2 and sense promoter 2 fusion plasmids.
To test whether the antisense mRNA affects the activity of sense promoter, a DNA fragment

antisense to P2 was amplified by PCR with primers asP2_fwd/rev listed in Table S2. The PCR product
was ligated into the pJET1.2/blunt cloning vector and then transferred into E. coli JM109. After
sequencing, the cloned fragment was cut out by XbaI-BamHI and subsequently ligated into vector
pRK4352, which contains the strong 16S promoter [35].

196



Microorg 2019, 7, 671

2.5. ß-Galactosidase-Measurements

The ß-galactosidase activity of transcriptional fusions was measured by the hydrolysis of
O-nitrophenyl- ß-D-galactopyranoside (ONPG) (Serva, Heidelberg, Germany) and expressed as
Miller Units, as described in [36].

2.6. Differential RNA-seq

RNA isolation, TEX (Terminator EXonuclease) treatment, library construction and sequencing, read
mapping, and transcription start site prediction have been described in detail in [37]. The RNA-seq data
sets are available at the NCBI Gene Expression Omnibus database under accession number GSE71844.

2.7. RNA Isolation and Quantitative RT-PCR

Twenty milliliters of R. sphaeroides cells were harvested by centrifugation when an OD660 of 0.5
was reached. Total RNA for quantitative RT-PCR was isolated by using the peqGOLDTriFast kit
(Peqlab, Erlangen, Germany), as described by the manufacturer. Remaining traces of DNA were
removed by the TURBO DNaseI (Invitrogen, Schwerte, Germany). To further confirm the absence of
DNA, PCR was performed targeting gloB (RSP_0799) with the primers listed in Table S2. Quantitative
RT-PCR was performed in a Bio-Rad CFX96 Real-Time system, as described in our previous study [20].
The reference gene rpoZ encoding the ω-subunit of RNA polymerase of R. sphaeroides was used to
normalize the mRNA expression levels [38] according to the formula given by Pfaffl [39]. Primers are
listed in Table S2.

2.8. Analysis of isc-suf Operon Synteny

The synteny analysis was performed by applying the EDGAR software [40].
Purification of the IscR, Irr, and OxyR proteins and electrophoretic mobility shift assays with

dsDNA and protein.
E. coli M15 (pREP4/pQE2.4.1oxyR) was used for the overexpression of His-tagged OxyR protein,

and the purification of OxyR was performed, as described earlier [41]. Isolation of His-tagged Irr
from E. coli M15 (pREP4/pQE2.4.1irr) is described in [30], and the purification of His-tagged IscR from
E. coli M15 (pREP4/pQE2.4.1iscR) in [31]. Binding of the proteins to the promoter regions of the isc-suf
operon was determined by an electrophoretic mobility shift assay, as described previously [30,38].
DNA fragments containing the promoter regions of the isc-suf operon were produced by PCR. Primers
used in the PCR are listed in Table S2. The final volume of the binding reactions was 15–20 μL.
The reaction mixtures contained varying amounts of protein, ~3–7 fmol γ-32PATP labeled DNA
fragment (2000 cpm, Hartmann Analytik, Braunschweig, Germany), salmon sperm DNA (1 μg), and
binding buffer, as described elsewhere [30,42]. After the binding reactions were incubated for 30 min
at room temperature or 4 ◦C, the samples were loaded onto a 4% (w/v) polyacrylamide gel in 0.5×TBE
buffer (22 mM Tris-HCl, 22 mM boric acid, 0.5 mM EDTA, pH 8.3), and the electrophoresis was
performed at 130–180 V for 2–5 h at room temperature or at 4 ◦C. Irr and IscR were isolated and tested
under non-reducing conditions. OxyR was purified and tested under reducing and non-reducing
conditions with the same outcome.

3. Results

3.1. Prediction of Promoters for the isc-suf Operon of R. sphaeroides Based on dRNA-Seq Analysis

R. sphaeroides harbored a cluster of genes, with isc and suf homologs (Figure 1). RNA-seq
data suggested the co-transcription of these genes, and this was also confirmed by further RT-PCR
experiments [31]. The first gene of the R. sphaeroides isc-suf operon encoded the IscR regulator, which
coordinates a Fe-S cluster with a unique Fe-S ligation scheme [31]. The other genes of the operon
encoded two cysteine desulfurases (IscS and SufS), the membrane component of an iron-regulated
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ABC transporter (SufB), a hypothetical protein (RSP_0439), the ATPase subunit of an ATP transporter
(SufC), an Fe-S cluster assembly protein (SufD), and two proteins of the Yip1 family (RSP_0433 and
RSP_0432) (Figure 1). This arrangement of genes was highly conserved in the family of Rhodobacteraceae
(Figure S1). The synteny of genes that were annotated as isc or suf genes was highly conserved among
the anaerobic anoxygenic phototrophs (AnAPs) and aerobic anoxygenic phototrophs (AAPs). There
was some variation in regard to the non-annotated open reading frames. The non-phototrophs Ruegeria
and Paracoccus also showed a similar synteny of isc and suf genes, and the gene for the IscR homolog of
Paracoccus denitrificans was, however, positioned at a different chromosomal locus. A similar synteny
of iscS and suf genes was also found in Rhizobiales (Figure S1); however, these bacteria lack IscR
homologs [43]. The arrangement of genes did not provide information on the organization within
an operon. In Rhodobacter capsulatus, SB1003 RNAseq data indicated co-transcription of isc-suf genes
(GEO GSE134200) as in R. sphaeroides.

Figure 1. Schematic overview of the isc-suf operon of R. sphaeroides. The scheme at the top shows the
arrangement of isc-suf genes and the arrows indicate the five transcriptional start sites (TSS) identified
by dRNAseq (Figure S2). Fragments used in the reporter assays to examine the promoter activity for
individual promoters and promoter combinations are indicated by the arrows below. The designations
for the constructs are given on the left, and the number of nucleotides upstream or downstream of the
TSS that are present in the reporter plasmids, are indicated on the right. Upstream or downstream
regions of different sizes are marked in orange, and the number of the nucleotides (nt) that extend
the shorter DNA fragment is added to the name of the shorter construct. According to the genome
annotation of R. sphaeroides, the isc-suf genes are transcribed from the minus strand. We flipped this
orientation in all figures to allow direct recognition of promoter sequences or other motifs.

Previous studies addressed the role of proteins with established roles in iron-dependent regulation
in isc-suf expression in R. sphaeroides [23,30,31,36,37]. Different effects of Fur/Mur, Irr, and IscR on
individual iscR and suf genes suggested that not all isc-suf genes were under the control of a single
promoter and the identical regulatory elements.

Most R. sphaeroides promoters share little sequence identity [37], which makes sequence-based
promoter identification almost impossible. Therefore, total RNA was isolated from cultures in the
exponential growth phase and used for a differential RNA-seq analysis to determine transcriptional start
sites (TSS) [37]. This analysis compared RNA, which was treated with terminator exonuclease (TEX)
with untreated RNA samples [44]. While TEX degraded RNAs with 5’monophosphate, which were
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generated by processing, primary transcripts with 5’triphosphate were protected from degradation.
Accumulation of the sequencing reads 5’of a gene in the TEX-treated sample, therefore, strongly
supported the presence of a TSS at this position. As shown in Figure S2 (overview in Figure 1), the
dRNA-seq read coverage indicated the presence of two promoters (P1 and P2) upstream of iscR. Another
promoter (P3) was predicted within iscS and initiated transcripts spanning the suf genes. Furthermore,
two promoters on the opposite DNA strand might lead to transcripts that were partially antisense to
isc-suf transcripts. P4 was represented by a very low number of reads and led to a transcript mostly
antisense to the iscR mRNA. P5 represented the promoter for transcription of RSP_0444. In previous
studies, RSP_0444 showed only small differences in expression in the various strains or response
to iron-limitation or H2O2 [23,30,31,36,37]. However, the 5’end of this transcript would partially
be antisense to transcripts for the isc-suf genes initiating at P1 or P2. The dRNA-seq data did not
hint to further promoters for isc-suf transcription [31]. Figure 1 shows a schematic overview of the
promoter arrangement.

Many promoters in R. sphaeroides have a TTG around position –35 and an A at position
–10/–11 relative to the TSS [37]. For the putative P1 promoter, an A was in position –11 in regard to
the TSS, but no TTG around position –35 was present. The putative P2 promoter had an A residue
at position –11 and a TTG around position –35 (Figure S3). Rodionov and co-workers predicted the
presence of an Irr box and an IscR box upstream of the iscR gene [43]. The predicted IscR box spanned
the positions –36 to –19 and the predicted Irr box the positions –13 to +1 in relation to the TSS at
P2 (Figure S2, TSS indicated in red). Binding of IscR to the upstream region of the iscR gene was
experimentally verified previously [31]. For the putative promoter within iscS (P3), an A residue at
position –10 and a TTG around position –34 were present. Putative promoter P4, which seemed to be
very weak based on the read number detected in RNA-seq, had a TTG around position –35, and the
same was true for the putative promoter P5.

3.2. Activities of the isc-suf Sense and Antisense Promoters Alone or in Combination, as Determined by
Transcriptional Reporter Gene Fusions

In order to confirm the activity of the predicted promoters, we constructed transcriptional fusions
to the lacZ gene. Fragments containing 60–148 nt upstream and 34–63 nt downstream of the TSS,
as determined by dRNA-seq, were cloned in front of the lacZ gene of plasmid pBBR1-MCS3-lacZ [34]
(Table S3). An overview of the cloned fragments is shown in Figure 1, while the exact positions of
primers together with predicted TSS are depicted in Figure S3. The plasmids were transferred to
R. sphaeroides 2.4.1 wild type by conjugation, and the ß-galactosidase activity was determined for
exponentially growing cultures. Since the oxygen levels influence the formation of photosynthetic
complexes and consequently the demand for Fe-S clusters in R. sphaeroides, the cultures were either
incubated under aerobic or microaerobic conditions. Under the latter conditions, the formation of
photosynthetic complexes was strongly increased. The activity determined for the different promoter
fusions showed marked differences (Figure 2). While P1 and P2 exhibited the weak activity of
about 20–50 Miller Units (MU), the P3-lacZ and P5-88-lacZ fusions resulted in about 150–200 MU,
the P4-98-lacZ fusion in around 400 MU under microaerobic conditions. The high activity of P4 was
surprising, considering the fact that only a low number of reads from the P4 promoter was detected by
RNA-seq, indicating that the native transcript initiating at P4 might be very unstable in contrast to
the P4-lacZ fusion. This high activity, however, strongly decreased when the upstream region was
reduced from 98 nt to 60 nt (P4–60). Likewise, the activity of P5 was dependent on the length of the
upstream region: a shorter upstream region (88 nt) resulted in higher promoter activity than a longer
upstream region (112 nt). We describe below that the OxyR protein binds to the P5 upstream region
and represses P5 activity. Only for promoter P3, the activity was significantly (increase >1.5-fold
and p < 0.01) but only slightly higher (slightly more than 1.5-fold) in aerobic conditions compared to
microaerobic growth.
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Figure 2. The activity of individual promoters and promoter combinations, as determined by lacZ
reporter assays and quantified by measuring the ß-galactosidase activity in Miller Units (MU). Cells were
cultured under aerobic or microaerobic conditions, as described in Materials and Methods. The scheme
at the top shows the arrangement of isc-suf genes and the arrows indicate the five transcriptional start
sites (TSS) identified by dRNAseq (Figure S2).The designations for all constructs are shown in Figure 1.
The bars represent the average of technical duplicates from biological triplicates, and the standard
deviation is indicated. *: the difference between the values for iron-replete and iron deplete conditions
is >1.5-fold with a p-value of <0.01.

Considering the arrangement of the different promoters on the chromosome, it is conceivable that
both P1, P2, as well as P3, contribute to isc-suf operon transcription and that the antisense transcripts
initiating at P4 and P5 may also influence isc-suf operon transcription. To test this hypothesis, we
applied the same primers as used for the single promoter fusions to also construct reporter plasmids
that harbor combinations of the different promoters (Figure 1). Our results confirmed that the presence
of additional promoters could influence the expression of the lacZ gene, which was fused to one of the
promoters (Figure 2). When P1 was present together with P2, the activity was clearly higher than for
the single promoter fusions. Remarkably, also the presence of the P5 promoter (RSP_0444 promoter)
with 88 nt long upstream sequence, which generated transcripts that were antisense to the 28 nt at the
5’end of the iscR transcript, increased P2 activity, but not P12 activity. This activation did not occur,
when 112 nt of the P5 upstream region were present (P5–112). The additional presence of the strong
P4 promoter led to a strong increase of the activity compared to the P25-lacZ fusion, when 98 nt long
upstream region was present (P254–98) but not with only 60 nt of the upstream region (P254–60).

When we used the 1777 nt fragment harboring all five promoter regions upstream of lacZ (P12543),
the ß-galactosidase level was lower than for P254 and similar to P12 under microaerobic conditions
(Figure 2). While the P12 activity was independent of the oxygen levels, the P12543 activity was slightly
(1.8-fold) but significantly increased under aerobic conditions.

3.3. An AntiSense Promoter Stimulates Transcription of the isc-suf Operon

To study a possible influence of the antisense promoters P4 and P5 (promoter for RSP_0444) on P2
(main promoter for iscR) activity, we used different sized downstream fragments of P2 fused to lacZ.
As shown in Figure 2, our data indicated that both P4 and P5 might influence P2 activity. However, we
also had to consider the possibility that the prolonged DNA fragments fused to lacZ might contain
other elements, which could affect the lacZ transcript level. For determining the influence of P5, the P2
downstream DNA fragment fused to lacZ was extended by only 80 nt (P25–88) or by 104 nt (P25–112).
For testing a putative additional effect by P4, the P25–112 fragment was extended by 237 nt (P254–60)
or by 275 nt (P254–98) (Figure 1). To verify that different activities of the P2-reporter versus the P25-
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and P254- reporters are really due to the promoter activity of P4 and P5, we introduced point mutations
into the –35 regions of P4 and P5 promoter regions (see material and methods, TTG changed to AAA)
to abolish their activity. Figure 3A shows that the point mutation in the –35 region (mutP5–88) indeed
almost abolished the activity of the P5 promoter. While the presence of the wild type P5–88 sequence
induced P2 activity, no effect of the mutated P5–88 promoter on the P2 activity was observed, strongly
suggesting that the activity of this promoter influenced transcription of the opposite DNA strand
(Figure 3A). There were two possibilities, how P5 could influence P2 promoter activity: i) through the
production of an antisense transcript, or ii) through changing the local DNA topology by its promoter
activity. To discriminate between these possibilities, we introduced a second plasmid (pRK4352-asP2)
into the strain harboring the P2-lacZ fusion. This plasmid allowed the production of an antisense RNA
as produced by P5 from the strong 16S promoter. Real-time RT-PCR proved that in the presence of
pRK4352-asP2, the amount of the antisense RNA was about 30-fold higher than in a strain lacking
this plasmid (Figure 3B). As shown in Figure 3C, the production of this antisense RNA did not affect
the activity of P2. The P2 promoter used in these assays (P2 Gm) was cloned into a different plasmid
with gentamicin resistance to allow overexpression of the antisense RNA as P2 from a plasmid with
tetracycline resistance.

Figure 3. Effects of the antisense promoters P5 and P4 on the activity of P2, as determined by the
lacZ-reporter assay (ß-galactosidase activity in Miller units). (A) The activity of individual promoters
P5 or P2 or the combined P25 promoters. The numbers indicate the length of the DNA sequence
upstream of the TSS, as shown in Figure 1. “mut” indicates that the TTG at position –35 of promoter P5
was changed to AAA. (B) Change of the level of RNA antisense to P2 in a wild type strain harboring
the P2 reporter plasmid and plasmid pRK4352-asP2 (overexpression of the antisense RNA) compared
to a strain just harboring the P2 promoter. The RNA level was determined by real-time RT-PCR, and
the bar represents the average level of technical triplicates from biological triplicates with standard
deviation. (C) Effect of elevated levels of RNA antisense to P2 on the activity of P5, as determined by the
lacZ-reporter assay. (Gm) indicates that these reporter constructs carry a gentamycin resistance (all other
reporters carry tetracycline resistance) to allow selection of the overexpressed plasmid pRK4352-asP2
(tetracycline resistance). (D) The activity of individual promoter P4 or the combined P25 and P254
promoters. The numbers indicate the length of the DNA sequence upstream of the TSS. “mut” indicates
that the TTG at position –35 of promoter P4 was changed to AAA.

201



Microorg 2019, 7, 671

We applied the same strategy to test the effect of P4 on P2 activity. However, changing the TTG
at the putative –35 of P4 only slightly decreased ß-galactosidase activity in the P254–98 construct.
Consequently, the resulting construct mutP254–98 would still increase the activity of the P25 fusion
(Figure 3D). As already shown in Figure 2, the P4–60 construct had a strongly reduced activity compared
to P4–98. The low activity of P4-60 was almost abolished, when the –35 region was mutated. This
indicated that the sequences in the –98 to –60 upstream region of the P4 promoter were responsible for
the strong activity of P4–98 and the stimulating effect of P4–98 on P25. We were unable to recognize a
particular motif that could cause this effect.

3.4. Effect of Oxidative Stress and Iron Availability on the Activity of the Promoters of the isc-suf Operon

Previous studies on global gene expression by microarrays or RNA-seq revealed that expression
of the isc-suf genes is affected by oxidative stress [41,45] and by iron availability [20,23]. In this study,
we applied the different reporter fusions to test which promoters are affected by these external factors.
We tested hydrogen peroxide and tertiary butyl alcohol (tBOOH) as oxidative stress agents. tBOOH
represents organic peroxides, which are generated in the cell, e.g., upon singlet oxygen exposure, and
thus represent the photo-oxidative stress that R. sphaeroides faces in the presence of pigments, oxygen,
and light. None of the promoters P1, P2, P3, P4, P5, or any combination of promoters showed marked
changes in activity upon addition of hydrogen peroxide (same values for t0 as shown in Figure 4A and
no significant changes at later time points), although hydrogen peroxide was previously shown to
strongly induce the isc-suf mRNA levels [36]. We had, however, noted before that the response of lacZ
reporters to H2O2 might be weak, possibly because of a negative effect on the enzymatic activity [46],
while tBOOH was shown to induce the activity of certain lacZ fusions [47]. The addition of tBOOH
resulted in significantly increased activities of the P2 promoter, and, also, the combination P25–88
showed significant tBOOH-dependent expression (all other promoter fusions did not show altered
activity in response to tBOOH). The changes in activity were, however, less than 2-fold (Figure 4A).
P12543 was also activated by tBOOH, but the increase was only 1.5-fold.

A previous study demonstrated that the iscR transcript level increases upon iron depletion [31].
A strong increase (about 5-fold) of P2 promoter activity upon iron depletion was confirmed in this
study and was also observed for all other fusions containing P2, including the long fusion extending to
P3 (Figure 4B). No significant effect of iron on activities of P1, P3, P4, or P5 was observed in the wild
type (Figure 4B).

3.5. Protein Regulators of the isc-suf Operon

Previous bioinformatic analysis predicted IscR and Irr binding sites upstream of the iscR gene [43]
(Figure S2), and the binding of IscR to this region was experimentally verified [31]. The role of Irr in the
expression of the suf genes was supported by microarray analysis [30], but binding of the Irr protein
to the iscR promoter region of R. sphaeroides was not reported. Microarray analyses also revealed a
stronger effect of iron depletion on isc-suf expression in a mutant lacking the Fur/Mur regulator [23]
and an effect of OxyR on isc-suf expression [18,20]. We tested the activity of the individual isc-suf
promoters in different mutant strains to get more insights into the influence of these regulatory proteins
on the isc-suf promoters.

Only the mutant strains, lacking the IscR or Irr protein, showed the altered activity of the P1
promoter (Figure 5A). The activity of P1 was almost 3-fold lower in the irr mutant than in the wild type
under iron repletion and 1.6-fold lower under iron depletion. A sequence (TAGAAGGCATAGTGC)
with similarity to the consensus Irr-box (Figure S2) was present directly upstream of the TSS of P1.
However, we could not confirm binding of Irr to the P1 promoter region in vitro, while in a parallel
control assay binding to the mbf A promoter, as described in [30], could be observed and confirmed
that the isolated Irr protein was able to bind to one of its known targets (Figure S4A). Activity in
the iscR mutant was similar to that of the wild type under iron repletion but about 2-fold higher
under iron depletion. A sequence with some similarity to the iscR box (Figure S2) was present at the
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transcriptional start site (TAGACGACCTTGTTGTT, Figure S3). Indeed, gel retardation revealed that
IscR showed specific interaction to the P1 promoter region (Figure 6A). Increasing amounts of IscR
protein shifted the P1 containing DNA fragment, while the addition of unlabeled, specific competitor
released the shift.

Figure 4. The activity of individual promoters and promoter combinations, as determined by
lacZ reporter assays and quantified by measuring the ß-galactosidase activity in Miller Units (MU).
(A) The ß-galactosidase activity was measured before, 7 min, and 30 min after the addition of tBOOH
(100 μM final concentration). (B) The ß-galactosidase activity was determined under iron repletion
and iron depletion. The designations for all constructs are shown in Figure 1. The bars represent the
average of technical duplicates from biological triplicates, and the standard deviation is indicated.
*: the difference is >1.5-fold with a p-value of <0.01.
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Figure 5. The activity of the individual promoters and P12543, as determined by lacZ reporter assays
and quantified by measuring the ß-galactosidase activity in Miller Units (MU) in the wild type and
mutant strains under iron repletion or iron depletion. (A) The activity of promoter P1, (B) The activity
of promoter P2, (C) The activity of promoter P3, (D) The activity of promoter P4, (E) The activity of
promoter P5, (F) The activity of P12543. The bars represent the average of technical duplicates from
biological triplicates, and the standard deviation is indicated. *: the difference is >1.5-fold with a
p-value of <0.01.
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Figure 6. Electrophoretic mobility shift assays showing the interaction of (A) IscR to the P1 promoter
region (199 bp fragment) and (B) IscR to the P3 promoter region (190 bp fragment) and (C) Irr to the P3
promoter region (190 bp fragment) and (D) oxidized OxyR to the P5 promoter region (147 bp fragment).
The star labels the radio-labeled input DNA fragment, and the arrow points to the shifted bands of the
DNA protein complexes. The amount of the protein input is given for each lane, as well as the molar
ratio of specific, unlabeled competitor DNA (same DNA fragment but without a label).

The activity of P2 was strongly influenced by IscR under iron repletion and iron depletion, as
demonstrated previously [31] (Figure 5B). The activity of P2 was also elevated in the presence of
tBOOH in iron-replete medium (Figure 4A). This response of P2 to tBOOH was lost in the iscR mutant
(Figure S5). Furthermore, we observed small but significant effects of OxyR and Irr on P2 activity:
lack of OxyR increased P2 activity about 1.5-fold under iron depletion, the lack of Irr decreased P2
activity about 2-fold under iron repletion. Binding of IscR to P2, as well as regulation of P2 by IscR,
was demonstrated before [31]. An Irr binding site was predicted for the P2 promoter region [43]. As for
P1, we could not confirm binding of Irr to the P2 promoter region, while in a parallel control assay,
binding to the mbf A promoter, as described in [30], could be observed (Figure S4B).

P3 activity was affected by IscR, both under iron repletion and iron depletion (Figure 5C). Lack
of IscR resulted in higher activity (2.8-fold) in iron depletion, as well as in iron repletion (2.5-fold),
indicating a repressing effect of IscR under both conditions. In the wild type, P3 showed no significant
response to iron, while we observed slightly higher activity (1.5-fold) under iron depletion in the
strain lacking IscR. Inspection of the sequence around the predicted TSS of P3 revealed a motif
(GACTATTTCTGTCGG) with similarity to the consensus IscR box (Figure S2). Indeed, IscR showed
specific binding to a DNA fragment containing the predicted binding site in a gel retardation assay
(Figure 6B). Furthermore, the activity of the P3 promoter was significantly reduced in the Fur/Mur
mutant under iron depletion (Figure 5C). Only in the strain lacking Irr, we had a significantly increased
P3 activity (2-fold increase) in iron depletion compared to iron repletion. This agreed with our previous
microarray data: the iron dependency of suf transcript levels is more pronounced in a strain lacking Irr
than in the wild type. A putative Irr binding site (TTAGAAATATTCTAGA) was present about 50 nt
upstream of the TSS of P3, which is a similar distance to the TSS as observed for the confirmed Irr target
ccpA [30]. A gel retardation assay confirmed the specific binding of Irr to this DNA region (Figure 6C).
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Differences in activity between wild type and the tested mutants for antisense promoter P4 were
small (≤1.5-fold) and/or statistically not significant for the reporter construct with 98 nt upstream of
the TSS (Figure 5D) and also for the construct with only 60 nt of the upstream region.

The activity of antisense promoter P5 was strongly affected by the OxyR protein when 112 nt
upstream of the TSS was present. The activity in the mutant was increased by a factor of 3-4 under
both iron repletion and iron depletion (Figure 5E). OxyR did not affect P5 activity when only 88 nt of
the upstream sequence was present. None of the other tested mutants showed significantly altered
P5 activity. Despite the strong differences in the activity of P5 in the presence or absence of OxyR, P5
did not show a response to high oxygen levels (Figure 2) or tBOOH (Figure 4A). We tested whether
OxyR was able to bind to the P5 promoter by the gel retardation assay. As shown in Figure 6D, the
addition of increasing amounts of oxidized OxyR resulted in retardation of a 147 nt DNA fragment
harboring the P5 promoter region fragment. The same result was achieved with reduced OxyR protein.
The addition of an excess of the same, but un-labeled DNA fragment led to a decrease of retardation
due to specific competition with the labeled fragment for binding. This result strongly supported that
OxyR was indeed binding to the P5 promoter region.

We also tested the activity of the P12543 fusion in different mutant strains (Figure 5F) to see how
the action of the regulators on promoters P1, P2, P4, or P5 would influence P3 expression. Fur/Mur
and the RirA proteins did not influence P12543 activity, as this was also the case for P3 alone. Since
the P12543 fusion comprises an intact copy of the iscR gene and may, therefore, increase IscR levels
in the cell, it could not be tested in conditions lacking IscR. The repressing effect of Irr under iron
depletion was more pronounced when all promoters were present than in the P3-fusion alone (compare
Figure 5C–F).

3.6. The RirA Proteins of R. sphaeroides Have No Effect on isc-suf Expression in R. sphaeroides

While Fur is the dominant iron regulator in gamma-proteobacteria, other proteins have important
roles in iron-dependent regulation in alpha-proteobacteria [43]. Besides IscR, another transcriptional
regulator of the Rrf2 protein family, RirA, was identified to have an important role in iron regulation in
Rhizobia [48,49]. The genes RSP_2888 and RSP_3341 of R. sphaeroides 2.4.1 have 59%–63% identity to
RirA from Rhizobium leguminosarum or Agrobacterium tumefaciens (Rhizobium radiobacter). We constructed
knock out strains of R. sphaeroides lacking either RSP_2888 or RSP_3341 or both genes together. As seen
in Figure 5A–F and Figure S6, the promoters of the isc-suf operon showed very similar activities in the
wild type and the double mutant, and also the effect of iron depletion on promoter activity was very
similar in both strains. We concluded that the RirA homologs of R. sphaeroides had no major role in the
iron-dependent regulation of the isc-suf operon. The double mutant showed identical growth curves
as the wild type in iron repletion and iron depletion (Figure S7), indicating that the RirA proteins have
also no major impact on iron regulation in R. sphaeroides in general.

4. Discussion

The assembly of iron-sulfur clusters is an important cellular process in almost all living organisms,
and stress conditions that destroy iron-sulfur clusters increase the need for iron-sulfur cluster assembly.
The facultative phototrophic bacterium R. sphaeroides harbors a large operon that comprises isc and
suf genes, which are distributed to different operons in E. coli. Unlike E. coli, R. sphaeroides can form
photosynthetic complexes that cause an additional demand for the Fe-S cluster and can also cause
photooxidative stress that destroys the Fe-S cluster. The synteny of isc and suf genes is conserved
among Rhodobacteraceae independently of the ability to perform photosynthesis and is also similar in
Rhizobiales. This suggests that the combined isc-suf operons arose early in evolution, in a common
ancestor of these orders.

Previous work revealed iron- and hydrogen peroxide-dependent expression of the isc-suf genes of
R. sphaeroides and the role of OxyR, Fur/Mur, Irr, and IscR regulators in isc-suf expression [20,23,30,31].
To verify promoter activities as predicted by dRNA-seq (Figure S2) and to understand the contribution of
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the individual promoters, we analyzed activities of individual promoters and of promoter combinations
and the effect of iron, oxygen, and oxidative stress on the activities by using reporter gene fusions.
These data were combined in a model (Figure 7) that visualizes the complex regulatory network
controlling isc-suf expression in R. sphaeroides.

 

Figure 7. A schematic model, combining the influence of other promoters on P2 and the action of
different proteins on the activity of the isc-suf promoters. + indicates a stimulating effect of P1, P4,
and P5 promoter regions (dependent on the length of the upstream region) on P2 activity. The IscR
protein binds to IscR boxes (yellow bars) in the promoter regions of P1, P2, and P3, and OxyR binds
upstream of the P5 promoter (indicated by solid arrows), and Irr binds to an Irr-box (green bar) in the
P3 promoter region. At P2, IscR mediates the response to iron and tBOOH. The iron-dependent activity
of P3 is only observed in the absence of IscR or the absence of Irr. Green arrows indicate activation by
the protein regulators, and black arrows indicate repression. The small effects of Irr on P1 and P2 and of
Fur/Mur on P3 are most likely indirect and do not involve direct binding (indicated by dashed arrows).

Our data supported the view that both P1 and P2 contributed to isc-suf expression, and P3
further contributed to transcription of the suf genes. P3 was the strongest of the sense promoters, and
extending the upstream region of P3 and including P1 and P2 elevated the activity further and conferred
iron-dependent expression. An additional promoter for the suf genes (P3) might guarantee the high
expression of the proteins required for the assembly of iron-sulfur clusters. IscR has a regulatory
function and may not be required in a high amount. IscS is a cysteine desulfurase that is required
for mobilization of sulfur from L-cysteine. A higher expression of iscS might not be required, since,
with SufS, another cysteine desulfurase was encoded by the isc-suf operon downstream of P3. This
arrangement with two cysteine desulfurases was conserved among Rhodobacteraceae and also found in
Rhizobiaceae (Figure S1).

Two antisense promoters were present downstream of P2. P4 was located within the iscR gene,
while P5 was located upstream of iscR and responsible for transcription of RSP_0444. The gene product
of RSP_0444 is annotated as a putative hydrolase, but no experimental data on its function is available.
The position of this gene on the chromosome was also found in most Rhodobacteraceae and Rhizobiaceae,
although in Rhizobiaceae, iscR was not located upstream of IscS (Figure S1). Surprisingly, both antisense
promoter regions, P5 and P4, positively affected transcription in sense direction. Transcription of iscR
from P2 was higher, when, at the same time, P5 was present, and even higher, when, also, the region
containing P4 was present. RNA-seq analyses revealed the presence of remarkably high numbers
of antisense promoters in many bacterial species, and different effects of antisense transcripts have
been reported [50–52]. In many cases, antisense transcription produces non-coding sRNAs that either
interfere with translation or influence stability of the sense RNA. We could not confirm the existence of a
distinct, small RNA originating at P4 by Northern blot analysis. Alternatively, the formation of an open
complex during initiation of transcription might also allow more efficient transcription in the opposite
direction. An effect of promoters on superhelicity-dependent processes is well documented [53].
The exact mechanisms by which P5 and the P4 region affect isc-suf expression remain elusive, but
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our data emphasized that it is important to consider the effect of such antisense promoters for sense
promoter activity.

P2 was the main promoter for transcription of iscRS, and binding of IscR to P2 conferred
iron-dependent expression to P2 and to the downstream promoter P3 that initiated further suf
transcripts. Our present study revealed that IscR was also required for the tBOOH-dependent activity
of P2. Thus, IscR could function as a sensor for iron availability and organic peroxide stress in R.
sphaeroides. Furthermore, we could demonstrate the binding of IscR to the other sense promoters—P1
and P3. In contrast to its effect on P2 activity, IscR binding to P1 or P3 did not mediate tBOOH-dependent
expression. Two types of IscR binding sites—Type 1 and Type 2—were identified in E. coli: holo-IscR
(containing the Fe-S cluster) shows a higher affinity to Type 1 sites than apo-IscR, while both IscR
forms bind with similar affinity to Type 2 sites [9]. Interestingly, this regulatory mechanism is even
conserved in the Gram-positive Thermincola potens [54]. Our in vivo data revealed stronger repression
of the P2 promoter by holo-IscR, while the repressing effect on P3 was similar in iron repletion and
iron depletion, and only apo-IscR had a repressing effect on P1. This indicated the presence of different
types of IscR binding sites also in R. sphaeroides.

Despite the presence of an Irr box around the P2 promoter, we detected only a small effect of Irr
on P2 (1.8-fold) and did not detect binding of Irr to the P2 region in vitro. A small effect of Irr on P1
activity (1.5-fold) was observed, but no binding of Irr to the promoter region in vitro was observed.
Our results implied that Irr did not make a major contribution to P1 and P2 regulation under the tested
conditions and suggested that the influence of Irr might be indirect. There was also an influence of
Irr on P3 that was even more pronounced when all upstream promoters were present, and binding
of Irr to P3 was demonstrated. Since the P12543 reporter also carries a complete copy of iscR, we
could not exclude that elevated levels of IscR influence activity of the P3 promoter in this strain.
Higher IscR levels could increase the effect of iron in the irr deletion strain (compare 5C to 5F). The P3
promoter was the only promoter that showed a significant but small effect in the mutant lacking
Fur/Mur, indicating an activating function of Fur/Mur under iron depletion. Johnston and co-workers
suggested that iron-dependent regulation in alpha-proteobacteria mainly occurs by regulators different
from Fur [55]. Some Fur homologs in Rhizobia and the Fur homolog of R. sphaeroides were shown
to affect the expression of the sit operon in an Mn2+-dependent manner and were consequently
named Mur [23,56–58]. The deletion of the fur/mur gene resulted in stronger expression of many
iron-dependent genes in R. sphaeroides [23], suggesting that Fur/Mur has a role in regulating iron
metabolism in this bacterium and has a repressing function under iron depletion. Rodionov and
co-workers suggested a Fur-box and a slightly differing Mur-box as consensus sequences for DNA
binding sites in alpha-proteobacteria [43]. Such sequences are not present in the vicinity of P3 of the
isc-suf operon, while an almost perfect Mur box is located between the –10 and –35 region of the sitA
promoter. Fur/Mur is required for a strong induction (about 50-fold) of sitA expression in response to
Mn2+ limitation [23]. It is likely that the small effects of Fur/Mur on many genes of iron metabolism,
including P3 of the isc-suf operon, does not include direct binding but is rather mediated indirectly.

While none of the sense promoters was influenced by the OxyR protein, antisense promoter
P5 was strongly repressed by this regulator, under iron-replete and iron deplete conditions, and
binding of OxyR to the P5 upstream region was confirmed. The repressing effect of OxyR on the P5
promoter required 112 nt of the upstream region and was not present with only 88 nt of the upstream
region (Figure 5E). An effect of OxyR on the iron-dependent levels of isc and suf genes was reported
previously [20,41,45]. Since the activity of P12543 was not influenced by OxyR (Figure 5F), it was likely
that other mechanisms than binding to P5 were responsible for the OxyR effect on the suf genes, which
might also be indirect. Since P5 is the promoter for RSP_0444, OxyR could also affect the expression
of RSP_0444, but previous microarray studies revealed hydrogen peroxide- and OxyR-independent
expression of RSP_0444 [41,45]. OxyR is mostly known as an activator of gene expression in response
to oxidative stress. A repressor function of OxyR under non-stress conditions, as observed for P5, was,
however, also described in R. sphaeroides [41].
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5. Conclusions

Figure 7 summarizes the effects of external factors and regulatory proteins on isc-suf expression
and also indicates the influence of the P1, P5, and the P4 promoter region on the activity of P2, which is
the main promoter for iscRS expression but also regulates other genes of iron metabolism. Our study
revealed IscR as the main regulator for iron- and tBOOH-dependent expression of the isc-suf operon.
IscR (under iron repletion and iron depletion) and Irr (under iron depletion) also repressed P3 activity
by direct binding. The presence of the upstream region, including P1, allowed higher transcription
rates of isc-suf than P2 alone, and both antisense promoters stimulated P2 activity. The influence of
Fur/Mur was observed for P3, but the effects were small and most likely indirect. Thus, multiple
promoters and multiple regulators were involved in adjusting isc-suf expression to environmental
conditions, and by regulating iscR expression indirectly, other genes of the iron metabolism that were
controlled by IscR were also affected.
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Abstract: Bacteria employ regulatory networks to detect environmental signals and respond
appropriately, often by adjusting gene expression. Some regulatory networks influence many
genes, and many genes are affected by multiple regulatory networks. Here, we investigate the
extent to which regulatory systems controlling aerobic–anaerobic energetics overlap with the CtrA
phosphorelay, an important system that controls a variety of behavioral processes, in two metabolically
versatile alphaproteobacteria, Dinoroseobacter shibae and Rhodobacter capsulatus. We analyzed ten
available transcriptomic datasets from relevant regulator deletion strains and environmental changes.
We found that in D. shibae, the CtrA phosphorelay represses three of the four aerobic–anaerobic
Crp/Fnr superfamily regulator-encoding genes (fnrL, dnrD, and especially dnrF). At the same time,
all four Crp/Fnr regulators repress all three phosphorelay genes. Loss of dnrD or dnrF resulted in
activation of the entire examined CtrA regulon, regardless of oxygen tension. In R. capsulatus FnrL,
in silico and ChIP-seq data also suggested regulation of the CtrA regulon, but it was only with loss of
the redox regulator RegA where an actual transcriptional effect on the CtrA regulon was observed.
For the first time, we show that there are complex interactions between redox regulators and the CtrA
phosphorelays in these bacteria and we present several models for how these interactions might occur.

Keywords: Alphaproteobacteria; Rhodobacteraceae; nitric oxide; quorum sensing; gene transfer
agent; motility; Crp/Fnr; Dnr; RegA; ChpT

1. Introduction

Bacteria sense and process environmental signals in order to adapt to changes in their surroundings.
These signals are relayed through regulatory networks that adjust the cells’ behavior, often through
changes in gene expression. The alphaproteobacterium Dinoroseobacter shibae is a member of the marine
roseobacter group and an aerobic anoxygenic photoheterotrophic bacterium, capable of both aerobic
and anaerobic respiration [1]. It can be free-living or an algal symbiont [1] and is a metabolically
versatile bacterium able to adapt to changes in its highly dynamic environment. For example, at the
end of an algal bloom when the oxygen concentration drops, an alternative terminal electron acceptor
such as nitrate can be used for respiration [1,2].

The response to the change from aerobic to anaerobic conditions is controlled by four Crp/Fnr
transcriptional regulators in D. shibae [3]. Crp/Fnr regulators are widely distributed among bacteria
and form a superfamily consisting of 14 phylogenetic subgroups [4]. The versatility of this family
is reflected by both the wide range of signals that are sensed, such as temperature [5], oxygen [6],
and nitric oxide (NO) [7], and the range of metabolic processes regulated upon activation, which include
respiration-related processes and especially the transition between aerobic and anaerobic lifestyles [3,8].
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Two well-studied members of this family are the Dnr and Fnr proteins. Dnr proteins bind a
heme cofactor that allows for sensing of NO [4,9], while Fnr proteins react to low oxygen tension [4,6].
In D. shibae, FnrL and DnrD regulate DnrE and DnrF in a cascade-type network that controls the
transition from aerobic to anaerobic growth, heme and carotenoid synthesis, multiple other metabolic
processes, and flagellar synthesis [3]. The importance of these regulators in D. shibae is well illustrated
by the observation that loss of FnrL affects the transcript levels of over 400 genes [3].

Another important regulatory system in D. shibae is the CtrA phosphorelay [10]. Like the Crp/Fnr
regulators, this phosphorelay integrates an environmental signal, in this case, the autoinducer
concentration as an indicator of cell density, and adjusts gene expression in response [11].
This phosphorelay is conserved within the majority of alphaproteobacterial lineages and consists of
the histidine kinase CckA, the phosphotransferase ChpT and the transcriptional regulator CtrA [10].
In D. shibae, the CtrA phosphorelay is activated by the quorum sensing (QS) signal of the main
acyl-homoserine lactone (AHL) synthase (LuxI1) with subsequent regulation of genes for flagellar
motility, recombination and competence proteins, a tight adherence (tad) pilus involved in attachment
to carbohydrates on the host cells [12], cell cycle control, gene transfer agent (GTA) production,
bis-(3′-5′)-cyclic dimeric guanosine monophosphate (c-di-GMP) signaling, the NO-sensing heme-nitric
oxide/oxygen binding domain (HNOX) protein, and the AHL synthases LuxI2 and LuxI3 [11,13,14].
Deletion of cckA has been found to abolish the mutualistic interaction between D. shibae and its algal
host, demonstrating that the CtrA phosphorelay is essential for establishment of this symbiosis, at
least partly due to the requirement for flagella [15]. The Crp/Fnr and CtrA phosphorelay networks
are connected by their shared regulation of flagellar gene expression and due to their involvement in
symbiosis with the host dinoflagellate.

There are three ways bacteria can be exposed to NO. Some bacteria generate NO during
denitrification, and this is considered the activator for DnrD in D. shibae [3,16]. NO can be produced
intracellularly through the oxidization of L-arginine to NO and L- citrulline [17] or via a nitric oxide
synthase (NOS) [17,18]. NO released by some eukaryotic organisms can be a form of communication
with their symbiotic bacteria and is then typically sensed by HNOX proteins [19]. The HNOX genes
are often located adjacent to genes encoding c-di-GMP signaling proteins or histidine kinases. In the
context of symbioses, only a few NO-detecting systems have been found that do not involve c-di-GMP
signaling but instead directly integrate into QS systems [20–22]. In D. shibae, an HNOX protein detects
NO and thereupon inhibits the c-di-GMP synthesizing enzyme Dgc1 [23].

The potential for overlap between Crp/Fnr-based regulation and the CtrA phosphorelay also
exists in the purple non-sulfur alphaproteobacterium Rhodobacter capsulatus. Its CtrA phosphorelay
was originally discovered due to its regulation of GTA production [24], but it also affects many other
genes such as those associated with flagellar motility, gas vesicles, and c-di-GMP signaling [24,25].
Like D. shibae, R. capsulatus can switch between aerobic and anaerobic lifestyles, which involves Crp/Fnr
regulation, the RegA/B two-component system, and CrtJ [26–28]. Loss of FnrL affects the transcript
levels of 20% of R. capsulatus genes [29], including 42 that are directly regulated and encode c-di-GMP
signaling, gas vesicle, and flagellar proteins, among others [29].

These initial surveys of the activities of redox regulators and the CtrA phosphorelays in D. shibae
and R. capsulatus indicated a potential connection of the regulons. Therefore, we were interested in
exploring in more detail the extent to which these regulatory systems interact. We re-analyzed ten
available transcriptomic datasets for the two species. Deletion mutants, including those of redox
regulators and the CtrA phosphorelay/QS networks, were analyzed to examine the regulon overlap
of these systems and to evaluate their potential integration. We also included further analyses of
available transcriptomic datasets of wild type strains undergoing physiological changes related to the
environmental signals integrated by these regulatory systems.
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2. Materials and Methods

2.1. Datasets Analyzed in this Study

Ten published and accessible microarray and RNA-seq transcriptomic datasets for chosen gene
knockout strains and experiments monitoring responses to changes in environmental conditions were
obtained from the NCBI GenBank database (Table 1).

Table 1. Description of the transcriptomic datasets analyzed in this study.

Species Strains and Culture Conditions Type of Data Accession Number Reference

D. shibae

Time-resolved response to addition of AHL to ΔluxI1 RNA-seq GSE122111 [13]
Time resolved co-cultivation with Prorocentrum minimum RNA-seq GSE55371 [15]

Knockouts of ctrA, chpT, and cckA in exponential and
stationary phases of growth

Agilent dual-color
microarray

GSE47451 [11]

Knockouts of fnrL, dnrD, dnrE, and dnrF under aerobic
conditions and 60 min after shift to anaerobic,

denitrifying conditions

Agilent dual-color
microarray

GSE93652 [3]

Time-resolved growth of wild type and ΔluxI1 strains
from OD600 0.1 to stationary phase

Agilent dual-color
microarray

GSE42013 [14]

ΔluxI2 growth to OD600 of 0.4 RNA-seq PRJEB20656 [30]
Time-resolved shift of the wild type from aerobic to

anaerobic growth conditions
Agilent single-color

microarray
GSE47445 [31]

R. capsulatus
Knockouts of regA, crtJ, and fnrL in mid-exponential

growth phase
RNA-seq PRJNA357604 [32]

Knockouts of ctrA and cckA in mid-exponential
growth phase

Affymetrix
microarray

GSE53636 [33]

Knockout of ctrA during exponential and stationary
growth phases

Affymetrix
microarray

GSE18149 [34]

2.2. Processing and Analysis of Datasets

This study includes four different types of transcriptomic data (Table 1) that could not be processed
and analyzed as one dataset. We therefore used the changes in transcript levels (log2 fold change)
compared to the controls used in the respective studies (e.g., wild type or time point before changes in
the environmental conditions) for each dataset. RNA-seq data from D. shibae (reads per gene) and
R. capsulatus (log2 fold change) were obtained from the respective publications (Table 1).

Agilent microarray datasets were processed using the LIMMA package in R [35]. Background
correction was performed with the “normexp” method and an offset of 10. Two-color microarrays
were normalized with the “loess” method before quantile normalization. Signals/intensities from spots
were averaged.

Affymetrix microarray datasets were processed using the R packages LIMMA, makecdfenv, and
affy [35–37]. The CDF environment for GSE18149 was generated using the corresponding CDF file
downloaded from GEO (accession GPL9198). Data were normalized with the rma function. A linear fit
model was generated for comparison.

In order to analyze the CckA and ChpT regulons, thresholds were set that allowed definition of
regulated and non-regulated genes. These thresholds were applied to the log2 fold change in transcript
level values in the cckA and chpT deletion mutants. A gene was not considered regulated when its
log2 fold change was between 1 and −1 while a log2 fold change value above 1 or below −1 indicated
an affected gene. The analyzed genes were grouped based on published information about their
functional categories as described (Supplementary Table S1).

3. Results

3.1. Overlap of the Crp/Fnr and CtrA Regulons in Dinorosebacter shibae

The possible interaction between the Crp/Fnr regulator and CtrA phosphorelay networks was
first assessed using transcriptomic datasets for regulator deletion mutants. The changes of transcript
levels of known Crp/Fnr- and CtrA-controlled traits revealed a strong overlap of both regulons, with
the regulator-encoding genes themselves affected by losses of the other regulators (Figure 1). Under
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both aerobic and anaerobic conditions, the loss of dnrD or dnrF resulted in increased transcript levels
of the CtrA phosphorelay, QS, flagellar motility, tad pilus, competence and recombination, gene
transfer agent (GTA), divL and c-di-GMP signaling genes (Figure 1A). In all datasets, the GTA genes
showed comparatively small changes in transcript levels (Figure 1), probably as a result of a small
subpopulation actually expressing these genes [13]. Only the loss of dnrF led to a change in gene
expression between aerobic and anaerobic conditions, since a greater increase in the transcript levels
could be observed under anaerobic conditions for most of its regulon (Figure 1C). The loss of fnrL or
dnrE resulted in increased transcript levels of ctrA, cckA, chpT, luxI1, luxR1, and luxR2 but had little to
no effect on the downstream CtrA regulon (Figure 1B).

 
Figure 1. Transcriptomic data for genes in selected functional groups in different knockout strains. The
four Crp/Fnr regulator knockouts were grown under aerobic (ae) or anaerobic (an) conditions. The log2

fold changes compared to the respective wild type (WT) (A,B) or against themselves grown at different
conditions, are shown (C). The CtrA phosphorelay and quorum sensing system knockouts were grown
aerobically to the stationary phase and compared to the WT (D). The functional group assignments on
the right are based on published information as described in Supplementary Table S1. Note: the ΔluxI1

strain retains a portion of the gene that can therefore result in mapped reads.
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Almost all examined genes showed an opposite pattern in the CtrA phosphorelay and luxI1
mutants (Figure 1D) compared to dnrD and dnrF (Figure 1A). Most of the genes showed decreased
transcript levels in strains lacking any of the CtrA phosphorelay genes, with the exceptions of the
Crp/Fnr regulators where the largest increase was found for dnrF (Figure 1D). Loss of luxI1 resulted in
increased transcript levels for fnrL, dnrD, and dnrF, but no changes were observed for dnrE (Figure 1D).

3.2. The Role of ChpT in Signal Integration

In D. shibae, deletion of neither ctrA nor cckA had an influence on expression of chpT, whereas the
loss of either ctrA or chpT resulted in decreased expression of cckA (Figure 1D) [11]. However, all three
CtrA phosphorelay component genes showed reduced transcript levels in the absence of the AHL
synthase luxI1 (Figure 1D) [13], whereas loss of the Crp/Fnr regulators resulted in increased transcript
levels of these genes (Figure 1A,B). Therefore, in contrast to ctrA and ccka, chpT is not regulated by
the CtrA phosphorelay itself, but by other factors that can thereby control the phosphorylation state
of CtrA. These findings also suggest that chpT transcription is regulated oppositely by QS and the
Crp/Fnr regulators.

This is supported by binding site predictions for FnrL [3] that suggest it binds at the promoter of
chpT and clpX, which encodes a protease known to cleave CtrA [3,38,39]. Deletion of fnrL strongly
increased the expression of chpT but only resulted in minimal changes for clpX (Figure 1B). Binding
site prediction for the Dnr regulators did not find any binding sites near clpX or the CtrA phosphorelay
genes [3].

It was previously found that more genes were affected by the loss of chpT than cckA [11], suggesting
ChpT regulates some genes independent of CckA and that a different kinase might regulate its activity
and thereby affect downstream gene expression. Among the genes affected by the loss of chpT but not
cckA, dnrF was the most upregulated gene during exponential growth while lexA and recA were among
those most downregulated genes in both exponential and stationary phases (Figure 2). Although there
was a small increase in transcript levels of dnrF in the cckA deletion strain during exponential growth,
it did not pass the threshold we defined (see Materials and Methods). These findings suggest a link
between dnrF and chpT.

Additional discrepancies between CckA and ChpT are apparent from their opposing effects on the
nap gene cluster during exponential growth (Figure 2A), although this is not maintained in stationary
phase (Figure 2B). In exponential phase, loss of cckA led to decreased transcript levels of the nap gene
cluster, while the loss of ctrA and chpT led to increased levels (Figure 2A). This cluster is the only
denitrification cluster activated by FnrL but repressed by the three Dnr regulators [3]. Interestingly,
transcript levels of all four denitrification gene clusters were increased in the AHL synthase knockout
ΔluxI2 but were unaffected in ΔluxI1 (Figure 2C).

3.3. Time-Resolved Evaluation of Environmental Changes and the Regulation of c-di-GMP Signaling Genes

Interactions between the networks in D. shibae were further analyzed using time-resolved
transcriptomic datasets. These were collected following the switch from aerobic to anaerobic conditions
in wild type cells (Figures 3A and 4A) [31], following the external addition of AHL autoinducer to
the AHL synthase mutant ΔluxI1 (Figures 3B and 4B) [13], and through the culture growth phases for
ΔluxI1 in the absence of AHL (Figure 4C) [14].
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Figure 2. Comparison of CtrA phosphorelay, Crp/Fnr regulator, and denitrification gene expression
control by CtrA phosphorelay and LuxI1/2 synthases during exponential and stationary growth phases.
Samples for the ctrA, cckA, and chpT knockout mutants were analyzed at mid-exponential (OD 0.4) (A)
and stationary (six hours after onset of stationary phase) (B) phases of growth. The ΔluxI1 data were
obtained during stationary phase, six hours after the onset of stationary phase, and the ΔluxI2 data
were obtained during the mid-exponential growth phase (C).

Upon the shift to anaerobic conditions, all three dnr genes showed an immediate increase in
transcript levels for 30 min and then stayed constant, whereas those of fnrL decreased (Figure 4A).
These changes corresponded with increased transcript levels of the denitrification gene clusters, with
the nap cluster showing a slightly different pattern than the nir and nos clusters (Figure 3A). Slight
increases were observed for the c-di-GMP signaling, flagellar, tad pilus, and QS genes (Figure 3A).
Four of the five c-di-GMP signaling genes showed increased transcript levels following the transfer to
an anaerobic environment, whereas dgc2 showed a slight decrease (Figure 4A).

The addition of AHL to the ΔluxI1 strain led to increased transcript levels for all CtrA- and
QS-controlled genes (Figure 3B). This included the CtrA phosphorelay and c-di-GMP signaling
genes, with dgc2 showing the largest increase (Figure 4B). No effect was visible for the Crp/Fnr
regulator-encoding genes (Figure 4B) and only a minor increase of the nap gene cluster was observed
among the denitrification genes (Figure 3B).

Due to the increased transcript levels observed for CtrA regulon genes in the dnrD and dnrF
deletion strains, it was expected that the same genes would also be decreased under anaerobic
conditions. Instead, it turned out that the change from aerobic to anaerobic conditions (Figure 3)
resulted in increased transcript levels for these genes. However, this increase was small, and effects
were not observed for some genes that appeared to be controlled by the individual regulators based on
the knockout transcriptomic data (Figure 1). This included the regulation of the CtrA phosphorelay
genes by the Crp/Fnr regulators. Vice versa, loss of the CtrA phosphorelay genes indicated their

218



Microorg 2020, 8, 562

repression of Crp/Fnr regulator gene expression (Figure 1D), but the contrary was observed in the
respective physiological datasets where the Crp/Fnr regulators seem to be upregulated (Figure 3B).
Notably however, in both physiological datasets, dgc2 stands out as distinctly affected compared to
other c-di-GMP signaling genes (Figure 4A,B). Also, in the non-induced ΔluxI1 culture, no influence of
the QS null mutant on the Crp/Fnr regulators was observed, but the CtrA phosphorelay and c-di-GMP
signaling genes were down-regulated (Figure 4C).

 

Figure 3. Time-resolved transcriptomic analysis for genes in selected groups in response to
environmental changes. (A) Gene expression changes after the shift to anaerobic growth compared to
aerobic conditions. (B) Gene expression after external addition of autoinducer 3-oxo C14 HSL to the QS
synthase null mutant (ΔluxI1).

Interestingly, in contrast to fnrL, dgc2, and chpT, the other Crp/Fnr regulators, c-di-GMP signaling,
and CtrA phosphorelay genes all decreased at the onset of the stationary phase (Figure 4C). Moreover,
analysis of the Crp/Fnr knockout data showed that the loss of dnrF or dnrD resulted in increased
transcript levels of four of the c-di-GMP signaling genes under anaerobic growth conditions, with only
dgc2 being unaffected (Figure S1A). Loss of luxI1 and the CtrA phosphorelay genes resulted in decreased
transcripts for all five genes (Figure S1B,C), although the effects on dgc2 were smaller than for the other
genes in the stationary phase (Figure S1C).
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Figure 4. Time- and density-resolved transcript levels in three different conditions for three groups of
regulators. The expression profiles of the CtrA phosphorelay genes (top), c-di-GMP signaling genes
(middle), and four Crp/Fnr regulator-encoding genes (bottom) are plotted. The changes in transcript
levels were monitored after the switch from aerobic to anaerobic growth over a time period of 120 min
(A), after the external addition of autoinducer (3-oxo C14 HSL) to the synthase null mutant (ΔluxI1)
over a period of 180 min (B), and during logarithmic (samples 1–5) and stationary (sample 6) phases of
growth as determined by optical density (C).

3.4. Effects on the CtrA Regulon during Coculture of Dinoroseobacter shibae and Its Algal Host

In the two-phase interaction of D. shibae with its dinoflagellate host Prorocentrum minimum [14,40],
a mutualistic growth phase (0 to 21 days of cocultivation) is followed by a pathogenic growth phase
(21 to 30 days of cocultivation) that leads to death of the algae [15]. Analysis of the transcriptomic
data of D. shibae during cocultivation showed an overall increase in the transcription for the CtrA
regulon genes during the transition between the two phases (day 24 compared to day 18), followed by
a decrease during the late-pathogenic phase, after 30 days (Supplementary Figure S2).

Of the CtrA phosphorelay genes, only chpT remained upregulated during the pathogenic
interaction. Evaluation of the denitrification gene clusters showed strong variation among these genes
(Supplementary Figure S2), likely arising from overall low expression levels, and this made it difficult
to draw any conclusions.

3.5. RegA Activates the CtrA Regulon in Rhodobacter capsulatus

Next, we asked if the observed overlap between redox regulators and the CtrA phosphorelay
system is conserved in another member of the family Rhodobacteraceae. For R. capsulatus, transcriptomic
data were available for knockout mutants of ctrA, cckA, and the known redox regulator-encoding genes
fnrL, regA, and crtJ. We identified three additional Crp/Fnr regulator-encoding genes in this bacterium
based on blast searches (RCAP_rcp00107, RCAP_rcc01561, RCAP_rcc03255), but these genes showed
no evidence of differential regulation in any of the analyzed datasets and we did not consider them
further. A blast search also identified a homologue (RCAP_rcc02630) of the HNOX-encoding gene of
D. shibae (Dshi_2815). This gene encodes a protein with a predicted heme nitric oxide/oxygen binding
(HNOB) domain and is located adjacent to a c-di-GMP signaling gene (RCAP_rcc02629) that was
recently demonstrated to affect GTA production and motility in R. capsulatus [41]. When bound to
NO, the HNOX homologue in D. shibae inhibits the activity of the diguanylate cyclase Dgc1, which is
encoded by the neighboring gene [23].
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FnrL is the only Crp/Fnr regulator that has been studied in R. capsulatus [29]. Its loss did not
result in any large changes in transcript levels for the examined traits under anaerobic phototrophic
conditions (Figure 5), and the same was observed for the loss of crtJ, which encodes a transcription
factor that controls numerous photosynthesis and cytochrome genes [32] (Figure 5). RegA is the
response regulator of the RegB/A two-component system that controls photosynthesis, nitrogen and
carbon fixation, denitrification, and respiration genes in response to oxygen availability [26]. In contrast
to fnrL and crtJ, we found that the loss of regA resulted in a strong decrease in transcript levels of the
CtrA regulon genes (Figure 5), indicating that RegA acts as a direct or indirect activator of these genes.
Like the genes involved in regulation of photosynthesis and the change between aerobic/anaerobic
lifestyle in D. shibae, loss of regA affected chpT the most among the CtrA phosphorelay genes in
R. capsulatus. Loss of the CtrA phosphorelay genes had no influence on transcription of fnrL, regA, regB,
or the other putative Crp/Fnr regulator-encoding genes (Supplementary Figure S3). A comparison of
photosynthetic anaerobic growth and aerobic cultivation in R. capsulatus showed the CtrA-regulated
traits have reduced transcript levels under anaerobic conditions (Figure 5).

 
Figure 5. Effects of growth conditions and three regulator knockouts on the transcript levels of eight
categorized groups of genes in Rhodobacter capsulatus. The microarray-based transcriptomic data for
aerobic versus anaerobic growth in the wild type and for three mutants, fnrL, regA, and crtJ, compared
to the wild type are shown.

4. Discussion

4.1. The Crp/Fnr and CtrA/QS Regulons Overlap in Dinoroseobacter shibae

Our analysis revealed an inverse regulatory crosstalk between the Crp/Fnr and CtrA systems in D.
shibae. We found the denitrification gene clusters and Crp/Fnr regulator genes, especially dnrF, to be

221



Microorg 2020, 8, 562

part of the CtrA phosphorelay and LuxI2 regulons. DnrE was affected exclusively by loss of LuxI2,
whereas loss of LuxI1 only had minor effects on fnrL, dnrD, and dnrF and no effect on dnrE. In addition
to their regulation by LuxI1, which signals cell density, the Crp/Fnr regulators integrate oxygen and
NO levels and affect all three CtrA phosphorelay genes.

Until now, overlapping regulation by the Crp/Fnr and CtrA systems has only been noted in
D. shibae for flagellar genes and recA [3,12,13], and to our knowledge this level of regulatory interaction
has not been reported for alphaproteobacteria. However, a comparable connection between QS and
Crp/Fnr regulators has been documented for the gammaproteobacterium Pseudomonas aeruginosa where
the regulons of the FnrL homolog Anr and QS synthase LasR overlap. Here, denitrification genes are
induced by Anr and inhibited by LasR. Additionally, in the absence of lasR, Anr regulates production
of the QS molecule 4-hydroxy-2-alkylquinoline [42]. At the protein level, nitrite reductase (NirS), a
flagellar protein (FliC), and the chaperone DnaK form a complex that influences flagellar formation and
motility and thus creates a link between denitrification and motility [43]. In cystic fibrosis infections,
P. aeruginosa is exposed to ambient conditions with low oxygen tension. The intracellular levels of
c-di-GMP increase, which leads to biofilm formation. These conditions also lead to an increase in
mutations in the QS transcriptional regulator-encoding gene lasR. As lasR deletion strains grow to
higher cell densities and have higher denitrification rates, it has been suspected that these mutations
increase the fitness of the population during infection [44–46].

Combined, these observations indicate that there may be a more widely conserved interaction of
Crp/Fnr regulators and QS in proteobacteria. The CtrA phosphorelay is unique to alphaproteobacteria,
indicating a potential independent evolution of this regulatory crosstalk in this lineage.

4.2. Inverse Control of the CtrA Regulon by RegA and Anaerobic Photosynthetic Growth Conditions in
Rhodobacter capsulatus

In R. capsulatus, the regulons of the redox-responsive two-component system RegA/B [47] and the
CtrA phosphorelay overlap. Interestingly, chpT stands out because it is the only CtrA phosphorelay
gene that is regulated by RegA. Similar to Dnr and Fnr in D. shibae, RegA controls the expression of
photosynthesis and respiration genes [26]. ChIP-seq with RegA identified binding sites adjacent to
several genes also targeted by CtrA: RCAP_rcc02857 (a c-di-GMP signaling gene involved in GTA
production) and its divergently transcribed neighbor (RCAP_rcc02856), RCAP_rcc02683 (a chemotaxis
gene), and dksA (a dnaK suppressor gene) [34].

As in D. shibae, transcriptomic data from a fnrL deletion strain showed no effects on the
CtrA-controlled traits outside of the CtrA phosphorelay genes themselves. However, ChIP-seq
and in silico binding site predictions [29] suggest FnrL binding adjacent to divL, dnaK, recA, flagellar
gene clusters, the RcGTA capsid protein-encoding gene, and c-di-GMP signaling genes (including those
affecting RcGTA production [41]). Similarly, ChIP-seq with CrtJ [48], a regulator controlling expression
of multiple genes involved in photosynthesis, also revealed a connection to the CtrA phosphorelay.
Even though the observed transcript level changes in the crtJ mutant were small, binding was found
adjacent to ctrA, clpX, a luxR family gene, dnaA, spoT, ftsZ, and the first gene in the GTA structural gene
cluster (RCAP_rcc01682) under aerobic and anaerobic cultivation. Binding sites adjacent to dnaK and
two flagellar genes (flgB and flaA) were identified under aerobic and anaerobic conditions, respectively.

In D. shibae, deletions of the Crp/Fnr regulator-encoding genes indicated an inhibition of the CtrA
regulon, but the physiological changes detected by these regulators (switch from aerobic to anaerobic
conditions) showed a tendency towards activation of the CtrA regulon. The same was observed for the
deletion mutants of the CtrA phosphorelay components and their regulation of the Crp/Fnr regulator
genes. In R. capsulatus, we could observe a similar pattern but in reverse for regulation of the CtrA
regulon by RegA. While the regA knockout indicated activation of the CtrA regulon, the switch to
anaerobic photosynthetic growth conditions showed an inhibition. This is probably indicative of a
more complex interaction among these regulatory systems. However, the regA deletion transcriptomic
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data are supported by in vivo motility tests that showed reduced swimming ability of the ΔregA
strain [26].

4.3. Integration of Crp/Fnr Regulation into the CtrA Phosphorelay and Regulon

In D. shibae, CtrA binding site predictions and expression data for ctrA and cckA suggest that CtrA
directly regulates its own expression and that of cckA, but not chpT [13]. Therefore, chpT transcription
must be regulated from outside of the CtrA phosphorelay and upstream of CtrA. Both, regulatory
control of chpT and signal integration upstream of CtrA is known for LuxI1 [11]. A similar situation
might be possible for Crp/Fnr signal integration due to their regulation of chpT (Figure 6A). Since chpT
is the only RegA-regulated CtrA phosphorelay gene in R. capsulatus (and it has a RegA binding site),
it seems to play a central role here, too. However, there are also RegA binding sites associated with
clpX and other genes of the CtrA regulon [26]. Interestingly, the Dnr/Fnr binding site in the nosR2
promoter in D. shibae has the sequence 5′-TTAAC-N4-GTCAA-3′ [3], which shares a half-site binding
motif with CtrA 5′-TTAAC-N5-GTTAAC-3′ [11]. Previously, comparison between transcriptional
regulation and the presence of full and half-site motifs revealed the potential importance of half-site
motifs for transcriptional control by CtrA in R. capsulatus [34]. Thus, CtrA and Fnr regulators might
interact with some of the same/overlapping sequences (Figure 6B).

Figure 6. Possible mechanisms of integration of the Crp/Fnr and CtrA systems. (A) The LuxI1 and
Crp/Fnr signals could be integrated into the CtrA phosphorelay via chpT regulation, which does not
happen via CckA or CtrA. (B) Shared binding site motifs for Crp/Fnr regulators and CtrA might allow
direct integration of the NO/oxygen signal into the CtrA regulon. (C) An additional histidine kinase
(CcsA) has been reported to phosphorylate ChpT in another bacterium, and this could integrate the
Crp/Fnr signals and disconnect CckA from the integration. (D) Phosphorylation of the Dgc2 receiver
domain likely regulates the enzyme’s diguanylate cyclase activity and thereby alters the intracellular
levels of c-di-GMP, which are known to affect the CtrA regulon.

A distinct role for ChpT is supported by the observation that loss of chpT or ctrA but not cckA
results in decreased transcript levels of dnrF. It is possible that ChpT integrates signals from more
than one kinase into its regulation of CtrA. To our knowledge, the only other instance of a histidine
kinase affecting phosphorylation of CtrA via ChpT is CcsA from Sphingomonas melonis [49]. Potential
homologues of CcsA are encoded in D. shibae (Dshi_1893) and R. capsulatus (RCAP_rcc02545), but
effects on transcript levels of these genes were not observed in any of the analyzed datasets. This does
not exclude their involvement but also does not allow us to draw further conclusions (Figure 6C).

4.4. Crp/Fnr Regulation of the CtrA Regulon is Largely Independent of Oxygen Tension

Among the Crp/Fnr regulators, only loss of the NO-sensing DnrF resulted in higher inhibition
activity of the CtrA system under anaerobic conditions. In P. aeruginosa, swimming motility is controlled
anaerobically and aerobically and it was suggested that NirS promotes motility in multiple ways, at
the protein level or via signaling pathways, depending on oxygen availability [50]. Regulation of
QS traits by both NO and oxygen was also found in the interaction of Vibrio fischeri with the light
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organ of its squid host. Here, NO released by the host’s immune system regulates the symbionts’
settlement via biofilm production while the host’s control of oxygen availability regulates bacterial
bioluminescence in a circadian manner [51–53]. However, since the Crp/Fnr knockout and physiological
change transcriptomic data have opposite effects on the CtrA phosphorelay (inhibition indicated by
the knockouts and activation by the shift to anaerobic growth), it is difficult to determine the role of
oxygen on the CtrA phosphorelay. In R. capsulatus, the knockout transcriptomic data were supported
by in vivo experiments, so if the knockout transcriptomic data also reflect the actual CtrA regulon in
D. shibae, the Crp/Fnr regulators have an inhibitory effect on the CtrA phosphorelay and its regulon.
It is known that Dinoroseobacter establishes a mutualistic symbiosis with its dinoflagellate host via the
CtrA phosphorelay and by means of flagella. It is possible this interaction is repressed towards the end
of an algal bloom when oxygen concentrations change, resulting in downregulation of flagella (and
other CtrA-regulated traits) via Crp/Fnr regulation.

4.5. The Role of c-di-GMP

Multiple eukaryotic hosts are known to use NO for communication with microbial symbionts.
In some of the characterized systems, NO is sensed by HNOX proteins, which then control c-di-GMP
signaling proteins or histidine kinases encoded by genes adjacent to the HNOX-encoding gene.
For example, in Vibrio harveyi, the HNOX-neighboring histidine kinase phosphorylates the QS
transcription regulator LuxU [20], and in D. shibae, HNOX inhibits the c-di-GMP signaling enzyme
Dgc1 [23]. However, D. shibae also has a second c-di-GMP synthesizing enzyme, Dgc2. During
adaptation to anaerobic cultivation and at the onset of stationary phase, dgc2 transcriptional patterns
were similar to chpT and fnrL. The transcript levels of these three genes plateaued, whereas those of the
other c-di-GMP signaling, CtrA phosphorelay and Crp/FnrL genes decreased. A unique regulation
of dgc2 was also observed in the dnrF, dnrD, cckA, and chpT knockout strains. Thus, both networks
(Crp/Fnr and CtrA phosphorelay) regulate dgc2 and affect its expression in a similar manner as a
response to the onset of stationary phase.

The role of dgc2 in the CtrA phosphorelay and FnrL networks and how it might connect both
remain to be clarified. For example, it is possible that phosphorylation of the receiver domain of Dgc2
regulates its c-di-GMP synthase activity. As a result, regulation by the Crp/Fnr or CtrA phosphorelay
systems could have different effects on the shared traits (Figure 6D).

5. Conclusions

In this study we show that regulation of the CtrA regulon, including traits related to phenotypic
heterogeneity, is additionally controlled by the aerobic–anerobic regulators Crp/Fnr in D. shibae and
by FnrL/RegA in R. capsulatus. This finding is especially important for the understanding of the
metabolically flexible lifestyles of these bacteria. The analysis of the available transcriptomic datasets
revealed multiple possible integration sites of the Crp/Fnr signal into the CtrA phosphorelay, but a
final explanation is still elusive based on these data. Nevertheless, this investigation provides the
first insights into the integration of a second environmental signal into the CtrA phosphorelay and
demonstrates a strong transcriptional connection between QS, CtrA-regulated traits, and Crp/Fnr
regulators in alphaproteobacteria, which has an interesting parallel with QS and Crp/Fnr regulators in a
second class of proteobacteria. To our knowledge, D. shibae and R. capsulatus are the first two organisms
where both Dnr and HNOX NO-sensor proteins have been studied. Further investigation is necessary
to clarify the interaction between the CtrA phosphorelay and the Crp/Fnr regulators. For example, it
would be helpful to confirm if an additional kinase is indeed regulating ChpT in these bacteria.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2607/8/4/562/s1:
Figure S1. Transcript level changes of D. shibae c-di-GMP signaling genes; Figure S2. Comparison of changes in
transcript levels during different stages of the “Jekyll and Hyde” interaction between Dinoroseobacter shibae and
the dinoflagellate Prorocentrum minimum; Figure S3. Transcript level changes of various FnrL- and RegA-related
genes in CtrA phosphorelay mutants during exponential and stationary phases of growth in Rhodobacter capsulatus;
Table S1. Assignment of genes into functional categories.
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370 05 České Budějovice, Czech Republic

5 Research Group Microbial Communication, Technical University of Braunschweig,
38106 Braunschweig, Germany; Juergen.Tomasch@helmholtz-hzi.de

6 Laboratory of Aquatic Photobiology and Plankton Ecology, Department of Ecology, University of Innsbruck,
6020 Innsbruck, Austria; Ruben.Sommaruga@uibk.ac.at

* Correspondence: koblizek@alga.cz
† Present Address: Department of Molecular Bacteriology, Helmholtz-Centre for Infection Research,

38106 Braunschweig, Germany.

Abstract: An aerobic, yellow-pigmented, bacteriochlorophyll a-producing strain, designated AAP5
(=DSM 111157=CCUG 74776), was isolated from the alpine lake Gossenköllesee located in the Ty-
rolean Alps, Austria. Here, we report its description and polyphasic characterization. Phylogenetic
analysis of the 16S rRNA gene showed that strain AAP5 belongs to the bacterial genus Sphingomonas
and has the highest pairwise 16S rRNA gene sequence similarity with Sphingomonas glacialis (98.3%),
Sphingomonas psychrolutea (96.8%), and Sphingomonas melonis (96.5%). Its genomic DNA G + C con-
tent is 65.9%. Further, in silico DNA-DNA hybridization and calculation of the average nucleotide
identity speaks for the close phylogenetic relationship of AAP5 and Sphingomonas glacialis. The high
percentage (76.2%) of shared orthologous gene clusters between strain AAP5 and Sphingomonas
paucimobilis NCTC 11030T, the type species of the genus, supports the classification of the two strains
into the same genus. Strain AAP5 was found to contain C18:1ω7c (64.6%) as a predominant fatty
acid (>10%) and the polar lipid profile contained phosphatidylglycerol, diphosphatidylglycerol,
phosphatidylethanolamine, sphingoglycolipid, six unidentified glycolipids, one unidentified phos-
pholipid, and two unidentified lipids. The main respiratory quinone was ubiquinone-10. Strain AAP5
is a facultative photoheterotroph containing type-2 photosynthetic reaction centers and, in addition,
contains a xathorhodopsin gene. No CO2-fixation pathways were found.

Keywords: aerobic anoxygenic phototrophic bacteria; bacteriochlorophyll a; photosynthesis genes;
rhodopsin; Sphingomonadaceae

1. Introduction

The genus Sphingomonas (Alphaproteobacteria) was originally proposed by Yabu-
uchi and coworkers [1] as a genus accommodating Gram-negative, strictly aerobic, non-
sporulating, non-motile or motile, non-fermenting, chemoheterotrophic bacteria [2,3].
Later, this genus was divided into four genera and genus Sphingomonas was redefined in
sensu stricto [4]. Over time, several photoheterotrophic representatives of Sphingomonas
were cultivated [5–8]. Sphingomonas are found in a wide range of environmental niches,
such as soils [6,9,10], fresh and marine waters [11–13], plants [14,15], airborne dust [16,17],
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and clinical samples [1,18,19]. Some representatives of Sphingomonas have a potential for
biotechnological applications [20–22].

We previously isolated a novel Sphingomonas sp. strain designated AAP5 from the
alpine lake Gossenköllesee located in the Tyrolean Alps, Austria. This aerobic yellow-
pigmented strain contains bacteriochlorophyll-containing reaction centers [23].

Anoxygenic photosynthesis is relatively common among members of the order Sphin-
gomonadales. Indeed, the first cultured aerobic anoxygenic phototrophic (AAP) bacterium
was Erythrobacter longus isolated from the Bay of Tokyo [24]. Many AAP species have
been cultured from freshwater, namely from the genera Porphyrobacter, Erythromicrobium,
Erythromonas, Sandarakinorhabdus, and Blastomonas [25]. However, the unique feature of the
strain AAP5 is that, together with genes for bacterial reaction center it contains also gene
for another light harvesting protein xanthorhodopsin [23].

Here, we report the detailed phenotypic, phylogenetic, genomic, physiological, and bio-
chemical characterization of the AAP5 strain. Furthermore, we compared it with its closest
relative, Sphingomonas glacialis, and with the type species of the genus, S. paucimobilis.

2. Materials and Methods

Sampling site and strain isolation. The sampling was conducted in the clear alpine
lake Gossenköllesee, Tyrolean Alps, Austria in September 2012. The lake is situated in
a siliceous catchment area at 2417 m above sea level (47.2298◦ N, 11.0140◦ E). Details on
sampling site and sampling procedure were described previously [12].

1 μl of the lake water sample was diluted into 100 μl of sterile half-strength R2A medium,
and the dilution spread onto half-strength standard R2A agar plates (DSMZ medium 830).
The plates were incubated aerobically at 25 ◦C under 12-h-light/dark cycles until colonies
were visible, which were then screened for the presence of bacteriochlorophyll a (BChl a) using
an infrared (IR) imaging system [26]. IR positive colonies were repeatedly streaked onto new
agar plates until pure cultures were obtained.

Cultivation conditions. For all analyses conducted, the strain was grown either on R2A
solid medium (DSMZ medium 830) or in R2A liquid medium. Cultures were incubated
aerobically in 100 mL of the liquid medium in 250-mL flasks with cotton plugs on an orbital
shaker (150 RPM). Illumination was provided by a bank of Dulux L 55W/865 luminescent
tubes (Osram, Germany, spectral temperature of 6500 K) delivering ca. 100 μmol photons
m−2 s−1. Unless stated otherwise, the cultures were grown under 12-h dark/12-h light
regime and at 22◦C. The growth of cultures was followed by turbidity measurements at
650 nm.

Microscopy. Samples for epifluorescence microscopy were diluted 1000-fold in a sterile
medium, fixed with sterile-filtered formalin to a final concentration of 1%, filtered onto
white polycarbonate filters (Nuclepore, pore size 0.2 μm, diameter 25 mm, Whatman) and
stained with 4′,6-diamidino-2-phenylindole at final concentration of 1 mg l−1 [27]. The cells
were visualized under UV/blue excitation emission, and the autofluorescence of BChl a
was visualized under white light/IR emission, using a Zeiss Axio Imager.D2 microscope
equipped with a Plan-Apochromat 63x/1.46 Oil Corr objective, a Hamamatsu EMCCD
camera C9100-02Min and Collibri2 LED illumination, as described previously [28].

Samples for transmission electron microscopy (TEM) and scanning electron mi-
croscopy (SEM) were fixed with 2.5% glutaraldehyde in 0.1 M phosphate buffer (pH = 7.2)
for 2 days at 4◦C. TEM samples were post-fixed in osmium tetroxide for 2 h, at 4◦C, washed,
dehydrated through an acetone series and embedded in Spurr’s resin. A series of ultrathin
sections were cut using a Leica UCT ultramicrotome (Leica Microsystems), counterstained
with uranyl acetate and lead citrate, then examined in a JEOL TEM 1010 operated at 80
kV. SEM samples were dehydrated through an acetone series and dried by means of a
critical point dryer CPD 2 (Pelco TM). Dry samples were attached to an aluminum target by
means of carbon tape, coated with gold using a sputter coater E5100 (Polaron Equipment
Ltd.) and examined with JEOL SEM JSM 7401F. Images were digitally recorded for the
determination of morphological parameters.

230



Microorg 2021, 9, 768

Samples for atomic force microscopy (AFM) were resuspended in a buffer containing
20 mM Tris-HCl pH 8.0, 50 mM NaCl and adsorbed onto a clean glass coverslip function-
alized by Corning™ Cell-Tak Cell and Tissue Adhesive (Corning Inc, USA). Cells were
imaged by NanoWizard4 BioAFM (Bruker, USA) atop of an inverted optical microscope
(IX73P2F, Olympus, Japan) placed on active vibration isolation system (Halcyonics) inside
a custom-made acoustic enclosure. Cells were imaged with lever 3 of qp-BioAC AFM
probe (Nanosensors, Switzerland). Cantilevers were calibrated using thermal noise, non-
contact Sader method [29] providing resonant frequency fo = 8.94 kHz and spring constant
k = 0.076 N m−1. Quantitative Imaging maps (5 × 5 μm2, 10 × 10 μm2) were recorded
with resolution of 256 × 256 pixels2. The force-distance curves recorded over the sample’s
surface were baseline corrected and the vertical tip position was estimated by fitting the
position of the contact point. The Young’s Modulus was calculated by fitting the processed
curves using the Herz/Sneddon model [30,31] according to Rico and coworkers [32].

Phylogenetic analyses. The 16S rRNA gene sequence (GenBank accession number
MW410774) of strain AAP5 was retrieved from its genome sequence (GenBank accession
number GCA_004354345.1). Reference sequences were obtained either from the SILVA
database [33] or NCBI GenBank (May 2020), and aligned using ClustalW [34]. Ambiguously
aligned regions and gaps were manually excluded from further analysis. The 16S rRNA
phylogenetic tree was computed using both neighbor-joining (NJ) [35] and maximum
likelihood (ML) [36] algorithms included in the MEGA 6.06 software [37]. The Tamura-Nei
model [38] was used for inferring the NJ tree. The ML tree was constructed using GTR
nucleotide substitution model [39]. A uniform rate of nucleotide substitution was used.
For the PufLM concatenated tree, amino acid sequences were retrieved from GenBank™
(December 2020) and aligned using ClustalX version 2.1. Sites containing gaps and ambigu-
ously aligned regions were manually excluded. Amino acid sequence alignments of PufL
and PufM were concatenated with Geneious version 8.1.2 (Biomatters Ltd.). Phylogenomic
trees were inferred by MEGA 6.0 software using the ML algorithm with LG model [40] and
1000 bootstrap replicates.

In silico DNA-DNA hybridization (iDDH), average nucleotide identity (ANI), DNA
base composition analysis, and orthologous gene cluster analysis. Genome sequences of
AAP5 and reference strains (S. glacialis C16yT, S. psychrolutea MDB1-AT, and S. paucimobilis
NCTC 11030T) were retrieved from GenBank with accession numbers GCA_004354345.1,
GCA_014653575.1, GCF_014636175.1, and GCA_900457515.1, respectively. iDDH was
performed between AAP5 and reference strains using the Genome-to-Genome Distance
Calculator (GGDC 2.1) web server [41]. To support the iDDH results, ANI was calculated
using the EzBiocloud web server [42]. The genomic G + C content of the AAP strain
was taken from the published genome record (GCA_004354345.1). Orthologous gene
cluster analysis was performed using the OrthoVenn2 web server [43]. Pairwise sequence
similarities between all input protein sequences were calculated with an E-value cut-off of
1e−2. An inflation value (-I) of 1.5 was used to define orthologous cluster structure.

Identification of DNA methylation sites. PacBio-sequencing was performed as previously de-
scribed [44]. Methylome analysis was performed using the “RS_Modification_and_Motif_Analysis.1”
protocol included in SMRT Portal version 2.3.0. Only modifications with an identification phred
score > 30 were considered.

Physiological and biochemical characterization. For physiological experiments with the
AAP5 standard R2A liquid or solid medium (DSMZ medium 830) was used. Growth was
monitored by measuring colony size on plates and optical density (λ = 650 nm) in the
culture. Growth at 0, 0.5, 1, 5, 10, 50 and 70 g NaCl l−1 was examined in R2A liquid medium
under dark conditions. The pH range for growth was investigated at pH 6–10 in increments
of 1 pH unit, with an additional test at pH 7.3. The following pH buffer solutions were
used: acetate buffer solutions (acetic acid/sodium acetate) for pH 6, NaH2PO4/Na2HPO4
for pH 6–8, Tris-HCl buffer for pH 9, and Tris buffer for pH 10. Cell motility was tested
using motility assay as described previously [45]. Growth at 8, 23, 25, 27, and 37 ◦C
was examined on R2A agar plates under dark conditions with an incubation time of

231



Microorg 2021, 9, 768

1 week. Catalase activity was determined by observing bubble production in a 3% H2O2
solution. Oxidase activity was determined by monitoring the oxidation of tetramethyl p-
phenylenediamine dichloride on filter paper. Antibiotic susceptibility tests were performed
using the disc diffusion method with commercially available discs (BioRad, CA, USA).
Nutrient source utilization was assayed using Phenotype MicroArrays (BIOLOG, Inc.,
Hayward, CA, USA). The system was modified for use with an organic medium containing
[L−1] 0.05 g glucose, 0.05 g peptone, 0.05 g yeast extract, 0.03 g sodium pyruvate, 0.3 g
K2HPO4, and 1 g NaCl. Phenotype MicroArrays were incubated at 22 ◦C under aerobic
and dark conditions. OD750 was measured using an Infinite F200 spectrophotometer
(Tecan Trading AG, Mannendorf, Switzerland) after 1–4 days.

Other analyses. For spectroscopic analyses, the cells harvested directly from agar
plates were resuspended in 70% glycerol to reduce scattering. The in vivo absorption
spectra were recorded using a Shimadzu UV 2600 spectrophotometer equipped with an
integrating sphere. The same cells were also used to record fluorescence emission spectra.
Fluorescence was excited by a single Cyan (505 nm) Luxeon Rebel light-emitting diode
(Quadica Developments Inc., Canada). The emission spectra were recorded by a QEPro
high-sensitivity fiber optics spectrometer (OceanOptics, FL, USA). Pigments were analyzed
using high-performance liquid chromatography as described previously [23]. BChl a peaks
were detected at 770 nm and its content was normalized on a per total protein basis.
Lowry assay was used for protein extraction (Total Protein Kit, Micro Lowry, Peterson’s
Modification, Sigma-Aldrich). Protein absorption was determined with UV-500 Thermo
Scientific spectrophotometer at 650 nm. Respiratory quinones were extracted and analyzed
as described previously [46].

Analyses of fatty acids and polar lipids were carried out by the Identification Service
of the Deutsche Sammlung für Mikroorganismen und Zellkulturen (DSMZ), Germany.
For this purpose, the strain was grown aerobically in full-strength R2A medium at 22 ◦C
under 12-h dark/12-h light regime. Cells were harvested by centrifugation at 6000× g after
reaching the late exponential phase (approx. OD650 = 0.8), freeze-dried, and sent to DSMZ.

3. Results and Discussion

Cultivation and physiology. The strain AAP5 forms yellow colonies on R2A agar. In liq-
uid culture, growth of the strain occurred at a wide temperature range 8–37 ◦C, with an
optimum temperature of 25–27 ◦C. The pH range for growth was 7.0–8.0, with an optimum
at pH 7.0. Under optimal salinity (1 g NaCl l−1) the value for pH optimum shifted to 7.54.
AAP5 did not require NaCl for growth, but it tolerated it up to 5 g NaCl l−1. The highest
protein content was measured at 1 g NaCl l−1. Under optimal (1 g NaCl l−1) and higher
than optimal salinity the cells of strain AAP5 were more abundant but smaller, which can
be explained by a shorter division time.

Morphology. Epifluorescence microscopy showed that AAP5 cells are rods with a clear
IR autofluorescence signal of BChl a (Figure 1A left). The shape of the cells corresponds
to the AAP morphotype C reported from the Gossenköllesee [12]. SEM images (Figure
1A center) confirmed the rod-like shape of AAP5 cells with length of 1.8 ± 0.3 μm in
solitary cells and up to 3 μm in cells prior their dividing. TEM images (Figure 1A right)
revealed a corrugated surface of a thin dense lipopolysaccharide layer above the outer
membrane of the G-cell wall. The cell is additionally surrounded by fine mucilaginous
sheaths of 140 ± 10 nm thickness resulting in an overall cell width of 0.8 ± 0.1 μm. AFM
images documented that mean cell length was 2.9 ± 0.5 μm varying between 2.2–3.6 μm,
occasionally forming short chains containing up to four cells. Two conjoined cells were
usually longer with mean length of 4.6 ± 0.1 μm (min-max 4.4–4.7 μm). Mean cell width
reported by AFM was 1.5 ± 0.2 μm, ranging from 1.2 to 1.8 μm. The wider cell dimensions
apparent in AFM scans is due to the cell surface is coated by a soft diffusive mucilage
(Figure 1B center) that was also seen in the TEM images. Map of Young’s modulus shows
soft surface of YM = 710 ± 260 kPa. Several narrow stiffer areas (YM = 3.3 ± 1.5 MPa)
orthogonal to the longer cell axis marking evidence of a site of a future cell division.
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The cell’s surface exhibits generally low adhesion of 95 ± 27 pN (Figure 1B right). RMS
topography roughness was low over most of the cell surface (20–30 nm) but consistently
higher above the division regions and at the cell terminus (50–70 nm).

Figure 1. Microscopy images of the studied AAP5 strain. (A, Left) Infrared epifluorescence mi-
croscopy image (false color) showing autofluorescence from BChl a. (Center) Scanning electron
microscopy image. (Right) Transmission electron microscopy image. Scale bars represent 10 μm,
1 μm, and 0.5 μm, respectively. (B) Atomic force microscopy images of AAP5 cells. (Left) 3-D topog-
raphy image of two conjoined cells. Full image vertical range is 1.5 um. (Center) Map of Young’s
modulus of the upper cell shown on right reveals elastic surface (YM = 710 ± 260 kPa) with a narrow
stiffer area (YM = 3.3 ± 1.5 MPa) orthogonal to the longer cell axis. Full vertical range of the image is
4 GPa. (Right) Cell surface is decorated by a soft diffusive mucilage responsible for the low stiffness
and generally low adhesion of 95 ± 27 pN. Full image vertical range is 300 pN. Cell terminus exhibits
both higher roughness (50–70 nm) and adhesion (156 ± 20 pN) than the rest of the cell. Scale bars
represent 1 μm.

Physiological and biochemical characteristics. Strain AAP5 and S. glacialis C16yT could
be differentiated by cell properties, NaCl concentration tolerance, temperature range and
optimum for growth, utilization of carbon sources, as well as susceptibility to antibiotics
(Table 1). Strain AAP5 was able to utilize the following compounds as a carbon source:
pyruvic acid, succinic acid, L-malic acid, citramalic acid, α-keto-butyric acid, β-hydroxy
butyric acid, D-tartaric acid, D-glucuronic acid, D-galacturonic acid, L-arabinose, D-glucose,
D-galactose, maltose, D-mannose, D-melibiose, L-rhamnose, glycerol, sucrose, lactulose,
uridine, L-glutamine, α/β/γ-cyclodextrin, dextrin, pectin, and amygdalin. It was not able
to utilize citric acid, acetic acid, D-gluconic acid, adipic acid, capric acid, phenylacetic
acid, D-sorbitol, D-mannitol, and inositol. The ability to utilize ammonia, N-amylamine,
N-butylamine, ethylamine, ethanolamine, putrescine, β-phenylethylamine, acetamine,
glucuronamide, N-acetyl-D-glucosamine, N-acetyl-D-mannosamine, cytidine, guanosine,
uridine, xanthine, ε-amino-N-caproic acid, and δ-amino-N-valeric acid as a nitrogen source
was also observed. From 22 proteinogenic amino acids, only L-aspartic acid, L-glutamic
acid, L-serine, L-tyrosine, L-valine, and D/L-glutamic acid were utilized. It did not utilize
nitrite, nitrate, and urea.
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Table 1. The comparison of strain AAP with other three Sphingomonas strains: 1, Sphingomonas sp.
AAP5 (data were taken from this study); 2, Sphingomonas glacialis C16yT [47,48]; 3, Sphingomonas
psychrolutea MDB1-AT [48]; 4, Sphingomonas melonis LMG 19484T [14]; 5, Sphingomonas paucimobilis
NCTC 11030T [1,49].

Parameter 1 2 3 4 5

Colony color Yellow Yellow Orange-yellow Deep yellow Yellow
Cell width [μm] 0.7–0.8 0.5 0.5–0.6 0.68–0.85 0.7
Cell length [μm] 1.1–2.3 0.8 1.8–2.2 1.2–1.9 1.4

Motility No No No No Yes

Genome
characteristics ‡

G + C content
[%] 65.9 65.7 64.2 67.1 65.7

PGC Yes Yes Yes No No
Xanthorhodopsin Yes Yes Yes No No

Utilization of
D-mannose Yes No Yes Yes No
D-melibiose Yes No No No Yes
L-rhamnose Yes No No No No

Phenylacetate No No No Yes No

Antibiotics
resistance

Penicillin G 100
μg ml−1 No Yes n.d. Yes Yes

Tetracycline 30
μg ml−1 Yes No n.d. No No

‡ Based on published genome sequences (accession numbers GCA_004354345.1, GCA_014653575.1,
GCA_014636175.1, GCA_001761345.1, and GCA_900457515.1, respectively). n.d., no data.

AAP5 exhibited natural resistance to (μg ml−1) ciprofloxacin (5), erythromycin (15),
neomycin (6), ofloxacin (5), and tetracycline (30), but it was sensitive to cefoxitin (30),
gentamicin (10), and penicillin G (100). The major respiratory quinone was ubiquinone-10.
The predominant (>10%) fatty acid was C18:1ω7c (64.6%). The polar lipid profile of AAP5
contained phosphatidylglycerol, diphosphatidylglycerol, phosphatidylethanolamine, sph-
ingoglycolipid, six unidentified glycolipids, one unidentified phospholipid, and two
unidentified lipids. The fatty acid and polar lipid profiles agreed with those of S. glacialis
C16yT [47]. The cells were positive for oxidase and catalase.

The main carotenoid was nostoxanthin. The in vivo absorption spectrum of AAP5
cells displayed a clear single near IR BChl a absorption band at 872 nm. In the blue part of
the spectrum there was an intense absorption of carotenoids, with main absorption peaks
at 433, 458, and 489 nm (Figure 2). As reported previously BChl a was detected in cells
grown on R2A agar plates, but not in cells grown in full-strength R2A broth [23].

Figure 2. In vivo absorption spectra of Sphingomonas sp. AAP5 cells. (Inset) The fluorescence
emission spectrum.
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Although containing genes (E2E30_RS14635–E2E30_14725) necessary for flagellar
biosynthesis and assembly, under the experimental conditions we used AAP5 was non-
motile. Moreover, no structures similar to the flagella were found by neither of the micro-
scopic techniques use to visualize the cells.

Phylogenomy and genomic traits. AAP5 genome contains three copies of the 16S rRNA
gene. Two copies are identical (at position 3117387..3118878 and 3704698..3706189), the
third one (at position 905790..907281) differs in one nucleotide position. For the alignment
we used sequence from the two identical copies. The 16S rRNA tree (Figure 3) showed
that AAP5 strain grouped with the genus Sphingomonas and formed a distinct cluster with
S. glacialis (98.3% pairwise 16S rRNA sequence similarity), S. psychrolutea (96.8%), and S.
melonis (96.5%). Further evidence provided in silico comparison of genomic sequences
of strain AAP5 and reference strains of three species, S. glacialis C16yT, S. psychrolutea
MDB1-AT, and the type species of the genus S. paucimobilis NCTC 11030T. In silico DNA-
DNA hybridization values between strain AAP5 and S. glacialis C16yT, between strain
AAP5 and S. psychrolutea MDB1-AT, and between strain AAP5 and S. paucimobilis NCTC
11030T were 74.50 ± 2.95%, 23.60 ± 2.4%, and 20.0 ± 2.3%, respectively. The cut-off
value for species delineation is 70%. Average nucleotide identity values, representing
mean identity values between a given pair of genomes, were 97.09% between strain AAP5
and S. glacialis C16yT, 80.35% between strain AAP5 and S. psychrolutea MDB1-AT, and
74.26% between strain AAP5 and S. paucimobilis NCTC 11030T. The proposed boundary for
defining a novel species is 95–96% [50]. In addition, we calculated the numbers of shared
orthologous gene clusters among strain AAP5 and the two reference strains. Strain AAP5
shares 2,174 orthologous gene clusters with the type strain of S. pauci-mobilis NCTC 11030T.
The number of unique orthologous gene clusters (620) shared by AAP5 and S. glacialis
C16yT was much greater than the number shared by either AAP5 and S. psychrolutea MDB1-
AT (44) or AAP5 and S. paucimobilis NCTC 11030T (85), indicating a close relationship
between AAP5 and S. glacialis C16yT also at the genomic level. In summary, phylogenetic
and genomic analyses imply that AAP5 belongs to the same genus as the three reference
Sphingomonas strains with S. glacialis C16yT representing its closest relative. The genome of
AAP5 consists of four replicons (Figure 4) including one circular chromosome (3,987,367 bp;
GC content 66.2%), and three plasmids p32 (31,551 bp; GC content 63.3%), p150 (150,273 bp;
GC content 63.3%), and p213 (213,080 bp; GC content 62.7%) with a total length of 4,382,271
bp encoding 4,128 genes. Overall, GC content is 65.9%. Similar GC content of all four
replicons suggests their common origin. The chromosome contains three copies of rRNA
operons (5S, 16S, 23S), 51 tRNA genes, and 4,065 protein-coding sequences. It is notable
that the AAP5 chromosome contains one continuous 38.6-kb-long photosynthesis gene
cluster (E2E30_16220–E2E30_16405) and a gene coding for xanthorhodopsin (E2E30_05030),
a transmembrane protein with (presumably) proton-pumping activity [22]. Furthermore,
AAP5 contains a complete and contiguous gene cluster (E2E30_17610–E2E30_17700) with
genes coding for gene transfer agents (GTA), virus-like particles transferring pieces of
genomic DNA between prokaryotic cells. The gene organization is similar to the GTA
cluster in Rhodobacter capsulatus [51]. The pufL and pufM genes, coding proteins of the
type 2 reaction centers, represent standard genetic markers of anoxygenic phototrophs and
were used to infer the phylogenetic relationship of strain AAP5 with other phototrophic
Proteobacteria. The ML phylogenetic tree shows a split between basic alphaproteobacterial
orders (Rhodobacterales, Sphingomonadales, Rhizobiales) (Figure 5). The AAP5 strain
clearly clusters with other photosynthetic Sphingomonas. Similarly, as in the 16S rRNA
tree, Sphingomonas glacialis C16yT represents its closest relative. Interestingly, inside of
the Sphingomonadales branch lays also one species from a distinct order, Polynucleobacter
duraquae DSM 21495T (Burkholderiales) (Figure 5). The presented tree agrees well with
recently published PufLM phylogeny of phototrophic Proteobacteria [52,53].

235



Microorg 2021, 9, 768

 

Figure 3. 16S rRNA phylogenetic tree showing position of the AAP5 strain (marked by the aster-
isk) within the genus Sphingomonas and some representatives of other related taxa. Strains with
photosynthesis gene cluster (PGC) are in bold. Phylogenetic tree was based on 16S rRNA gene
sequences downloaded from the SILVA database and NCBI GenBank (June, 2020). Nucleotide
sequences were aligned using ClustalW resulting in alignment with 1,313 conserved nucleotide
positions (after ambiguously aligned regions and gaps being manually excluded). The phylogenetic
tree was calculated using both neighbor-joining (NJ) and maximum likelihood (ML) algorithms and
1,500× bootstrap replicates. Rhodospirillum rubrum ATCC 11170T was used as an outgroup organism.
Scale bar represents changes per position. NJ/ML bootstrap values >50% are shown.
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Figure 4. Circular representations of the AAP5 chromosome and three plasmids. The outer to inner rings represent: scale of
replicon size in kb; position of open reading-frames encoded on the plus/minus strand (in blue/purple); tRNA (orange);
rRNA (red); GC content (in green); GC skew (in red/black).

DNA methylation. Single-molecule real-time sequencing allows for detection of any
DNA modifications [54]. Three different methylation sites are commonly found in bacte-
ria [55]. We identified 19502 N6-Adenosine (m6A) and 420 N4-Cytosine (m4C) bases but no
N5-Cytosine (m5C) motifs on the chromosome and plasmids of AAP5 (Figure 6). The only
present m4C-motif was restricted to the chromosome and plasmid p213, whereas the five
m6A motifs were found on all four replicons. By far, the most abundant was the GANTC
motif that is m6A-methylated by the methyltransferase CcrM [56]. This enzyme is highly
conserved in Alphaproteobacteria. The GANTC motif is overrepresented in intergenic
regions and underrepresented in genes [57]. In Caulobacter vibrioides CcrM-activity is re-
stricted to the pre-divisional cell, thus newly replicated DNA stays hemimethylated until
replication has finished. The activity of several Caulobacter vibrioides promoters is depen-
dent on the methylation state and, thereby, coupled to replication [58,59]. The density of
GANTC-motifs is similar for the chromosome and plasmid p32 but lower for the plasmids
p213 and p150. The other five m6A-motifs as well as the m4C motif might represent targets
for restriction-modification systems [60]. The motif CATGAG is underrepresented on the
chromosome compared to the plasmids and might, therefore, have a regulatory function
for extrachromosomal elements.
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Figure 5. Maximum likelihood (ML) phylogenetic tree based on concatenated alignments of amino
acid sequences of the photosynthetic reaction center subunit L and M (PufLM; 573 common amino
acid positions). The ML tree was calculated using LG model and bootstrap 1,000x. Rhodospirillum
rubrum ATCC 11170T was used as an outgroup organism. Scale bars represent changes per position.
Bootstrap values >50% are shown. Studied strain is in bold.

 
Figure 6. DNA methylation motifs inferred from SMART sequencing. The number of motifs has
been normalized to one kb sequence length. The methylation site is indicated by an asterisk.

4. Conclusions

On the basis of phylogenetic and genomic evidence, strain AAP5 belongs to the
species S. glacialis. This organism contains genes for anoxygenic photosynthesis as well
as xanthorhodopsin. Although phototrophy is common among Alphaproteobacteria,
the common presence of two phototrophic systems in Sphingomonas represents a unique
phenomenon, which deserves further attention.
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Abstract: Chloroflexus aggregans is a metabolically versatile, thermophilic, anoxygenic phototrophic
member of the phylum Chloroflexota (formerly Chloroflexi), which can grow photoheterotrophically,
photoautotrophically, chemoheterotrophically, and chemoautotrophically. In hot spring-associated mi-
crobial mats, C. aggregans co-exists with oxygenic cyanobacteria under dynamic micro-environmental
conditions. To elucidate the predominant growth modes of C. aggregans, relative transcription lev-
els of energy metabolism- and CO2 fixation-related genes were studied in Nakabusa Hot Springs
microbial mats over a diel cycle and correlated with microscale in situ measurements of O2 and
light. Metatranscriptomic analyses indicated two periods with different modes of energy metabolism
of C. aggregans: (1) phototrophy around midday and (2) chemotrophy in the early morning hours.
During midday, C. aggregans mainly employed photoheterotrophy when the microbial mats were
hyperoxic (400–800 μmol L−1 O2). In the early morning hours, relative transcription peaks of genes
encoding uptake hydrogenase, key enzymes for carbon fixation, respiratory complexes as well as
enzymes for TCA cycle and acetate uptake suggest an aerobic chemomixotrophic lifestyle. This is
the first in situ study of the versatile energy metabolism of C. aggregans based on gene transcrip-
tion patterns. The results provide novel insights into the metabolic flexibility of these filamentous
anoxygenic phototrophs that thrive under dynamic environmental conditions.

Keywords: filamentous anoxygenic phototroph; microbial mats; hot springs; metatranscriptomics;
energy metabolism; carbon fixation

1. Introduction

Members of the genus Chloroflexus are thermophilic, filamentous anoxygenic pho-
totrophs (FAPs) in the phylum Chloroflexota (formerly Chloroflexi). They are well known to
have the ability to grow photoheterotrophically under anaerobic conditions and chemo-
heterotrophically under aerobic conditions in the laboratory [1–3]. While photoautotrophic
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growth in the laboratory has been observed only in a small number of isolated strains
(e.g., Chloroflexus aurantiacus strain OK-70-fl [4–6], Chloroflexus sp. strain MS-G [7], and
Chloroflexus aggregans strains NA9-6 [8,9] and ACA-12 [10]), the genes necessary for the
3-hydroxypropionate (3-OHP) bi-cycle, which is a carbon fixation pathway found only in
members of the order Chloroflexales among bacteria, are present in all of the available Chlo-
roflexus spp. genomes [11]. C. aggregans strains NA9-6 and ACA-12, which were isolated
from Nakabusa Hot Springs (Nagano Prefecture, Japan), can grow photoautotrophically
with hydrogen gas (H2) [8] and sulfide [10] as the electron donors in pure culture, respec-
tively. In addition to the long known phototrophic and chemoheterotrophic metabolism
in Chloroflexus spp., chemoautotrophic growth has recently been shown in lab studies of
C. aggregans strain NA9-6 [8]. In addition, fermentative growth has been shown in two
isolates of C. aurantiacus, strains B3 and UZ [12].

Microbial mats in the slightly alkaline, sulfidic Nakabusa Hot Springs have been
intensively studied with regard to their microbial diversity and functions [13–21]. At water
temperatures of 63–70 ◦C, olive-green microbial mats (“Chloroflexus mats”) are dominated
by C. aggregans [14,15], and oxygenic cyanobacteria are not found. At lower temperatures
of 45–62◦C, Chloroflexus spp. co-exist with cyanobacteria in dark blue-green microbial mats
(“cyanobacterial mats”). These blue-green mats are stratified with a green upper layer
dominated by the thermophilic cyanobacteria on top of an orange-colored layer that is
frequently inhabited by C. aggregans [13].

In the anoxygenic, cyanobacteria-free phototrophic mats, C. aggregans is considered to
be the main primary producer, using sulfide as the major electron source [9,10,14–16]. The
metabolic repertoire of C. aggregans in the blue-green cyanobacterial mats has remained
unstudied. In situ isotopic studies of similar cyanobacterial mats colonizing the effluent
channels of Mushroom Spring and Octopus Spring in Yellowstone National Park (YNP; WY,
U.S.) suggested that filamentous phototrophic Chloroflexota vary their carbon metabolisms
over a diel cycle [22]. Based on transcriptomic data, Klatt et al. (2013) suggested pho-
tomixotrophic growth of a member of FAPs—i.e., Roseiflexus spp.—in Mushroom Spring
during daytime and fermentative growth during the night [23]. Compared to the microbial
mats in YNP, Nakabusa Hot Spring cyanobacterial mats are rich in C. aggregans, at a relative
abundance of approximately 21–22% compared to only 1% in Mushroom Spring cyanobac-
terial mats [13,24]. This suggests an important ecological role and potential function of
C. aggregans as a primary producer in the Nakabusa mats.

In this study, the in situ metabolic lifestyle of C. aggregans in the blue-green mi-
crobial mats of Nakabusa Hot Springs was analyzed by using a metatranscriptomic ap-
proach. Light is the main energy source during daytime, supporting photoautotrophic,
photomixotrophic and photoheterotrophic growth of C. aggregans, while chemotrophic
growth is prevalent during the afternoon and night. During the afternoon, under microaer-
obic low-light conditions chemoheterotrophic growth is based on O2 respiration, while
at night fermentation is conducted under anaerobic conditions. Unexpectedly, chemoau-
totrophic growth using O2 as the terminal electron acceptor appeared to take place during
early morning hours before sunrise, which suggests a vertical migration of C. aggregans
cells to the microaerobic surface layers of the mats.

2. Materials and Methods

2.1. Field Site and Sample Collection

Blue-green cyanobacterial mat samples were collected from a small pool at 56 ◦C
with slightly alkaline (pH 8.5–8.9) and sulfidic (46–138 μM) hot spring water [18,25–27]
at Nakabusa Hot Springs, Nagano Prefecture, Japan (36◦23′33′′ N, 137◦44′52′′ E) [20].
Microbial mat samples of approximately 3 mm thickness with two distinct vertical layers,
a green top layer and an orange-colored bottom layer (Figure 1), were randomly collected
in triplicate using a size 4 cork borer (8 mm diameter) as previously described [13,14].
Samples were placed in 2 mL screw-cap tubes and snap-frozen in a dry-ice cooled, 70%
(v/v) ethanol bath on site. Samples were taken at 12 different time points over a diel
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cycle on 3 to 4 November, 2016 (19:00 and 23:00 on 3 November; 02:10, 05:00, 06:00,
07:00, 11:00, 15:00, 16:00, 17:00, 18:00, and 19:00 on 4 November) and were brought back
to the laboratory on dry ice and stored in a −80 ◦C freezer until further processing for
metatranscriptomic analyses.

 
(a) (b) 

Figure 1. Photographs of the sampling site and cyanobacteria-dominated microbial mat. (a) The dark blue-green microbial
mats developed at the “Stream Site” of Nakabusa Hot Springs, Japan [19]. (b) The microbial mat core samples collected
at each time point were 8 mm in diameter and approx. 15 mm thick. The upper 3 mm of the core samples was used in
this study.

2.2. RNA Extraction

RNA extraction from microbial mat samples was performed as previously described [18].
Briefly, 0.10–0.21 g wet weight samples were used for RNA extraction with an RNeasy
PowerBiofilm Kit (Qiagen, Valencia, CA, USA) following the manufacturer’s protocol. The
RNA was treated with DNase I and eluted with RNase-free water. Purity and concentration
of the RNA were determined using an RNA High Sensitivity (HS) assay with a Qubit 3.0
fluorometer (Life Technologies, Grand Island, NY, USA).

2.3. RNA Sequencing

Library preparation and sequencing of the RNA samples were conducted at DNALink
Inc. (Seoul, Korea) as described previously [18]. RNA purity was determined by assaying
1 μL of total RNA extract on a NanoDrop8000 spectrophotometer (Thermo Fisher Scientific,
Waltham, MA, USA). Total RNA integrity was assessed by the RNA integrity number
(RIN) using a 2100 Bioanalyzer (Agilent Technologies, Palo Alto, CA, USA). Total RNA
sequencing libraries were prepared using a Truseq Stranded Total RNA Library prep kit
and Ribo-Zero bacteria kit (both from Illumina, San Diego, CA, USA) according to the
manufacturer’s instructions.

First, 0.5 μg of total RNA was subjected to ribosomal RNA depletion with Ribo-Zero
bacteria reagent using biotinylated probes that selectively bind rRNA species. Following
purification, the rRNA-depleted total RNA was fragmented into small pieces using divalent
cations under elevated temperature. The cleaved RNA fragments were copied into first-
strand cDNA using random primers and reverse transcriptase, followed by second-strand
cDNA synthesis using DNA polymerase I and RNase H. A single ‘A’ base was then added
to these cDNA fragments, and the adapter was ligated. The products were purified and
enriched by polymerase chain reaction (PCR) to create the final cDNA library.

The quality of the amplified libraries was verified by capillary electrophoresis us-
ing the 2100 Bioanalyzer (Agilent Technologies, Palo Alto, CA, USA). After a quanti-
tative (q)PCR using SYBR Green PCR Master Mix (Applied Biosystems, Carlsbad, CA,
USA), index-tagged libraries were combined in equimolar amounts. RNA sequencing was
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performed using an Illumina NextSeq 500 system following the provided protocols for
2 × 150 sequencing.

2.4. Sequence Data Analyses

Raw RNA reads were pre-processed using FastQC [28]. Adapter sequence and low-
quality reads were trimmed by Cutadapt ver. 1.12 [29]. Quality-checked reads were mapped
against the complete genome of C. aggregans DSM 9485T (RefSeq acc. No. NC_011831.1) [2]
with bowtie2 ver. 2.3.0 [30] with default settings allowing no mismatches. The reads were
then aligned using the EDGE-pro algorithm [31] with the rRNA depletion option.

Transcriptomic analyses were conducted as described previously [18]. In short, read
counts were normalized for each time point by the total number of reads retrieved for
the target organism. The relative transcription of each gene during the cycle was then
calculated and normalized against the mean of all of the reads at each time point for
that particular gene over the diel cycle. This method allows comparison of the relative
transcription abundance levels (rather than the absolute values) for each gene across the
diel cycle.

2.5. Statistical Analyses

As described above, diel transcriptomic data in this study lacked replication. In the
following Results and Discussion sections, the authors carefully interpreted and described
and intentionally averaged the normalized transcriptional patterns of several genes related
in a single pathway to recognize those gene transcription patterns as the pathway-level
metabolic dynamics. However, some important genes function in an important enzyme
reaction solely, the statistical analyses of each gene were performed to discuss the tran-
scriptional changes over a diel cycle. For each gene in dual datasets, and for every possible
pair-wise comparison of the 11 sets of adjacent samples (November 3 19:00–23:00; 3 Novem-
ber 23:00–4 November 2:10; 4 November 02:10–05:00, 05:00–06:00, 06:00–07:00, 07:00–11:00,
11:00–15:00, 15:00–16:00, 16:00–17:00, 17:00–18:00, 18:00–19:00), “exactTest” program in
edgeR with dispersion set at 0.1 was used to determine the probability that the gene was
differentially transcribed in a statistically significant manner [32,33].

2.6. Microsensor Analyses

The profiles of the O2 concentration as a function of depth in the microbial mat were
measured in situ by using a Clark-type O2 microsensor (OX25; Unisense, Aarhus, Den-
mark) with a tip diameter of <25 μm, low stirring sensitivity (<1–2%) and fast response
time (t90 < 0.5 s). The O2 microsensor was mounted on a motorized micromanipula-
tor (Unisense, Aarhus, Denmark) and connected to a PC-interfaced pA-meter (Unisense,
Aarhus, Denmark), both of which were controlled by dedicated data acquisition, profiling,
and positioning software (SensorTrace Pro, Unisense, Aarhus, Denmark). The micromanip-
ulator was mounted on a metal stand placed next to the hot spring, allowing for vertical
insertion of the microsensor tip into the microbial mat under natural flow, temperature and
light conditions. The microsensor tip was carefully positioned at the mat surface (defined
as 0 μm) by manual operation of the micromanipulator. Subsequently, O2 microprofiles
were recorded automatically every 15 min for 24 h starting at 18:00 on 3 November 2016.
In each profile, O2 measurements were made in 100 μm increments from the water-phase
and into the mat. One measurement was taken per depth and, for each measurement a 10 s
wait period was applied, to ensure steady O2 signal, and the O2 signal was then recorded
averaged over a 1 s period.

2.7. Irradiance Measurements

Downwelling solar photon irradiance (400–700 nm) at the water surface next to the
mat was logged every 5 min throughout the 24 h diel sampling cycle with a calibrated light
meter connected to a cosine-corrected photon irradiance sensor (ULM-500, MQS-B; Walz,
Effeltrich, Germany).
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3. Results

3.1. Irradiance and In Situ Oxygen Dynamics in the Microbial Mat

The O2 concentration and penetration from the surface green layer to the deeper
orange layer in the microbial mat varied dramatically with irradiance. The whole mat was
anoxic during the night, and the O2 concentration started to increase at the mat surface
at around 06:00, correlating with the time of sunrise and thus the onset of cyanobacterial
oxygenic photosynthesis under diffuse light (Figures 1 and 2). However, O2 did not
accumulate in deeper mat layers until later in the morning at around 09:00, when the
microbial mats were exposed to direct sunlight as the sun rose over the surrounding
mountains. Supersaturating O2 levels were observed in the uppermost mat layers at ~12:00
(noon) during the highest solar irradiance (1531 μmol photons m−2 s−1; 400–700 nm). The
maximum O2 concentration at the microbial mat surface reached >900 μmol O2 L−1 and
with a maximal O2 penetration of >2 mm depth under the highest irradiance between 10:00
and 14:00. Thus, there was sufficient O2 available for aerobic microbes in the upper 2 mm of
the mat during this period of the day. In the afternoon, after 14:00, O2 concentration started
to decrease gradually (from approx. 500 μmol O2 L−1) and no O2 was detected at a depth
of 1–2 mm shortly after 15:00. The upper layer remained oxic (100–200 μmol O2 L−1) until
16:00. At this time, the microbial mats experienced a substantial decrease in solar irradiance
(see Figures 3–8 and S1–S5) as the sun set behind the mountains. However, low levels of
diffuse sunlight (<100 μmol photons m−2 s−1; 400–700 nm) hit the microbial mats until
complete darkness was observed at 17:00. Anoxic conditions started to become established
in the lower parts of the microbial mats ~2 h before sunset, potentially enabling anaerobic
and microaerophilic metabolism under low-light conditions during this time interval.

Figure 2. A heat map of the vertical O2 concentration profiles in the cyanobacteria-dominated microbial mat of Nakabusa
Hot Springs as measured over a diel cycle. The O2 concentration (μmol L−1) was measured as a function of depth in the
microbial mat at 15-min intervals for 24 h from 18:00 on 3 November to 18:00 on 4 November. The mat surface is indicated
by 0 mm. Positive depth values indicate the depth below the mat surface, and negative values indicate the depth above the
mat surface, i.e., the distance into the overlying water column of the hot spring.

3.2. Transcriptome Profiles and Differentially Transcribed Genes

Approx. 0.26–5.23 million reads of transcripts were assigned to the C. aggregans
genome throughout the day (Table S1). Among 3848 CDSs contained in the genome of
C. aggregans DSM9485T, the number of genes in which more than 10 transcripts were de-
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tected in all timepoints was 2542–3506 genes. Statistical significance of transcription level
changes of each gene was determined using the p-value (p < 0.05) based on the “exactTest”
function in edgeR [32]. Thousands of genes were differentially transcribed during the pe-
riod from 19:00 on 3 November to 15:00 on 4 November indicating a versatile and changing
transcriptional activity between the different time points. During 15:00–16:00 as well as
17:00–19:00, the numbers of significantly differentially transcribed genes were considerably
lower (less than 10% of all CDSs), indicating transcriptional activity of C. aggregans during
this period was relatively stable compared with former 20 h of the day. Those times were
taken together as ‘afternoon’ and ‘evening’, respectively, in which both transcriptional
activity as well as environmental conditions are expected to be rather similar. Overall the
statistics support the changes in relative transcriptional levels and activity of C. aggregans to
be significant. Detailed information on the differential transcription of the genes discussed
is given in Tables S2 and S3.

3.3. Transcription of Photosynthesis-Related Genes

Chloroflexus aggregans contains a type 2 photosynthetic reaction center complex (RC)
and light-harvesting chlorosomes; the main photosynthetic pigments are bacteriochloro-
phylls (BChls) c and a [2]. Transcripts of pufLMC genes (Cagg_1639–1640 and Cagg_2631)
encoding RC proteins in C. aggregans showed significant nocturnal patterns and were
most abundant in the evening and at night (Figure 3). Similarly, nocturnal transcriptional
patterns of chlorosome proteins encoded by csmAMNOPY genes (Cagg_1222, Cagg_1209,
Cagg_1208, Cagg_2486, Cagg_1206, and Cagg_1296) were detected (Figure 3).

BChl synthesis-related bch genes in C. aggregans in the mats showed inconsistent tran-
scription patterns, with the highest relative transcription levels either under oxic conditions
during the daytime (11:00) and/or under microoxic conditions in the afternoon (15:00;
Table S4). In total, four different groups of transcription patterns could be distinguished for
bch genes. Group I (bchH-III, bchI-I and II, bchY, bchZ, acsF, bchL, bchB, bchN, bchM) showed
highest relative transcription during the daytime (midday, 11:00). Group II (bchH-I and II,
bchJ, bchF, bchX, bchC) showed maximal values in the afternoon around 15:00, with more or
less pronounced lows at 11:00. The two other groups showed highest relative transcription
levels under anaerobic conditions. Four genes (bchG, bchK, bchU, and bchP) showed peaks
at 18:00. bchD and bchI-III had maximal relative transcription in the early morning at 05:00.

Paralogs with different patterns were present for the genes encoding Mg-chelatase,
i.e., bchH (three paralogs; Cagg_0239, 0575, 1286) and bchI (three paralogs; Cagg_1192, 2319,
3123). In all three cases, the paralogs showed differences in absolute read abundance as
well as different temporal peaks in relative transcription over the day (Table S4).

Two different genes encoding for Mg-protoporphyrin monomethylester cyclase are
present in C. aggregans. AcsF and BchE both catalyze the synthesis of divinylprotochloro-
phyllide from Mg-protoporphyrin IX 13-monomethyl ester (one of the intermediates in
the BChl synthesis pathway) under aerobic and anaerobic conditions, respectively [34–36].
acsF (Cagg_1285) was transcribed throughout the diel cycle with relative transcription
levels about four times higher during day, when the mat was (super)oxic than under anoxic
conditions at night (Figure 3). In contrast to acsF, the bchE (Cagg_0316) showed significantly
lower relative transcription levels (only 1/32 of the diel average) under high-light/high-O2
conditions in the mat and higher transcription levels during the night as well as during
low-light transition times in the morning and afternoon (Figure 3).
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acsF

bchE

Figure 3. Relative transcription levels of genes encoding photosynthetic reaction center and chlorosome proteins, as well as
genes involved in bacteriochlorophyll biosynthesis. Mean values of genes encoding the type 2 reaction center (RC) (pufLMC:
Cagg_1639–1640 and Cagg_2631) and chlorosome proteins (csmAMNOPY: Cagg_1222, Cagg_1209, Cagg_1208, Cagg_2486,
Cagg_1206, and Cagg_1296) are represented by a blue line and an orange line, respectively, with standard deviations. The
values of Mg-protoporphyrin IX monomethyl ester aerobic cyclase (acsF, Cagg_1285, yellow line) and anaerobic cyclase
(bchE, Cagg_0316, green line) are shown. The downwelling photon irradiance (photosynthetically active radiation [PAR];
400–700 nm) is indicated in white. The asterisk indicates the transcription of a particular gene corresponding to the color in
a timepoint differed significantly (p < 0.05) from that in the previous timepoint.

3.4. Phototrophic and Respiratory Electron Transport

Electron transport chains are involved in both phototrophic and chemotrophic (res-
piratory) metabolism. Chloroflexus spp. contain paralogs of some of the major enzyme
complexes involved in the electron transport chain, namely, NADH:menaquinone oxidore-
ductase (Complex I) [11,37,38] alternative complex III (ACIII) [39–41] and the soluble elec-
tron carrier auracyanin [42–45] in their genomes. Single-copy genes are present encoding
succinate dehydrogenase (Complex II) [46,47] and F-type ATP synthase (Complex V) [48].

The respiratory complex I carries out the transfer of electrons between soluble cyto-
plasmic electron carriers and membrane-bound electron carriers coupled to proton translo-
cation generating a transmembrane proton motive force. C. aggregans DSM9485T contains
two sets of genes encoding Complex I (NADH:menaquinone oxidoreductase, nuo): one
(Cagg_1620–1631) represents a cluster comprising 12 genes with an additional nuoM (2-M
complex) inserted between the original nuoM1 and nuoN genes (nuoABCDHJKLMMN, 3);
the second is a complete cluster comprising 14 genes (Cagg_1036–1049). The additional
proton-pumping subunit NuoM has been speculated to lead to a higher stoichiometry of
protons translocated per 2e− reaction cycle [49]. Both sets of nuo genes were transcribed
and showed the highest relative transcription during the daytime (Figure S1). The 14-gene
set showed a transcriptional peak at 11:00 and the 12-gene peak came slightly later (in the
afternoon at 15:00–16:00). Both nuo gene sets showed a small transcription peak in the early
morning at 05:00.

Alternative complex III (ACIII) transfers electrons from menaquinol to water-soluble
proteins such as auracyanin, the blue copper electron carrier protein found in Chloroflexus
spp. [44]. Two types of ACIII have been reported in Chloroflexus spp.: Cp, which is thought
to be involved in cyclic phototrophic electron transport, and Cr, which is predicted to
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be related to the reduction of oxygen in respiratory electron transport [11,23,39]. In the
present study, clear diel patterns as well as differences between the two sets of genes were
observed. The genes encoding Cp showed high relative transcription levels all day with the
highest level at 11:00 and a significant decrease in the afternoon as the sunlight vanished.
The Cr genes were not highly transcribed under the daytime high O2 conditions in the mat,
but they significantly increased and exhibited maximal relative transcription levels in the
microoxic low-light afternoon hours at 15:00 and 16:00 (Figure 4). Genes for both Cp and
Cr were highly transcribed in the early morning at 5:00.

Two homologs encoding the soluble electron carrier protein auracyanin, aurA and
aurB, are present in the genome of C. aggregans. The transcriptional profile of aurA in
C. aggregans in the cyanobacterial mats in the present investigation showed patterns similar
to those of Cr and other genes involved in the respiratory electron transport chain, with one
significant peak in the early morning at 05:00 and another under microoxic and anaerobic
conditions in the afternoon and evening (15:00 until 18:00; Figure 4). In contrast, aurB was
significantly higher transcribed during a high-light period (11:00) as well as at 05:00.

aurA

aurB

Figure 4. Relative transcriptional levels for alternative complex III (ACIII) and auracyanin. The mean values of ACIII (Cp,
Cagg_3382–3383, and 3385–3387) for phototrophic electron transfer and ACIII (Cr, Cagg_1523–1527) for chemotrophic
electron transfer are represented by a blue line and an orange line, respectively, with standard deviations. The values of
aurA and aurB (Cagg_0327 and 1833) encoding auracyanin are respectively displayed as yellow (aurA) and green (aurB)
lines. The downwelling photon irradiance (PAR; 400–700 nm) is indicated in white. The asterisk indicates the transcription
of a particular gene corresponding to the color in a timepoint differed significantly from that in the previous timepoint.

Respiratory Complex IV—i.e., the cytochrome c oxidase complex—plays a key role
in the reduction of O2 to H2O in the respiratory electron transport chain. The oxygen
profiles over the diel cycle indicated high O2 concentrations in the mats during the daytime
(Figure 2). In the laboratory, Chloroflexus spp. can grow chemoheterotrophically using
respiration under aerobic dark conditions. In Chloroflexus spp., the cytochrome c oxidase
(COX, or Complex IV; EC 1.9.3.1) genes are clustered with the Cr operon (Cagg_1519–
1522). Similar to Cr, the average relative transcription levels of these COX genes reached
their highest values in the early morning at 05:00 and in the afternoon at 15:00 and 16:00
(Figure 5).

Chloroflexus aggregans possesses a type-B succinate dehydrogenase (Complex II) which
comprises one polypeptide and two hemes for a transmembrane cytochrome b (sdhC) in

250



Microorg 2021, 9, 652

addition to a flavoprotein subunit (sdhA) and iron-sulfur subunit (sdhB) [50,51]. Complex II
encoded by sdhCAB (Cagg_1576–1578) is involved in electron transport as well as in the TCA
cycle and the 3-OHP bi-cycle. They showed significant high relative transcription levels in
the morning at 05:00 and during the daytime, and were significantly low throughout the
night (Figure 5).

F-type ATP synthase is involved in the production of ATP based on the proton mo-
tive force obtained by phototrophic as well as respiratory electron chain activity. The
ATP-synthase consists of two parts: F1, which is a catalytic part, and F0, which is a trans-
membrane proton channel part [48]; C. aggregans DSM9485T contains a complete gene set
for both parts in the genome [11]. Similar to Complex I-1, II, and ACIII Cp, the relative
transcription of ATP-synthase showed a diurnal pattern with two peaks, one at 05:00 and
the other at 11:00 (Figure 5).

Figure 5. Relative transcription levels of respiratory complex II, IV and ATP synthase. The mean values of the relative
transcripts of respiratory complex II (Cagg_1576–1578, blue line), complex IV (Cagg_1519–1522, orange line) and ATP
synthase (Cagg_0984—991, yellow line) are shown with standard deviations. The downwelling photon irradiance (PAR;
400–700 nm) is indicated in white.

3.5. 3-Hydroxypropionate Bi-Cycle and Anaplerotic Carbon Fixation

Chloroflexus spp. contain all genes for the 3-hydroxypropionate (3-OHP) bi-cycle,
a carbon fixation pathway found only in members of filamentous phototrophic Chlo-
roflexota [11,52–57]. The number of transcripts per million (TPM) for genes encoding
key enzymes of the 3-OHP bi-cycle, i.e., malonyl-CoA reductase (Cagg_1256) and 3-
hydroxypropionyl-CoA synthase (Cagg_3394) [23], were considerably higher than the
average of all genes and appeared relatively stable over the diel cycle (Table S5). Although
transcription was detected at all times, the relative transcripts of the two key enzyme
genes on average peaked at 15:00. The second highest peak of 3-OHP bi-cycle key enzyme
genes was detected at 05:00 before sunrise, and again at 07:00. Under the oxic, high-light
conditions, at 11:00, the relative transcriptional levels of the genes encoding key enzymes
of 3-OHP bi-cycle were the lowest (Figure 6).

Filamentous anoxygenic phototrophs also contain anaplerotic pathways for incor-
porating inorganic carbon, such as phosphoenolpyruvate carboxylase (ppc, Cagg_0399),
which catalyzes the unidirectional production of oxaloacetate from phosphoenolpyru-
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vate [11,58,59]. Transcripts of ppc were abundant during the daytime under aerobic, high-
light conditions (Figure 6).

ppc

Figure 6. Relative transcription levels of genes encoding key enzymes of the 3-OHP bi-cycle and related enzymes of the
anaplerotic pathway in cyanobacterial mats. The mean values of the relative transcription levels of key 3-OHP enzymes,
i.e., malonyl-CoA reductase (Cagg_1256) and propionyl-CoA synthase (Cagg_3394), plus that of phosphoenolpyruvate
carboxylase (ppc, Cagg_0058 and 0399) are represented by a blue line and an orange line, respectively, with standard
deviations. The downwelling photon irradiance (PAR; 400–700 nm) is indicated in white.

3.6. Electron Donors: Hydrogenase, Sulfide: Quinone Reductase and CO-Dehydrogenase

Recent studies demonstrated that C. aggregans has the capability to use sulfide as well
as H2 as an electron donor for photoautotrophic growth [9,10]. Genome analyses have
suggested that carbon monoxide can also serve as a potential electron donor [11]. The corre-
lation between the relative transcriptions of genes encoding hydrogenases, sulfide:quinone
reductase and carbon monoxide dehydrogenase and the genes encoding key enzymes in
the 3-OHP bi-cycle was analyzed in order to predict autotrophic metabolism.

C. aggregans contains two Ni-Fe hydrogenases: a bidirectional hydrogenase
(Cagg_2476–2480) and an uptake hydrogenase (hyd, Cagg_0470–0471)–that can provide
electrons for autotrophic growth [60,61]. Relative transcription levels of hyd genes encoding
the uptake hydrogenase significantly increased in the afternoon (at 15:00) shortly after
the direct solar illumination of the mats ended around 14:00 and anaerobic conditions
were established in the deeper layers of the mat, as well as in the early morning at 05:00
(Figures 2 and 7). The relative transcription levels for genes encoding the bidirectional
hydrogenase (Cagg_2476–2480) peaked a little later in the evening after sunset (17:00,
PAR=0), stayed high throughout the night, and then decreased during the day. Nickel
transporter genes showed the same high relative transcription pattern as the hyd genes,
with peaks in the early morning and the afternoon (Figure 7).

Chloroflexus spp. contain type-II sulfide:quinone oxidoreductase (SQR), which oxidizes
sulfide to elemental sulfur, but lack the dsr genes, which encode genes involved in the
oxidation of elemental sulfur to sulfate as observed in green and purple sulfur bacteria [11,62],
and also lack the sox system, which oxidizes elemental sulfur and thiosulfate to sulfate and
is widespread in chemoautotrophic sulfur oxidizers [63]. In the present study, a significant
increase of relative transcription levels with the highest peak of sqr was detected in the
afternoon, at 15:00 (Figure 7) under microaerobic to anaerobic low-light conditions in the mat.
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As a third possibility, based on the presence of genes encoding carbon monoxide
dehydrogenase (coxGSML, Cagg_0971–0974) in the genome, the capability of Chloroflexus
spp. to utilize CO as an electron donor and/or carbon source during aerobic or microaerobic
growth has been discussed [11]. In the present investigation, the coxGSML genes were
significantly higher transcribed during high-light conditions around noon (Figure 7) as
well as during the afternoon as the mats turned anoxic. A significant increase in the relative
transcription of cox genes was seen under anaerobic, low-light conditions in the morning
at 07:00 together with a spike in the relative transcription for genes encoding key enzymes
of the 3-OHP bi-cycle. The relative transcription of hydrogenase and sqr genes were clearly
and significantly decreased at that time.

Figure 7. Relative transcription levels of genes encoding hydrogenases, sulfide:quinone oxidoreductase and nickel trans-
porter in cyanobacterial mats. The mean values of the relative transcription levels for type-I uptake Ni-Fe hydrogenase
genes hydAB (Cagg_0470–0471, blue line), bi-directional Ni-Fe hydrogenase genes homologous to frhA, frhG, hoxU, nuoF
and hoxE (Cagg_2476–2480, orange line), carbon monoxide (CO) dehydrogenase genes coxGSML (Cagg_0971–0974, gray
line), and nickel transporter genes (Cagg_1273–1276, light blue line) are shown with standard deviations. The relative
transcription levels of the type-II sulfide:quinone oxidoreductase gene (sqr, Cagg_0045) are represented by the black line.
The downwelling photon irradiance (PAR; 400–700 nm) is indicated in white. The asterisk indicates the transcription of a
particular gene corresponding to the color in a timepoint differed significantly from that in the previous timepoint.

3.7. Carbohydrate Metabolism and the TCA Cycle

Chloroflexus aggregans contains the gene set for the pentose phosphate pathway (PP),
including the key enzymes for the oxidative phase involved in anabolic pathways, i.e.,
glucose-6-phosphate dehydrogenase (Cagg_3190) and 6-phosphogluconate dehydrogenase
(Cagg_3189) [23]. Herein, the transcription levels of the two key enzyme genes showed a
significant diurnal pattern with the highest relative transcription under high-light condi-
tions (11:00) and an additional peak at 05:00 (Figure 8). Similar to the genes of the oxidative
pentose phosphate pathway, high relative transcription levels were also detected at those
times for other genes that are indicative of active metabolism and growth, such as DNA
gyrase, DNA polymerase, and RNA polymerase (Figure S2).

Because many of the enzymes involved in glycolysis are bi-directional and simi-
larly used in gluconeogenesis, the transcriptional patterns of genes related to glycol-
ysis were analyzed by focusing on the unidirectional enzyme, 6-phosphofructokinase
(Cagg_3643), which irreversibly catalyzes the reaction from fructose-1,6-phosphate to
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fructose-6-bisphosphate to predict chemoheterotrophic growth and catabolism. In C. aggre-
gans, two genes are annotated as genes encoding 6-phosphofructokinase (Cagg_3643 and
Cagg_2702). These two genes differ considerably in length, with Cagg_2702 encoding a
protein identified as a member of the 6PF1K_euk superfamily, the eukaryotic type of the 6-
phosphofructokinase, which is almost twice as long as the ‘bacterial’ 6-phosphofructokinase
version, represented by Cagg_3643 (747 aa vs. 356 aa) [64]. Homologs of the Cagg_2702
gene are present in many Chloroflexota genomes as identified by a BLAST search, but are
not generally present in many other bacteria. The two genes differed in the relative tran-
scription levels and patterns. Cagg_2702 showed the same diel transcription pattern as
other genes involved in glycolysis, with its highest relative transcription during high-light
conditions at 11:00 (see Table S5). In contrast, Cagg_3643 showed the highest relative
transcription under anaerobic conditions in the evening and the lowest transcription levels
during superoxic, high-light conditions (Figure 8), but it showed considerably higher
absolute transcription levels (TPM average of 1312.12 vs. 9.28 for Cagg_2702). Because
Cagg_3643 represents the ‘bacterial’ type of the enzyme (with higher similarity to the
6-phosphofructokinase in E. coli) and since it showed higher absolute transcription levels, it
is hypothesized that it represents the unidirectional gene involved in the oxidative activity
of glycolysis in C. aggregans.

Figure 8. Relative transcription levels of genes for carbohydrate metabolism. The mean values of the relative transcriptional
levels for the TCA cycle (Cagg_3738, 3721, 2500, and 2290) and common enzymes of the TCA cycle and the 3-OHP bi-cycle that
is labeled as ‘TCA+3-OHP’ (Cagg_2086, 2819, and 1576–1578) are represented by a blue line and an orange line with standard
deviations. The mean values of the relative transcripts of genes encoding key enzymes of the pentose phosphate pathway
(Oxidative PP)—i.e., glucose-6-phosphate dehydrogenase (Cagg_3190) and 6-phosphogluconate dehydrogenase (Cagg_3189)—
are represented by the yellow line with standard deviation. The values of the relative transcription levels are displayed for
genes encoding the ‘bacterial’ type of the 6-phosphofructokinase that is labeled as “Bacterial” PFK (Cagg_3643, green line).
The downwelling photon irradiance (PAR; 400–700 nm) is indicated in white. The asterisk indicates the transcription of a
particular gene corresponding to the color in a timepoint differed significantly from that in the previous timepoint.

The oxidative TCA cycle is important for oxygen-respiring heterotrophic organisms, and
all Chloroflexus species are known to have the ability to grow chemoheterotrophically [1–3]
with oxygen as the terminal electron acceptor. Some of the reactions involved in the TCA
cycle—e.g., the conversions from succinyl-CoA to malate—are also part of the 3-OHP bi-
cycle [65]. Therefore, the transcriptional patterns of succinyl-CoA synthase (Cagg_2086 and
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Cagg_2819), succinate dehydrogenase (Cagg_1576–1578), and fumarate lyase (Cagg_2500)
are labeled as ‘TCA+3-OHP’ and the genes that are exclusively present in the TCA cycle
are labeled as ‘TCA-only’ (Figure 8). Genes involved in the TCA cycle were transcribed
relatively evenly over the diel cycle, with two peaks: one in the early morning at 05:00
and the other increasing during the day from 07:00 to 15:00. At 05:00, genes encoding
acetate/CoA ligase (Cagg_3789), which catalyzes the production of acetyl-CoA from
acetate, also showed significantly higher relative transcription levels (Table S5). The two
TCA-affiliated gene groups showed only small differences in their relative transcription
patterns. After a small peak at 06:00 for all TCA-related genes, the relative transcription of
the ‘TCA+3-OHP’ genes had already increased at 07:00, whereas the relative transcription
levels of the ‘TCA-only’ genes were low at that time and showed a small increase later in
the morning (Figure 8).

3.8. Transcription of Oxygen Protection Genes

Genes for two oxidative stress-protection enzymes present in the C. aggregans genome
were analyzed in this study: superoxide dismutase (Cagg_2494) and two copies of a glu-
tathione peroxidase (1: Cagg_0324 and 2: Cagg_0446). Transcripts for the enzymes showed
their highest relative transcription levels during the daytime, when both O2 and light were
present (Figure S3). The gene encoding superoxide dismutase, i.e., an enzyme-detoxifying
reactive oxygen species, exhibited a second peak of relative transcripts in the early morning
(at 05:00), when cytochrome c oxidase genes were also highly transcribed (see Section 3.4
above, “Phototrophic and Respiratory Electron Transport”). Glutathione peroxidase re-
duces lipid hydroperoxides to their corresponding alcohols and reduces free hydrogen
peroxide to water. Significant high relative transcription levels of glutathione peroxidase-
encoding genes in C. aggregans were observed at 11:00 (Figure S3), thus indicating the
possible presence of not only O2 but also hydrogen peroxide.

Hydrogen peroxide is produced as a by-product in the oxidation of glycolate to glyoxy-
late by glycolate oxidase [66]. The encoding genes (glcDEF, Cagg_1528, Cagg_1530–1531,
and Cagg_1892–1893) showed patterns similar to that of glutathione peroxidase, with the
highest relative transcription levels during midday, indicating both the presence of glyco-
late in the mat environment and its oxidation by C. aggregans (Figure S3). The oxidation of
glycolate may be linked to a photoheterotrophic metabolism, which is further supported
by the high relative transcript levels for genes encoding glycoside, sugar, and amino acid
transporter genes during this time under high-light conditions (Figures S4 and S5).

4. Discussion

4.1. Light and O2 Dynamics Shape the Environmental Conditions for C. aggregans

The results of microsensor analyses revealed a strong correlation between solar irradi-
ance and the O2 concentration and penetration depth in the cyanobacterial microbial mats
from Nakabusa Hot Springs (Figure 2). Since no increase in O2 concentration was observed
in the bottom layer lower than 1mm in depth, oxygenic cyanobacteria was supposed to be
absent in the undermat as supported by the Martinez et al. [13]. The diel changes between
anoxia and hyperoxic conditions driven by the oxygenic activity of cyanobacteria lead
to drastic changes in the conditions for their microbial metabolism. Consequently, mat-
inhabiting microbes may be under optimal conditions during only part of the diel cycle,
and may need to endure unfavorable conditions at other times. Under such conditions,
a versatile metabolism is thought to be advantageous in terms of ensuring continuous
energy production under dynamic environmental conditions. In the following sections it is
discussed how Chloroflexus aggregans use their metabolic flexibility to thrive in the highly
variable conditions in the microbial mat over a diel cycle.

4.2. Low Light and Low O2 Dominated the Morning Hours (07:00)

After sunrise, although no direct sunlight hit the mats, the irradiance from diffuse
light increased and stimulated cyanobacterial oxygenic photosynthesis, as indicated by the
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increasing O2 concentrations at the mat surface as well as the significant increase in the
relative transcription levels of genes for protection against reactive oxygen species in C. ag-
gregans. However, deeper mat layers were still anoxic, which in combination with low-light
conditions seems to provide suitable conditions for anoxygenic photosynthesis by FAPs
such as Chloroflexus spp. [67]. The increasing transcription of genes encoding housekeeping
enzymes suggested increasingly active metabolism (anabolism) in C. aggregans (Figure S2).
In the morning, the transcription of the phototrophy-affiliated ACIII Cp gene increased
slowly and the transcription levels of genes for ACIII Cr, aurA and cytochrome c oxidase
decreased, which in combination indicate active phototrophy. Photoheterotrophy of C. ag-
gregans is suggested by increases in the transcription of TCA-related genes, probably using
fermentation products in the mats that accumulated during the nighttime, as reported
in similar hot spring systems in Yellowstone National Park [68–72]. At the same time,
photoautotrophy (and thus photomixotrophy) is indicated by the increased transcription
of key 3-OHP genes, probably supported by anaplerotic carbon fixation as indicated by the
increased transcription of phosphoenolpyruvate carboxylase genes (Figure 6).

Unexpectedly, neither molecular hydrogen nor sulfide seems to function as an elec-
tron donor for autotrophic growth at this time, as neither hyd nor sqr genes were highly
transcribed. In contrast, a significant increase in the relative transcription levels of cox gene
transcription was seen starting at 07:00, indicating that carbon monoxide is a potential elec-
tron source for photoautotrophic metabolism in the early morning, as hypothesized for the
CO utilization of Roseiflexus spp. and C. aurantiacus based on the genomic analysis [11,37].

4.3. High-Light and Super-Oxygenated Midday Hours (11:00)

Oxygen started to accumulate in the upper mat layers from around 09:00 and with
time also accumulated in the deeper mat layers. Hyperoxic O2 levels (>800 μmol O2 L−1)
were observed in the uppermost mat layers and O2 penetration reached a >2 mm depth un-
der high irradiance (approx. 1000–1500 μmol photons m−2 s−1; 400–700 nm) between 10:00
and 14:00. The relative transcription levels of genes encoding DNA gyrase, DNA/RNA
polymerase and ATP synthase peaked at the same time (Figure 5 and Figure S2), indicat-
ing active growth and energy production of C. aggregans during midday high-light and
oxic conditions.

In the laboratory, C. aggregans and other FAPs have long been known to grow chemo-
heterotrophically via oxic respiration under aerobic dark conditions [2]. Additionally,
aerobic growth in the light has been shown for C. aurantiacus only very recently [73]. In the
present study, despite the presence of O2 in the upper 2 mm of the mat during this period
of the day, there was no indication of chemoheterotrophic growth or aerobic respiration.
These results suggest the absence of both active glycolysis (as indicated by low relative
transcription of the ‘bacterial’ type of the 6-phosphofructokinase gene) and aerobic respira-
tion (as inferred from the transcription data of cytochrome c oxidase genes and the ACIII
Cr genes). In contrast, active phototrophy in the presence of O2 is suggested by the high rel-
ative transcription levels of genes involved in electron transport, including ACIII Cp, aurB,
and the TCA cycle. Structural analyses indicated that AurA and AurB in C. aurantiacus are
active during phototrophic growth and chemotrophic growth, respectively [74]. In contrast,
the transcription of aurB under phototrophic conditions in this study is consistent with the
data obtained in a proteomic study of C. aurantiacus in which AurA was more abundant
during chemoheterotrophic growth, while AurB was observed under photoheterotrophic
conditions [45]. While the phototrophic growth under aerobic conditions correlates with
earlier laboratory studies demonstrating that O2 did not inhibit energy transfer between
the chlorosomes and the reaction center in C. aurantiacus [75].

However, bacteriochlorophyll biosynthesis in C. aurantiacus was long believed to be in-
hibited by O2, and enzymes involved in the biosynthesis were only detected or significantly
increased in cultures grown under anaerobic phototrophic conditions [45]. Accordingly,
metatranscriptomic studies of alkaline hot spring microbial mats in Yellowstone National
Park showed that the transcripts of most of the genes involved in the biosynthesis of
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BChls in different FAPs, including Chloroflexus spp., were the most abundant at night [23].
Inhibitory effects on the biosynthesis of the photosynthetic apparatus under aerobic condi-
tions in C. aurantiacus were also shown in the laboratory [76]. In contrast, transcription of
phototrophy-related genes under aerobic light conditions were shown for C. aurantiacus
only very recently [73].

In accordance with the expectation that oxygen represses the biosynthesis of pho-
totrophic apparatus and pigments, nocturnal transcription patterns of the photosynthetic
apparatus-related puf and csm genes were also observed in the present study and might
be negatively correlated with the increasing O2 concentrations in the environment. In
contrast, many of the bch genes were observed to be transcribed during the day, with the
majority showing the highest relative transcription levels at 11:00. This correlates with a
recent study of C. aurantiacus showing biosynthesis of BChl a and c under anaerobic as
well as aerobic conditions in the light, while being suppressed in the presence of O2 in the
dark [73]. This finding supports the hypothesis that C. aggregans in Nakabusa Hot Springs
cyanobacterial mats can produce BChls for phototrophic growth under aerobic conditions
during the daytime.

The high relative transcription levels for glutathione peroxidase-encoding genes dur-
ing the midday not only reflect high O2 levels in the environment; they might also indicate
high H2O2 levels, since the main function of this enzyme is to reduce lipid hydroperoxides
to their corresponding alcohols and to reduce free hydrogen peroxide to water [77,78]. Hy-
drogen peroxide can be formed via photochemical reactions with dissolved organic carbon
in hot spring waters [79], and H2O2 is produced as a byproduct of the oxidation of glycolate
(to glyoxylate) [66], which has been shown to be present under high-light conditions in hot
spring microbial mats, presumably produced by photoinhibited cyanobacteria [69]. The
presence of glycolate and its oxidation at this time of day (11:00) is further suggested by
the gene transcription pattern of glycolate oxidase genes, which showed patterns similar
to those of the glutathione peroxidase, with highest relative transcription levels during
the midday (Figure S3). Glycolate oxidase transcription activity supports the hypothesis
that Chloroflexus species photoassimilate the glycolate supplied by the cyanobacteria in
such microbial mats [80]. This indicates a photoheterotrophic metabolism for C. aggregans,
which is further supported by the high relative transcript levels for glycoside, sugar, and
amino acid transporter genes during high-light conditions (Figures S4 and S5).

Carbon monoxide (CO) might function as an electron and/or carbon source under
aerobic conditions during this time of day, as aerobic carbon monoxide dehydrogenase
genes are found to peak at midday [23]. The transcription profile of carbon monoxide
dehydrogenase genes was related to the transcription pattern of the phosphoenolpyruvate
carboxylase gene (Figure 6), which indicates that CO might be converted to CO2, which then
is incorporated by the phosphoenolpyruvate carboxylase-catalyzed anaplerotic reaction
(phosphoenolpyruvate to oxaloacetate). In Thermomicrobium roseum, an obligately aerobic
chemoheterotroph in the phylum Chloroflexota, carbon monoxide dehydrogenase is utilized
to produce ATP and NADPH under aerobic conditions [81]. It is speculated that C. aggregans
may use CO for both anaplerotic carbon fixation and supplemental energy production in
the presence of O2 due to the limitation of available CO2 caused by active cyanobacterial
photosynthetic carbon fixation.

Two gene clusters encoding the “respiratory” complex I (NADH:menaquinone oxi-
doreductase, nuo genes) are present in C. aggregans and C. aurantiacus [54,82], as well as
in the red FAP species Roseiflexus castenholzii and Roseiflexus sp. RS-1 (acc. nos. CP000804
and CP000686, respectively [23,37]). To our knowledge, neither of these clusters has been
affiliated with phototrophic electron transport. The different relative transcription patterns
obtained in the present study might indicate that the 14-gene set is used primarily in photo-
synthesis and the 12-gene set is used primarily in respiratory electron transport. However,
two sets of nuo operons have also been described for other, non-phototrophic bacteria
such as Ignavibacterium album [83] and “Candidatus Thermonerobacter thiotrophicus” [18],
which might indicate specification to different O2 levels rather than phototrophic versus
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respiratory electron transport. If true, this might indicate a potential higher O2 tolerance
for the 14-gene set and a higher oxygen affinity for the 12-gene set. Because these results
indicate that chemoheterotrophic, respiratory metabolism does not take place during high-
light and superoxic conditions at midday, when the 14-gene set is highly transcribed, it is
hypothesized that this NADH:menaquinone oxidoreductase plays a role in phototrophic
electron transport, perhaps by donating electrons from NADH similar to as it has been
proposed to be the case in the cyclic electron transport chain in heliobacteria [84]. However,
further biochemical analyses are required to precisely determine the different functions of
the two NADH: menaquinone oxidoreductases in Chloroflexus.

4.4. Low Light and Low O2 Dominated the Afternoon Hours (15:00–16:00)

In the afternoon, a substantial decrease in solar irradiance and O2 was observed after
14:00, as the sun set behind the surrounding mountains. Between 15:00 and 16:00, O2 was
still detected only in the upper layer of the mat (Figure 2), and C. aggregans is hypothesized
to experience microaerobic conditions enabling aerobic chemoheterotrophic metabolism,
as indicated by the high relative transcription levels of TCA cycle, ACIII Cr, aurA, and
cytochrome c oxidase-encoding genes (Figures 4, 5 and 8).

Simultaneously, high relative transcription levels of the gene encoding the O2-sensitive
version of Mg-protoporphyrin monomethylester cyclase, bchE, indicated that part of the
C. aggregans population was exposed to anoxic conditions, at least in the deeper mat
layers, as supported by the microsensor data of the vertical O2 distribution in the mat
(Figures 2 and 3). High relative transcription levels of genes involved in the 3-OHP bi-cycle
suggest autotrophic growth, especially under anaerobic conditions, where sulfide and/or
H2 is available [85]. Sulfide concentrations are expected to rise under anaerobic conditions
due to biological sulfate-reduction, as was similarly shown for the bacterial community of
Mushroom Spring in Yellowstone National Park [86]. The sulfide oxidation capabilities of
C. aggregans in the Nakabusa mats are supported by high relative transcription levels of sqr
for utilization of sulfide as an electron donor [87]. At the same time, uptake hydrogenase
genes are transcribed, pointing to the use of molecular hydrogen for autotrophic growth
(Figure 7). However, although anoxic low-light conditions were prevalent in the deeper
layers of the microbial mats for approx. 2 h before sunset, phototrophy does not seem to
be the predominating metabolic growth mode during this time of day, as the decreasing
relative transcription levels of ACIII Cp suggest. Thus, sulfide- and H2-oxidizing enzymes
of C. aggregans may be employed for aerobic chemoautotrophic metabolism instead, or
additionally for photoautotrophic metabolism at dusk, as suggested by the transcriptional
peaks of ACIII Cr, aurA and cytochrome c oxidase (Figures 4 and 5).

4.5. Dark and Anoxic Nighttime Hours (17:00–19:00, 23:00, 02:10)

After 17:00, the microbial mat community experienced dark and anoxic conditions.
The low relative transcription levels for housekeeping genes such as DNA gyrase and
DNA/RNA polymerases indicate low metabolic activity of C. aggregans during this period.
The low transcription values for transporter genes support this conclusion. The electron
transport gene transcripts for both phototrophy and respiration as well as for the ATP-
synthase genes were low. The unidirectional glycolysis enzyme 6-phosphofructokinase
gene showed significant changes towards high relative transcription levels at the beginning
of the night while TCA cycle-related gene transcriptions were low, suggesting fermentative
metabolism and possibly the degradation of internal glycogen storage. This has been
shown for C. aurantiacus in the laboratory [56] and has been suggested for FAPs inhabiting
hot spring microbial mats in Yellowstone National Park [23]. High relative transcription
levels of a bi-directional hydrogenase further support the fermentative growth mode and
the potential production of H2 by C. aggregans during the night. This is in accordance with
the recent detection of H2 production under fermentative conditions (dark, anaerobic) in C.
aggregans strain NA9-6 (unpublished data).
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4.6. Early Morning Hours (05:00)

Under dark, anoxic conditions in the early morning hours, an unexpected significant
increase in the relative transcription of genes encoding the respiratory chain components
(respiratory complexes I, II, and IV and ACIII Cr) as well as ATP-synthase was observed.
It is suggested that the transcription of these genes is indicative of the occurrence of
chemotrophic growth involving O2 respiration at that time of day. Although the microsen-
sor measurements showed no presence of O2 in the mats until later in the morning, the
transcription of genes encoding enzymes involved in O2 protection, such as superoxide
dismutase and glutathione peroxidase, indicated a (micro)aerobic environment for C. ag-
gregans at that time of day, and trace amounts of O2 were detected at the very surface
throughout the night. As C. aggregans is known to have gliding motility and chemotaxis
toward reduced O2 concentrations [2,88–91], it is speculated that C. aggregans migrates
from anaerobic deeper layers to the micro-oxic surface layers in the early morning, in which
a diffusive supply of O2 from the overlying water leads to microaerobic conditions during
the nighttime, as has been suggested previously [23,92].

Similar to the ACIII Cr operon, the genes of the ACIII Cp operon, presumed to be in-
volved in phototrophy, were also highly transcribed at 05:00. However, active phototrophy
is ruled out due to the lack of light. Because the red filamentous anoxygenic phototrophic
members of Chloroflexota—i.e., Roseiflexus spp.—contain only one copy of Cp-like ACIII
genes, which are predicted to work under both phototrophic and chemotrophic condi-
tions [23], the Cp-related genes in C. aggregans might also function under chemotrophic
growth in the mats.

A capacity for chemoautotrophic growth was very recently observed in Chloroflexus
spp. isolates obtained from Nakabusa Hot Springs microbial mats [8]. The high relative
transcription levels of hyd uptake hydrogenase and Ni-transporter genes further suggest
the use of H2 as an electron donor for the aerobic chemoautotrophic growth in the microoxic
surface layers of the cyanobacterial mats around 05:00. Additionally, the high transcription
levels of genes for the TCA cycle and acetate/CoA ligase—the latter of which catalyzes
the production of acetyl-CoA from acetate—indicate that acetate, supplied mainly from
the fermentation of co-existing microbes as shown in similar mats in Yellowstone National
Park, might be taken up at this time of day [22,68,93,94] (Table S5). This points to the
possibility of an assimilation of acetate in addition to the purely autotrophic metabolism,
suggesting the chemomixotrophic lifestyle of C. aggregans during predawn.

5. Conclusions

This study suggests that C. aggregans uses its metabolic flexibility and capability
for both phototrophic and chemotrophic growth to optimize its performance under the
varying environmental conditions in its natural habitat, the microbial mat community
at Nakabusa Hot Springs. The main ATP-generating and thus metabolically most-active
times are not only the high-light hours around midday (phototrophy), but—most notably—
also the early morning hours around 05:00, when the cells are hypothesized to conduct
chemomixotrophic growth (Figure 9).

Genes for the biosynthesis of the photosynthetic apparatus are predominantly tran-
scribed during the night; however, photosynthesis is active during the light hours in the
morning, midday and afternoon. Under low O2 concentrations in the dim morning light
(≤100 μmol photons m−2 s−1), photoauto/mixotrophic metabolism potentially using CO
as an electron donor is suggested to be the major energy source for C. aggregans in the
cyanobacteria-dominated mats. Later on, under midday high-light conditions, intense
oxygenic photosynthesis by cyanobacteria renders the upper millimeters of the microbial
mat highly oxic. However, O2 respiration in C. aggregans does not seem to take place under
these conditions. Instead, photoheterotrophic growth (and the assimilation of glycolate)
is most likely the dominant lifestyle, supplemented with a certain degree of anaplerotic
CO2 fixation. In the afternoon, under anaerobic light conditions, photoautotrophic or
photomixotrophic growth with sulfide and/or H2 as the electron donor takes place in the
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deeper mat layers, and aerobic respiration and chemoheterotrophic growth are hypoth-
esized for the cells in the upper layers. At nighttime, chemoheterotrophic fermentative
growth and the production of H2 may take place. In the late-night/early morning hours, at
around 05:00, Chloroflexus migrates to the mat surface and undergoes mixotrophic growth
with H2 and O2 prior to sunrise, after which C. aggregans switches back to phototrophy.

 

Figure 9. Proposed diel growth modes of C. aggregans (indicated by brown filaments) in cyanobacterial mats based on in
situ metatranscriptomic and microsensor analyses in the cyanobacterial mats of Nakabusa Hot Springs. The green area
represents the green upper layer containing oxygenic phototrophs (i.e., cyanobacteria), while the orange area corresponds
to the orange colored undermat. The black curvy line indicated the overflowing water surface.
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